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Lipase-Specific Foldases
Frank Rosenau,[a] Jan Tommassen,[b] and Karl-Erich Jaeger*[a]


Lipases represent the most important class of enzymes used in
biotechnology. Many bacteria produce and secrete lipases but the
enzymes originating from Pseudomonas and Burkholderia species
seem to be particularly useful for a wide variety of different
biocatalytic applications. These enzymes are usually encoded in an
operon together with a second gene which codes for a lipase-
specific foldase, Lif, which is necessary to obtain enzymatically
active lipase. A detailed analysis based on amino acid homology


has suggested the classification of Lif proteins into four different
families and also revealed the presence of a conserved motif,
Rx1x2FDY(F/C)L(S/T)A. Recent experimental evidence suggests that
Lifs are so-called steric chaperones, which exert their physiological
function by lowering energetic barriers during the folding of their
cognate lipases, thereby providing essential steric information
needed to fold lipases into their enzymatically active conformation.


1. Introduction


In his pioneering work, Anfinsen demonstrated that the amino
acid sequence of a polypeptide determines its three dimensional
structure.[1, 2] However, Anfinsen also stated that protein folding
might be influenced by other large molecules present in the
same solution, which could include the same or other protein
species or antibodies capable of intermolecular interactions.[2]


The fact that a 100-amino-acid protein can adopt 1030 different
conformations indicates that the theoretical number of possible
conformations of a given protein is incredibly high. Although
most of these conformations are wrong and unproductive, they
can be stabilized by nonproductive interactions of the newly
synthesized proteins with other cellular components. In living
cells, such non-specific side reactions are prevented by two
classes of folding modulators that have mainly been studied in
bacteria :
1) Molecular chaperones, such as the DnaK-DnaJ-GrpE- or the


GroEL-GroES- systems, which suppress off-pathway aggrega-
tions and facilitate proper folding by ATP-dependent cycles of
binding and release of folding intermediates. The role of
these intracellular molecular chaperones will not be descri-
bed in this article; their structure and function has been the
subject of several excellent review articles.[3±6]


2) Folding catalysts or foldases accelerate rate-limiting steps
along the protein folding pathway.
Some proteins require the formation of the correct isomeric


state of a certain peptide bond, for example, between a proline
and its neighbouring amino acid. Such isomerization reactions
are catalyzed by specific peptidyl-prolyl cis/trans isomerases
(PPIases).[7] Furthermore, several proteins including extracellular
enzymes often require the correct formation or isomerization of
disulfide bonds, which is catalyzed in bacteria by periplasmic
thiol-disulfide oxidoreductases named Dsb proteins.[8±11] Another
unique class of chaperones exerts its function in the bacterial
periplasm where they assist the correct folding of specific target
proteins including bacterial pilus subunits,[12, 13] proteases[14] and
lipases.[15] The PapD-like superfamily of chaperones has been


extensively studied.[13] The X-ray structure of PapD itself, which is
required for the assembly of P pili, was solved in a complex with
its substrate, PapK.[16] The N-terminal propeptides of several
proteases, including subtilisin, have been identified as intra-
molecular chaperones [IMCs], which mediate folding of their
corresponding protease.[17] Upon binding to their cognate
protease, the propeptides provide steric information required
for proper folding of the enzymes. In addition, by binding to the
enzymes' active site, they act as inhibitors, preventing premature
protease activity before the enzyme is released in the extra-
cellular medium. Similar observations were made with elastase
from Pseudomonas aeruginosa, which possesses a propeptide
that is essential for folding and secretion of the LasB protease.
Like its �-lytic protease counterpart, the LasB propeptide is
functional both in cis and in trans of the protease.[18, 19]


About a decade ago, it was found that the extracellular lipase
gene lipA in the Gram-negative bacterium Burkholderia cepacia
(at that time known as Pseudomonas cepacia) was encoded in an
operon together with a second gene that was named lipB and
shown to be necessary to lipase activity.[20] In the following years,
several other LipB-like proteins were discovered in other Gram-
negative bacteria and they all assisted the correct folding of their
cognate lipases. Therefore, they were named Lifs to indicate that
they constitute a unique class of lipase-specific foldases.[15] Lifs
are of outstanding interest because they are needed to fold the
most important class of enzymes used in biotechnology and
synthetic organic chemistry.[21] Besides the fungal lipases from
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Candida antarctica, Rhizomucor miehei, and Candida rugosa, the
bacterial enzymes originating from Pseudomonas and Burkhol-
deria species seem to be particularly useful for a wide variety of
different biocatalytic applications including the enantioselective
production of alcohols, amines, and carboxylic acids.[21±25] The
production of enzymatically active lipases requires not only the
presence of a cognate Lif but also the functional assistance of


about 30 different cellular proteins before they can be recovered
from the culture supernatant, indicating that folding and
secretion of lipases, at least in these bacteria, are highly specific
processes.[26]


2. Lif Proteins in Gram-Negative Bacteria


Lipases originating from Burkholderia and Pseudomonas species
have been classified into subfamilies I.1 and I.2,[27] mainly based
on differences in amino acid sequence homology. These lipases
fold in the periplasm into an enzymatically active conformation
and are subsequently transported through the bacterial outer
membrane (see Figure 1) by means of a complex machinery
consisting of up to 14 different proteins.[28] In P. aeruginosa, this
so-called type II secretion machinery or ™secreton∫ is built from
12 Xcp proteins and is required for the outer membrane
translocation of several exoenzymes, among them exotoxin A,
two phospholipases C, elastase LasB, and the lipases LipA and
LipC.[29, 30] These enzymes first cross the cytoplasmic membrane
by using either the Sec- or the Tat-pathway.[31] Then, they fold
into an enzymatically active conformation in the periplasm,
before they are translocated through the outer membrane.[32±34]


However, to achieve a secretion-competent conformation,
lipases require specific intermolecular folding catalysts, the Lif
proteins.[15, 26] These foldases are usually encoded in the same
operon together with their cognate lipases and have been
identified in several Pseudomonas strains ,[35, 40] B. cepacia,[20] B.
glumae,[41, 42] Acinetobacter calcoaceticus[43, 44] and Vibrio choler-
ae.[45] In addition, genes for Lif-related proteins are found in
Pseudomonas mendocina, Vibrio vulnificus and the plant patho-
gens Ralstonia metallidurans and Xylella fastidosa. However,
these proteins have only been identified in genome sequences
by their homology to other Lif proteins, and there are currently
no further experimental data available about their function.
Interestingly, a lipase operon from P. fragi has been annotated
which not only codes for a putative Lif but also for a novel lipase.
This lipase differs significantly from the well-characterized P. fragi
lipase, which does not require a Lif protein for folding.[46, 44]


Lifs represent a unique family of proteins without any
significant homology to other classes of proteins. Some years
ago, nine existing Lifs were classified into three distinct
families.[44] Although Lifs from distantly related species share a
significant degree of sequence similarity (see Figure 2 and
Table 1], the level of sequence identity between members of this
family is low, and we have identified only eight amino acid
residues that are highly conserved in all known Lifs (Figure 2a).
In analogy to the previously published classification of Pseudo-
monas and Burkholderia lipases,[27] we propose here to classify
Lifs into four distinct families I-IV (Figure 2b and Table 1): family I
comprises Lifs from P. aeruginosa, P. mendocina, P. wisconsinensis
and P. alcaligenes ; family II comprises Lifs from B. cepacia, B.
glumae, P. fragi, X. fastidosa and R. metallidurans, and family III Lifs
from Acinetobacter calcoaceticus. Lifs from Pseudomonas sp.
strain KFCC10818,[40] V. cholerae[45] and V. vulnificus form family IV,
because these proteins differ significantly from all other Lifs in
size (279, 284 and 280aa) and amino acid sequence [Figure 2].
Prediction algorithms (PHD available on www.expasy.org[47] )
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revealed that all Lifs seem to posses a very similar secondary
structure, which is almost exclusively composed of �-helical
(70%) and random coil (30%) elements. This structural con-
servation might be indicative not only of a common 3D
structure, but also of the conservation of the catalytic mecha-
nism.


The presence of a predicted hydrophobic transmembrane
segment close to the N-terminus is a common feature of all Lifs
(Figure 2a). Localization studies revealed that this segment
anchors Lif to the bacterial inner membrane with almost the
entire protein exposed to the periplasm.[42, 48] N-terminally
truncated or modified Lifs still keep their ability to catalyze the
folding of lipases indicating that the membrane anchor itself is
not needed for the folding activity in vitro.[49±51] Moreover, we
have constructed Lifs fused to cleavable signal sequences
allowing their Sec-dependent translocation into the periplasm.
Both P. aeruginosa and B. glumae Lif fusions were still able to
activate their cognate lipases when they were expressed in the
homologous host strain[52] . The uncleavable membrane anchor
of Lifs may serve to prevent their secretion in complex with the
lipases by the Xcp machinery.[52] Adjacent to the membrane
anchor domain lies a proline- and alanine-rich stretch of amino
acid residues with high sequence variability covering about 20%
of the entire Lif protein. The family IV Lifs form an exception
because they contain a large deletion in this region [Figure 2a].
Possibly, the main function of this segment is only to allow the
C-terminal domain to protrude sufficiently from the membrane
into the periplasm. In the large C-terminal domain of the Lifs, a
more pronounced homology is observed. Several lines of


evidence suggest that this domain is needed for
interaction with the lipase and hence harbours the
folding activity:
1) P. aeruginosa and B. cepacia Lif variants lacking


almost the entire N-terminal domain (61 and 67
residues, respectively) were still functional in
vitro.[49, 50]


2) After trypsin digestion of a B. glumae Lif ± lipase
complex formed in vitro, a 26 kDa Lif fragment
was released which had lost the N-terminal 76
amino acid residues of the native Lif.[52] Since the
Lif was completely degraded by trypsin in the
absence of lipase, this result suggested that the
large C-terminal domain had been protected in
the complex by its interaction with the lipase.


3) Random mutagenesis experiments with the P.
aeruginosa lif gene provided preliminary informa-
tion about residues essential for Lif activity. Upon
coexpression of a lif mutant library together with
the lipase in Escherichia coli, inactive Lif variants
were identified carrying mutations at positions
Y99 and S102, both located in the C-terminal
domain.[53] Interestingly, these positions are part
of the conserved motif Rx1x2FDY(F/C)L(S/T)A (Fig-
ure 2a), which we have identified to be present in
Lifs of families I and II. Further mutagenesis
studies are required to elucidate the role of this
conserved motif in the folding process.


3. Physiology of the P. aeruginosa and B. glumae
Lifs


3.1 Lipase ± Lif interaction


The role of Lifs in the activation of lipases is difficult to
investigate in vivo because folding and secretion seem to be
tightly coupled cellular processes. The currently available knowl-
edge mainly originates from genetic approaches, namely
expression studies of different lipase/Lif systems in heterologous
hosts. In addition, several experiments have been performed in
vitro by using purified lipases and Lifs. These studies have clearly
demonstrated that Lifs and their cognate lipases form stable
complexes that can be copurified, coimmunoprecipitated or
chemically cross-linked,[51, 54, 55] and that Lifs can mediate refold-
ing of chemically denatured lipase in vitro.[37, 39, 48, 49, 56, 58]


A lipase gene and its cognate foldase gene usually form an
operon suggesting a 1:1 ratio for both lipase and Lif expression.
However, Northern blot analysis indicated that the primary
transcripts of the B. glumae and P. aeruginosa lipase operons
were subsequently processed leading to a major fragment
corresponding to the lipase gene transcript only, whereas the lif
part of the transcript seemed to be degraded.[42, 48] In fact, Lif
proteins in P. aeruginosa and B. glumae were produced in
significantly lower amounts than their cognate lipases. The same
is true for the P. alcaligenes Lif, which led to the assumption that
Lifs might act as multiturnover catalysts within the lipase-folding
pathway.[52, 59] However, in vitro experiments revealed a 1:1


Figure 1. Folding and secretion of Pseudomonas aeruginosa lipase. a) The lipase (indicated in
blue) is synthesized as a precursor protein with an N-terminal signal sequence in the cytoplasm. It
is directed to the inner membrane (IM) and translocated to the periplasm (PP) by the Sec-
translocase complex of which SecY, E and G are the main components.[75] b) After the unfolded
protein has passed the inner membrane, and the signal sequence is removed by signal peptidase,
interaction with its Lif protein assists the lipase to adopt its enzymatically active conformation.
This folding process is further assisted by accessory folding catalysts, for example, the Dsb
proteins, which catalyse the formation of disulfide bonds.[9, 10] c) Finally, after folding is
completed, the lipase is secreted across the outer membrane (OM) by the type II secretion
machinery composed, in P. aeruginosa, of the Xcp proteins. These form a multisubunit
translocation complex consisting of IM proteins and a number of so-called ™pseudopilins∫, which
supposedly form a periplasmic pilus-like structure that pushes lipase and other exoproteins
through the outer-membrane pore formed by the secretin.[28, 33, 76] d) Alternatively, if correct
folding fails, misfolded lipase is degraded by several periplasmic proteases.
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stoichiometry for lipase ± Lif complexes during the activation
process suggesting that Lifs function as single-turnover cata-
lysts.[51, 55] Further evidence for this assumption was obtained by
an in vivo approach in which the lipase ± Lif system of B. cepacia
was expressed in E. coli. The expression of the lip and lif genes
was induced separately, and active lipase could only be obtained
when Lif was synthesized first, that is, lipase expression was
induced with a delay.[60] Moreover, when Lif expression was


stopped, the lipase activation kinetics followed a sigmoidal
curve, strongly indicating that Lif was used up during the folding
reaction.[60] A possible explanation for these discrepancies is that
Lif and lipase form a stable complex, which is only disrupted
upon the secretion of lipase. Thus, in vitro or in E. coli, which
does not possess an active type II secretion pathway, Lif remains
associated to the lipase, allowing it to fold only a single lipase
molecule. Nevertheless, the amount of Lif seems to be rate


Figure 2. Sequence comparison of the families I ± IV of Lif proteins. Sequences were retrieved from protein and nucleotide databases by means of the Entrez server at
NCBI (http://www.ncbi.nlm.nih.gov/Entrez/). Sequence -similarity searches were performed with the Blast 2.0 program.[77] Sequence comparison, sorting and alignment
were obtained with the Match-box server[78] and the ClustalW program[79] by using the BLOSUM62 similarity matrix.[80] Further analysis and final presentation were done
with the BioEdit program Version 5.0.9.[81] The phylogenetic tree was prepared by using the Megalign program from the Lasergene DNASTAR software package
(DNASTAR, Madison, WI, USA). A. Sequence alignment of the Lif proteins. Families I ± IV are grouped by solid black lines. Hydrophobic transmembrane segments were
predicted by using the SAPS statistics software and are marked by light red boxes. Residues conserved in more than two families are marked with black boxes, and
similar residues conserved in at least two families are shaded in yellow. Similarity shading was also based on the BLOSUM62 similarity matrix. The conserved residues
Y99 and S102 identified as essential for P. aeruginosa Lif function are marked with blue asterisks. B. Phylogenetic tree. The tree is based on the 355-residue alignment
shown in A. The length of the branches represents the distance between the sequences of Lifs from each pair of bacterial strains. The numbering at the bottom represents
amino acid substitution events. A. calcoaceticus BD413 (A.cal.BD413), A. calcoaceticus RAG1 (A.cal.RAG1), B. glumae PG1 (B.glum.), B. cepacia (B.cep.), P. aeruginosa
PAO1 (P.aer.PAO1), P. aeruginosa TE3285 (P.aer.TE3285), P. fragi (P.fragi), P. mendocina (P.mend.), P. pseudoalcaligenes (P.alc.), Pseudomonas sp. strain KFCC10818
(P.sp.KFCC), Pseudomonas sp. strain KWI-56 (P.spec.KWI56), P. wisconsinensis (P.wisc.), R. metallidurans (R.metall.), V. cholerae El Tor (V.chol.), V. vulnifucus CMCP6
(V.vuln.), X. fastidosa Temicula 1 (X.fast.Tem.1), X. fastidosa 9a5c (X.fast.9a5c).


Table 1. Classification of lipase-specific foldases from Gram-negative bacteria based on amino acid homology.


Family no. Origin of Lif Identity [%] Size Residues [kDa] Amino acid composition [%] Acc. number
hydrophobic charged
LIFVM KRED


I P. aeruginosa PAO1 100 340 (37.6) 25.0 26.2 CAA44998
P. aeruginosa TE3285 100 340 (37.7) 24.7 26.2 Q01725
P. pseudoalcaligenes 55 344 (37.9) 25.3 24.4 CAA02276
P. mendocina 51 335 (37.3) 26.9 25.1 AAM14702
P. wisconsinensis 30 352 (39.6) 24.1 25.6 O05938


II B. glumae PG1 100 353 (36.8) 19.0 21.8 Q05490
P. spec.KWI-56 57 344 (36.5) 19.5 21.8 P25276
P. fragi 56 344 (36.3) 20.1 22.7 E04514
B. cepacia 56 344 (36.4) 18.9 22.7 B39133
X. fastidosa Temicula 1 46 353 (40.0) 29.7 26.1 NP 778696
X. fastidosa 9a5c 46 350 (39.7) 30.6 26.0 NP 298472
R. metallidurans 29 351 (38.6) 19.9 24.8 ZP 00025702


III A. calcoaceticus BD413 100 343 (39.0) 25.4 21.6 Q43961
A. calcoaceticus (RAG1) 32 346 (38.6) 28.3 21.4 Q9X2S4


IV V. cholerae ElTor 100 284 (32.6) 24.3 21.8 NP 232621
V. vulnificus CMCP6 41 280 (31.8) 27.5 28.2 NP 761197
P. spec. KFCC10818 33 279 (33.3) 30.1 26.5 AAD22079
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limiting, since we have recently demonstrated that the cellular
expression level of Lif is an important bottleneck for the
production of lipase in P. aeruginosa and B. glumae. Over-
expression in trans of the lif genes in both strains resulted in a
considerable increase of extracellular lipase production.[58]


3.2 Lif specificity


Lifs have been shown to specifically activate only their cognate
lipases. When wild-type Lifs from B. glumae and P. aeruginosa
were coexpressed with the respective lipase from the other
species, lipase folding did not occur.[55, 52] However, domain
swapping of Lifs from P. aeruginosa and B. glumae resulted in
hybrid Lifs, which could activate B. glumae lipase only when they
contained a C-terminal segment of at least 138 amino acids of B.
glumae Lif.[52] This result again suggests that the C-terminal
domain is needed for the interaction of Lifs and lipases and may
therefore determine the Lif specificity.


Lifs and lipases originating from closely related species can
substitute for each other albeit with limited efficiency. When P.
aeruginosa Lif was expressed in P. aeruginosa together with the
lipase from P. alcaligenes, enzymatically active lipase was formed
and secreted.[52] The same result was obtained when Lif-lipase
combinations of P. aeruginosa and P. wisconsinensis were ex-
pressed from synthetic operons in P. aeruginosa, but B. glumae
lipase could not be activated by Pseudomonas Lif, irrespective of
expression in either P. aeruginosa or B. glumae [Rosenau et al. ,
unpublished].


3.3 Regulation of lif gene expression


Lipases and their cognate Lif proteins are usually encoded in the
same operon.[15] A remarkable exception was found in P.
aeruginosa, which encodes an extracellular lipase LipC with
51% similarity to the lipase LipA. Whereas there is no Lif-
encoding gene located in the vicinity of lipC, genetic studies
revealed that the expression of enzymatically active LipC is
strictly dependent on the presence of the Lif encoded in the lipA
operon.[30] Expression of the lipC gene in E. coli resulted in the
formation of inclusion bodies consisting of inactive LipC protein.
When partly purified LipC from these inclusion bodies was
subjected to in vitro refolding, enzymatic activity was observed
only in the presence of purified Lif indicating that this Lif
activates not only LipA, but also a second lipase, namely LipC
(Figure 3). Interestingly, the expression of both lipase genes is
differentially regulated in P. aeruginosa. A two-component
system and a general regulatory protein regulate the expression
of lipA.[26, 61] We have found that lipC is expressed also under
conditions where lipA expression is totally repressed [Rosenau
et al. , unpublished]. However, since the formation of enzymatic-
ally active LipC requires the presence of Lif, this result suggested
that the lif gene must be expressed independently from the
upstream-located gene lipA. As a consequence, the existence of
a novel promoter was predicted that should be located within
the lipA/lif operon. Transcriptional reporter gene fusions with the
E. coli �-galactosidase were constructed by using internal DNA
fragments from the lipA/lif operon. These constructs allowed us


Figure 3. In vitro activation of lipase LipC from P. aeruginosa by the Lif protein.
The lipase gene, lipC, was expressed from the pET22blipC vector [Rosenau et al. ,
submitted] and expressed in the commercially available T7 E. coli expression
strain, BL21(DE3) (Novagen, Madison). Lipase LipC inclusion bodies from crude
cell extracts were chemically denatured with 8M urea and subjected to refolding
with purified Lif as described for lipase LipA.[10] A. Refolding of LipC depends on Lif.
Crude cell extracts from E. coli BL21(DE3) harbouring the pET22b vector as
control, (VC), show no activity after refolding in the presence of Lif. Extracts from
cells expressing insoluble LipC denatured and refolded either in the absence of Lif
(LipC) or in the presence of bovine serum albumine (BSA) as negative control,
show only residual lipase activity. Significant lipase activity (specific activity, SA)
was however obtained in the presence of Lif during refolding. B. Kinetics of the
refolding experiments shown in Figure 3� A. Lipase activity was determined with
p-nitrophenylpalmitate as the substrate. Error bars represent the standard
deviation between three independent experiments.


to map the novel promoter to the 49-base pair intergenic region
separating lipA and lif (Figure 4). Subsequent primer extension
analysis performed with the lif mRNA has identified a transcrip-
tional start site in the intergenic region [Rosenau et al. , manu-
script in preparation]. A more detailed analysis of the 49 base
pair (bp) intergenic region between P. aeruginosa genes lipA and
lif, revealed a remarkable content of repeated DNA sequences
(Figure 4B). These direct and indirect repeats are predicted to
form mRNA with characteristic secondary structural features like
hairpin loops,[38] which may function as transcriptional termi-
nators or processing sites for mRNA degradative enzymes during
the expression of the lipase operon. Such intergenic hairpins
have also been found within the lip/lif operons of A. calcoace-
ticus[43, 44] and P. alcaligenes[59] and have been suspected to be
responsible for an increased production of lipase relative to Lif.


4. Molecular Mechanism of Lif Action


Chaperones that act by providing essential steric information to
their target proteins, rather than by preventing off-pathway
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Figure 4. Regulation of lif gene expression. A. The P. aeruginosa genes, lipA and
lif, form an operon separated by a 49 bp intergenic region that is regulated at the
transcription level by two independent promoters, P1 and P2. P1-directed
transcription depends on the alternative sigma factor �54 (RpoN), and requires the
presence of the two-component regulatory system LipQ/R;[61] the factors
activating P2 are not yet known. B. The 49 bp intergenic region located between
the translational stop codons of the lipA gene and the downstream translation
initiation codon of lif, contains direct and indirect repetitive sequences that
potentially produce mRNA with stable secondary structures (hairpins). Such
secondary structures may either influence the stability of the transcript or,
alternatively, function as transcription terminators. C. Internal fragments of the
lipase operon were used to create reporter gene fusions with the E. coli �-
galactosidase gene, in the fusion plasmid, pML5.[82] The latter constructs were
tested for promoter activity in P. aeruginosa. Although the known promoters, P1
and P2, preceeding the lipase operon were absent, the lif gene was still transcribed
at a significant level demonstrating that Lif protein can be produced
independently from its cognate lipase LipA. Error bars represent the standard
deviation from three independent experiments. �-Galactosidase activity is given
in Miller units.[83]


reactions, have been designated ™steric chaperones∫.[62, 63] Exam-
ples of steric chaperones include the propeptides of proteases,
the E. coli PapD-like chaperones involved in pilus assembly, and
the Lifs from Gram-negative bacteria.


The PapD superfamily of periplasmic chaperones is involved in
assembling bacterial pili from individual pilus subunits (pilins),
which fold in the periplasm and subsequently polymerize to
form a fiber-like structure. Pilins have an unusual immunoglob-
ulin (Ig)-like fold characterized by the absence of a C-terminal �-
strand present in canonical Ig-like folds. The absence of this �-
strand results in the exposure of a hydrophobic groove to


solvent.[16, 64] In a complex between a pilin and a PapD-like
chaperone, the Ig-like fold of the subunit is completed by a �-
strand provided by the chaperone.[16, 64] This interaction has been
named ™donor strand complementation∫; it stabilizes the pilins
and suppresses their unproductive polymerization within the
periplasm.[16, 64] Interestingly, the steric information missing in
the pilin can also be provided by fusing the � strand of the
chaperone to the C terminus of the pilin, which can then adopt a
stable conformation even in the absence of the chaperone.[65]


The stable complex of the chaperone and the pilin is resolved by
interactions between the complex and the outer membrane
translocation pore,[66] an event which initiates the subsequent
polymerisation of the pilus fiber thereby preserving energy for
the translocation of the assembled pilins across the mem-
brane.[67, 68]


Many bacterial proteases, including subtilisin from Bacillus
subtilis and �-lytic protease from Aerobacter enzymogenes, are
initially synthesized with N-terminal propeptides, which function
as intramolecular steric chaperones. In the case of �-lytic
protease, the protease domain alone folds into a stable molten
globule-like intermediate, which is, however, unable to convert
to the enzymatically active native state in a biologically relevant
time scale due to a large energetic barrier in the folding
pathway.[69, 70] It should be noted that an energetic barrier in the
folding pathway also implicates an energetic barrier for unfold-
ing. Thus, even though energetically disfavoured over the
thermodynamically more stable folding intermediate, the native
state is kinetically trapped and prevented from unfolding by a
substantial unfolding barrier.[70±72] The propeptide helps to
overcome the energetic barrier in the folding pathway. It
stabilizes the folding transition state and binds tightly to the
native state, which in turn shifts the equilibrium to the
propeptide/native state complex, since this complex is the
thermodynamically most stable state.[71] Subsequently, the
mature protease is released from this stable complex by
degradation of the propeptide due its own catalytic activity.[72]


The crystal structure of the propeptide/native state complex
revealed the presence of an extensively hydrated interface
between the propeptide and the protease domain.[73] It has been
proposed that the relevant event in the stabilisation of the
folding transition state and formation of the native state is the
extrusion of bound water molecules, thereby achieving a higher
degree of surface complementary between propeptide and
protease. The extrusion of ordered water molecules would also
increase the entropy of the system and explain the thermody-
namic stability of the complex.[71]


In vitro refolding experiments have revealed that B. glumae
lipase also folds in the absence of Lif into a stable native-like
conformation, as shown by CD spectroscopy. This inactive
conformation could be converted into the enzymatically active
form by the addition of Lif, indicating that this chaperone helps
lipase to overcome an energetic barrier in the productive folding
pathway.[51] Further interesting parallels between the folding
pathways of �-lytic protease and lipases include the apparent
stability of the folding intermediates, which were found to be
more stable than the native state indicating that the native
states are not at their minimum free energy.[51] The propeptide of
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�-lytic protease may contribute to expelling bound water
molecules, thereby increasing the overall surface area of
interaction and stabilizing the native conformation of the
protease. For the B. glumae and B. cepacia lipases, successful in
vitro refolding was described in the absence of Lif only when
40% glycerol was present in the refolding buffer.[51, 50] Glycerol is
also thought to stimulate hydrophobic interactions within
unfolded proteins.[74] However, refolding of P. aeruginosa lipase
under the same experimental conditions proved unsuccessful
unless Lif was added; this indicates that glycerol cannot be
regarded as a general substitute for Lifs.


Interestingly, a single amino acid substitution was sufficient to
create a self-folding variant of the lipase from Pseudomonas sp.
strain KFCC10818. This variant was identified in a library of
mutant lipase genes expressed in E. coli without the gene for the
cognate Lif and was able to achieve an enzymatically active
state.[40] The substitution probably lowers the energetic barrier in
the folding pathway. Although it is not known whether any of
the family I.1 and I.2 lipases[27] can be converted to Lif-
independent folding variants by substitution of a single residue,
one might speculate that such variants would have survived
evolution if it were desirable for the cell to produce an enzymati-
cally active lipase without the need for a specific chaperone.
However, the fact that this does not seem to be the case stresses
the importance of the Lif-dependent folding pathway. One
explanation is that a decrease in the folding pathway energy
barrier also implicates a lower energy barrier in the unfolding
pathway and, thus, decreased stability of the lipase. Such a lower
stability is disadvantageous, especially since most of the bacteria
producing family I.1 and I.2 lipases also produce potent
extracellular proteases, such as elastase in the case of P.
aeruginosa. In this respect, it will be interesting to determine
whether the Lif-independent lipase variant from Pseudomonas sp.
strain KFCC10818 has increased protease sensitivity.


An alternative explanation for the evolutionary conservation
of the Lif-dependent folding pathway is that Lifs are not only
needed for the folding of their cognate lipase but also have
additional functions within the living cell. It has been suggested
that Lifs, in analogy to the protease propeptides, may function as
lipase inhibitors after the folding is completed.[37] However,
unlike proteases, which have to be tightly controlled until they
have been secreted out of the cell, lipases exhibit no obvious
harmful activities, since bacterial membranes are mainly com-
posed of phospholipids, which are not substrates for lipases.
Furthermore, the in vitro refolding experiments yielded active
lipase that was still associated with the Lif ; this demonstrated
that the Lif did not inhibit lipase activity.[51] Another, more
probable function of Lifs apart from their folding activity is a
potential role in the secretion of lipases. In fact, a common
secretion signal present in all type II-secreted exoenzymes is not
yet known. It has been argued that this signal might be
composed of structural elements of both the secreted enzyme
and specific chaperones.[28] This would require an interaction of
the lipase-Lif complex with components of the secretion
machinery, which could in fact explain how the stable complex
is resolved in vivo, because, unlike protease propeptides, the
mature lipase cannot remove the Lif autoproteolytically.


5. Open Questions and Future Directions


Much knowledge has accumulated during the last few years
regarding the gene regulation, physiological function, and
potential mechanisms of Lif action. However, several important
questions remain to be answered to completely understand the
physiological role of Lifs and their potential application for the
improvement of lipase production:
1) Do Lifs also function as enzyme inhibitors, thereby, prevent-


ing their cognate lipases to become active in the periplasm,
and if so, what would be their natural cellular substrate?


2) What is the fate of Lifs after they have completed their foldase
function?


3) Do Lifs have, in addition to their role in the folding of lipase, a
direct role in secretion?


4) Do Lifs interact with other inner membrane proteins, for
example, those forming the secretion machineries?


5) What does the Lif crystal structure look like?
6) Why do lipases need Lifs, whereas many other �-�-hydrolases


fold without specific chaperones?
These questions indicate that research on Lif proteins will


undoubtedly be intensified during the coming years, and the
results will extend our knowledge on how living cells manage
efficient folding and couple this to secretion of proteins.
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Functional Changes in the Family of Type 3
Copper Proteins During Evolution
Elmar Jaenicke and Heinz Decker*[a]


Introduction


When life developed on earth, it happened in a reducing
atmosphere where oxygen was only a trace element. Thus, the
first cells and organisms produced metabolites necessary for life
under anaerobic conditions. Some 3500 million years ago some
bacteria began to meet their energy needs by photosynthesis.[1]


Dioxygen as well as its highly reactive derivatives, hydrogen
peroxide, superoxide anions, and hydroxyl radicals, were re-
leased as by-products and became a severe poison for the
hitherto anaerobic cells. To cope with these highly reactive
oxygen species and minimize the damage caused by them,
different kinds of enzymes emerged. These enzymes, such as
superoxide dismutase, catalase, peroxidase, monooxygenases,
and dioxygenases, react with oxygen to yield harmless end
products.
Many of these enzymes, such as tyrosinase (EC 1.14.18.1),


incorporate oxygen into organic compounds by hydroxylation.
This enzyme catalyzes two reactions, the hydroxylation of
phenolic compounds in the ortho position (cresolase activity)
and subsequently oxidation of diphenolic products (catecholase
activity).[2±4] Tyrosinase as well as catecholoxidase (EC 1.10.3.1),
which catalyzes only the oxidation, belong to the group termed
phenoloxidases. Their presence in all phyla of living organisms
demonstrates their early origin in the history of life. Tyrosinases
and catecholoxidases bind oxygen at copper-containing active
sites, called type 3 copper sites. This distinction was originally
based on their specific EPR spectra.[2, 5] Their active site is a
binuclear copper center consisting of two copper atoms, CuA
and CuB, each coordinated by three histidines. The histidines are
provided by two pairs of �-helices forming a four �-helix bundle
motif (Figure 1).[6, 7] Upon oxygen binding, a change of oxidation
state is observed from Cu� to Cu2�.[2, 8]


The type 3 copper-protein family includes not only tyrosinases
and catecholoxidases but also hemocyanins, which are found
extracellularly in the hemolymph of various mollusks and
arthropods. Hemocyanins are responsible for the precise delivery
of oxygen, in analogy to the hemoglobins.[7, 9±11] Tyrosinases and
hemocyanins have been investigated independently over the
years, although comparative data have been reported.[3, 10±15] The
increasing volume of sequences and biophysical/biochemical
data have suggested a study of both proteins, in a comparative
way. Such comparative studies of type 3 copper protein
sequences have revealed the existence of two different protein
classes, which differ in their CuA and CuB environments.[7, 11, 16, 17]


CuA denotes the copper binding site closer to the N terminus,
whereas CuB is the copper binding site closer to the C terminus.


Figure 1. Structure of mono- and binuclear copper centers. i) Binuclear copper
centers (orange) bind dioxygen (red) in a ™side-on∫ coordination between two
copper atoms as shown by a bioinorganic complex (ia) and the active site of the
hemocyanin of the horseshoe crab Limulus polyphemus (ib).[26, 30] ii) Crystallo-
graphic structure of a bioinorganic complex (iia), which is equivalent to a half
active site of Limulus polyphemus hemocyanin (iib). It reveals that even a mono
copper center can bind oxygen in a ™side-on∫ coordination.[29] To date no protein
has been described containing such a mononuclear active site.


Spectroscopic and EPR methods applied to hemocyanin and
phenoloxidases strongly favor a very similar oxy structure of the
active sites.[2, 5, 18±24] According to X-ray data of crystal structures
of arthropod and mollusk hemocyanins, a dioxygen molecule
binds in the same way as a peroxide, that is, in a � :�2-�2 side-on
coordination between the copper ions (Figure 1).[25±28]


Thus, at least two different protein families exist within the
phenoloxidase/hemocyanin protein family, depending on the
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origin of the binuclear copper site. In this review, we primarily
focus on phenoloxidases and hemocyanins from arthropods. In
this phylum the events of structural evolution can be best
illustrated due to accumulation of functional and structural data
in recent years. Both proteins fold in three domains with
different folding motifs, where domain II always carries the active
site.[7]


In evolution only structures with essential biological function
have been strongly conserved. Sequence comparisons and the
unlikelihood of the binuclear type 3 copper site being formed
instantaneously, suggest that the ancestral protein had a fold
that bound only one copper. However, it has not yet been
possible to answer this question by experimental evidence, since
no enzyme has been found with a mononuclear center. In
addition, the following theoretical question needs to be
addressed: what function could such a putative mononuclear
copper center, from which binuclear type 3 centers could evolve,
have had? It should be pointed out that synthetic bioinorganic
complexes with mononuclear copper centers that can coordi-
nate oxygen in a way similar to binuclear centers, have been
reported (Figure 1).[29, 30] The advantage of a binuclear center
over a mononuclear center is twofold. Firstly, the precise
orientation of bound oxygen within the hydrophobic apolar
pocket allows the existence of the Cu� state, which seems to be
essential for the complex reaction of tyrosinases. Secondly, the
spatial position of phenolic substrates can be better controlled
by the protein matrix surrounding the binding pocket. Both


enhance the efficiency of an oxygen-metabolizing enzyme, since
the correct orientation of the substrates with respect to one
another is crucial for effective enzymatic catalysis.


Constitution of domain II: Mini-tyrosinases


Only a few options seem reasonable for the evolution of a
binuclear center. One is gene duplication of a mononuclear
center to create a minimal phenoloxidase.[31] This mini-phenol-
oxidase essentially represents the second domain of today's
arthropod hemocyanins (Figure 2). However, the active site of
this small structure would exhibit uncontrolled access for
phenolic substrates. Thus, this mini-phenoloxidase was always
active, detoxifying dioxygen in the cell and keeping oxygen
concentrations low. However, in the course of evolution it
became advantageous to regulate this enzymatic activity. When
aerobic metabolism evolved, it was no longer necessary or even
advantageous to detoxify all the oxygen, since it was now used
to produce large amounts of ATP. By that time, however,
phenoloxidase would have acquired additional functions in
other essential physiological processes such as in primary
immune response, for example, by encapsulation of microbial
invaders, sclerotization of the cuticle after molting, wound
healing, and protective coloration. Thus, the possibility for
regulation and discrimination between various functions be-
came necessary.


Figure 2. Structural evolution of the arthropod hemocyanin superfamily. The first type 3 copper proteins developed by gene duplication from mononuclear copper
proteins which were already able to bind dioxygen. These minimal phenoloxidases detoxified oxygen but lacked regulation. They would have been comparable to
domain II of present-day hemocyanin. Later domain I was added at the N terminus by gene fusion. Domain I regulates activity by controlling access of bulky phenolic
substrates to the active site. Another gene fusion at the C terminus added domain III with an immunoglobulin folding motif which is a putative binding site to various
surfaces and also the source of antimicrobial peptides in hemocyanins. Phenoloxidases aggregated to hexamers by self-assembly. This increased the concentration of
active sites on pathogen surfaces and putatively enabled agglutination of pathogens. From this structure, cooperative oxygen carriers evolved.
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Activity of domain I: Regulation


A mechanism of regulation was acquired by fusion with another
�-helical protein at the N terminus (domain I) (Figure 2).[32] This
domain regulated enzymatic activity by controlling access to the
active site for bulky phenolic substrates. The structural basis for
the activation mechanism of inactive prophenoloxidase was
deduced by comparison of phenoloxidase and hemocyanin
sequences, based on resolved hemocyanin crystal struc-
tures.[32, 33] A conformational change seems to be crucial for
activation and this can be triggered in two different ways: either
by proteolysis by specific proteases or binding of lipophilic
substances.[34±39] This conformational switch opens a binding
pocket by exposing the chemically inert Phe49, which is
conserved among all arthropod phenoloxidases and hemocya-
nins and serves as a ™placeholder∫ for the tyrosine substrate, with
its hydroxyl group pointing toward the bound dioxygen (Fig-
ure 3).[33, 40]


Figure 3. Activation of hemocyanin and phenoloxidase by removing the first
domain shielding access to the active site. Arthropod phenoloxidase and
hemocyanin are activated by a conformational change of the N-terminal domain
as suggested for hemocyanin based on the crystal structure of the horseshoe crab
Limulus polyphemus.[40] a) The inactive form is activated by a rotation or
removal of the N-terminal domain relative to domains II and III. Phe49, which
normally blocks the active site as a pseudosubstrate, is removed by this rotation.
b) View into the active site. Bulky phenolic substrates can clearly access the active
site. Insert : enlarged view into the active site. The tyrosine substrate (turquoise),
takes the place of Phe49. Histidines (bright green�CuA, dark green�CuB)
coordinate the copper atoms (blue). Oxygen (red) is bound in a side-on
configuration between the coppers.


The necessity of a conformational change even for proteolytic
activation is also supported by experimental data on phenolox-
idase from Drosophila melanogaster and Bombyx mori.[39, 41]


Although an N-terminal 50-amino-acid fragment is cleaved, this
is not sufficient to sterically unblock the entrance to the active
site. To achieve this, the complete N-terminal domain I (180
amino acids) has to be removed. It seems more likely that
proteolysis releases tension in the backbone of the first domain,
inducing a conformational change that causes activation.
Activation can also be achieved by lipophilic substances, such


as lysolecithin, and detergents, such as sodium dodecylsulfate


(SDS) or cetylpyridinium chloride (CPC).[34, 36] The molecular
mechanism here is unclear. It is thought that these substances
distort the protein matrix to favor a more relaxed conformation,
thereby opening an entrance to the active site for substrates
(Figure 3). While detergents are commonly used for in vitro
activation, activation by physiological substances, such as
lysolecithin, could be involved in wound repair as it may be
released by cell rupture at the point of injury.[34]


Addition of domain III : Support of the immune
response


To produce the phenoloxidase existing today this two-domain
phenoloxidase must have genetically fused a third domain
containing a folding motif resembling immunoglobulins (Fig-
ure 2).[42] The function of this domain is less obvious than for
domain I. However, we want to present a hypothesis for the
function of the third domain based on the fact that immuno-
globulins belong to a protein family that is well known for its
involvement in binding reactions and the observation that
phenoloxidases are ™sticky∫ enzymes that bind to a variety of
surfaces.[43±45] We propose that the function of domain III is to
complement the enzymatic activity of phenoloxidase in immune
response and wound healing by mediating a binding reaction to
surfaces. This guarantees that an active phenoloxidase stays
bound to a surface and will not float freely in the hemolymph.
This hypothesis is further supported by recently published data
that hemocyanin binds strongly to chitin when mediated by
antimicrobial peptides such as tachyplesin.[43] Furthermore,
fungicidal peptides can be obtained from the third domain of
hemocyanin by limited proteolysis.[46, 47] These peptides must
somehow interact with microorganisms in order to harm them. A
common mode of action for antimicrobial peptides is to destroy
the integrity of the cellular membrane by interacting with it in a
detergent-like manner.[48] The mode of action of antimicrobial
peptides derived from hemocyanin is not known yet; it is likely
that the structures of antimicrobial peptides may change in
solution after they are cleaved off hemocyanin. However, Lee
et al. (2003) observed that the antimicrobial peptide Astacidin1
from the crayfish Pacifastacus leniusculus, has a � structure in
solution.[47] Before cleavage, this peptide should also have a �-
strand structure as inferred from comparison with the closely
related hemocyanins from the spiny lobster (Panulirus interrup-
tus) and the horseshoe crab (Limulus polyphemus).[25, 42, 49] There-
fore, we postulate that these antimicrobial peptides arose from a
binding site for pathogen surfaces in domain III, which later in
evolution acquired a new function by being cleavable, and
therefore became a ™free binding site∫ as an antimicrobial
peptide. In this context it should be noted that hemocyanin itself
exhibits antimicrobial activity which could be interpreted as a
binding site for microbes on the hemocyanin, although the
antimicrobial activity is about 50 times lower than that of the
free peptides.[50] Antimicrobial peptides cleaved from hemocya-
nin could also explain the subunit polymorphism observed with
arthropod hemocyanins, which could then provide antimicrobial
peptides with different specificities.
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Hexamer assembly: Origin of cooperativity


The three-domain phenoloxidases of arthropods then gained
the ability to form hexamers by self-assembly as demonstrated
for two crustacean phenoloxidases by electron microscopy
(Figure 2).[51] However, was there any advantage in forming
hexamers?
Firstly, forming a multimer increased stability against proteas-


es, since the total surface of the almost-spherical hexamers is
much smaller than that of the free kidney-shaped subunits. In
addition, in the case of hexameric hemocyanin, most cleavage
sites are hidden in the interior. Proteolysis of hemocyanins for at
least three hours does not destroy the quaternary structure.[52]


Therefore, hexamers should be less prone to degradation by any
proteases present in the hemolymph or secreted by invading
microorganisms. However, during evolution the site for proteo-
lytic activation was not hidden. Secondly, forming hexamers can
produce a simple form of ™cooperativity∫. In this context the term
™cooperativity∫ is not used for homo- and heterotropic inter-
actions with respect to oxygen or substrate binding. We use the
term in the sense that binding of a subunit to a pathogen not
only attaches the active site of one subunit on the pathogen, but
brings the five other active sites of a hexamer into the close
vicinity of the pathogen, thus increasing enzymatic activity. In
addition, if two or more subunits bind to the same pathogen, an
increase in binding strength, analogous to the IgM-pentamer,
would also take place. Furthermore, when two subunits of a
hexamer bind to different pathogens then agglutination of
pathogens will occur.
Based on this reasoning, evolutionary pressure favored


hexamer assembly to gain a more efficient immune response,
and not to favor establishment of cooperative oxygen binding as
is commonly discussed for hemocyanins. As discussed below, the
structural basis for cooperative oxygen binding was already
established in phenoloxidase.


Conversion of phenoloxidase to hemocyanin
during evolution


Phenoloxidases have acquired additional properties but lost
some original characteristics during their evolution into hemo-
cyanin. They seem to have had the ideal predisposition for being
converted to an oxygen-transporting protein. Only three major
changes were necessary:
1) Phenoloxidase had to be permanently inactivated, so that the


active site was no longer accessible to any ligands larger than
gas molecules such as oxygen. To achieve this, only small
changes in domain I were necessary: either the proteolytic
cleavage site for activation of prophenoloxidase had to be
removed or interaction between the first and second domains
had to be strengthened to make activation impossible.


2) To improve reversible oxygen binding and reduce enzymatic
activity, a change in the electronic structure of the active site
had to take place. Phenoloxidases are already able to bind
oxygen reversibly.[2, 5] An essential difference from hemocya-
nins is that the active site of phenoloxidase exists to a large
extent in the oxidized `met' state, which cannot bind


dioxygen.[53, 54] However, the differences in electronic struc-
ture between the active sites of phenoloxidases and hemo-
cyanins are not at all clear.


3) Cooperative binding of oxygen to hemocyanins had to be
established to ensure efficient and flexible oxygen transport.
The most essential prerequisite for cooperativity, the ability to
assume at least two conformational states, was already
established in the phenoloxidase hexamer by adopting an
active or inactive state. A comparison between the oxy-
genated and deoxygenated states of arthropod hemocyanins
has revealed that the main difference between the two states,
apart from a movement of the coppers at the active site by
more than 1 ä, is a slight rotation of the first domain by 80


relative to the second (Figure 4).[26] The crystal structure also


Figure 4. Movement of domain I in arthropod hemocyanin upon oxygenation.
a) Domain I of the subunit is rotated by 80 relative to domain II and domain III
based on the comparison of crystal structures. b) This movement withdraws
Phe49 (or its equivalent Phe75) by almost 3 ä from the active site. Red� oxy
structure (Limulus polyphemus), blue�deoxy structure (Panulirus interrup-
tus).[25, 26]
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reveals a large movement of the essential and conserved Phe49.
However, a pronounced movement of the first domain must
occur to pull out the placeholder Phe49 and open the entrance
for substrates (Figure 3). The tight hexamer assembly would then
transfer the conformational change of one subunit to the other
subunits, as is known for hemocyanins.


Phenoloxidase activity of hemocyanin


The obvious structural similarity between hemocyanins and
phenoloxidases is demonstrated by the fact that, for almost all
hemocyanins, a phenoloxidase activity can be induced by
detergents or proteases.[49] In most cases, especially in crusta-
ceans, the activity is very weak. This is believed to be due to the
fact that the binding site for phenolic substrates has degen-
erated during evolution.
However, in some chelicerates, a strong phenoloxidase activity


has persisted in hemocyanins until the present. Tarantula
hemocyanin from Eurypelma californicum is comparable to
phenoloxidases based on activation mechanism, substrate
specificity and inhibition.[55, 56] The same holds for hemocyanins
from the horseshoe crabs Limulus polyphemus and Tachypleus
tridentatus.[43, 46, 55] All three are ancient chelicerate species and
unlike more modern crustaceans, myriapods and insects, no true
phenoloxidases have been found in their hemolymphs to date.
However, since these arthropod animals also need a phenolox-
idase, it has been proposed that hemocyanin fulfills the
functions of phenoloxidase in these chelicerates.[33, 43, 46, 55] The
lack of a signal peptide and synthesis in hemocytes of
phenoloxidases (as is also the case for chelicerate hemocyanins),
emphasizes the close tie between phenoloxidases and chelicer-
ate hemocyanins.[16] In contrast, modern crustacean hemocya-
nins have signal peptides and are synthesized in the hepato-
pancreas.[16]


However, in Eurypelma californicum and Limulus polyphemus
phenoloxidase activity is confined to only a few subunit types. In
both species these subunits link hexamers, which build up the
multihexamers (24-mer and 48-mer, respectively).[55] For the
hemocyanin of Eurypelma californicum, sequences of all subunit
types are known, and phylogenetic analysis has revealed that the
two subunits possessing phenoloxidase activity separated from
the others quite early in evolution.[57] This implies that some
original properties of phenoloxidases were conserved in these
two subunits, although they gained the functional property of
the other subunits to bind oxygen reversibly, as an oxygen
carrier with similar oxygen affinities.[58] Therefore, these two
subunit types may be considered as ™transitional∫ structures
between phenoloxidases and hemocyanins.


In vivo role of hemocyanins in the immune
response


One may still ask whether the phenoloxidase activity of
hemocyanins induced by substances such as detergents,
proteases, alcohols, or salts is an in vitro experimental artifact
or if it can also be found in vivo. Horseshoe crabs are model
organisms for the innate immune response, and their blood-


coagulation cascade has been investigated in great detail since it
is widely used as an assay for bacterial endotoxins.[59, 60] In
horseshoe crabs, hemocyanins can be activated either by
activated factor B of the clotting cascade or the clotting enzyme
itself.[46] Although both proteins are active proteases, they do not
activate hemocyanin by proteolysis, but by forming a 1:1
complex with hemocyanin. A common structural feature of
clotting enzyme and factor B is a clip domain, which, it has been
suggested, mediates the interaction with hemocyanin and
subsequently causes a conformational change in the hemocya-
nin.[46] The formation of a 1:1 complex instead of proteolytic
activation could be a regulation mechanism to confine activa-
tion of hemocyanin at the site of injury in vivo. Hemocyanin also
seems to be activated by several antimicrobial peptides such as
tachyplesin, tachystatins and big defensin, which are also
released from hemocytes like proclotting enzyme and factor B
when a defense reaction is initiated.[43, 61] When antimicrobial
peptides such as tachyplesin are bound to pathogens they
might mediate the binding of hemocyanins to these pathogens
and induce the activation of hemocyanin. Thus, in addition to
limited proteolysis and lipophilic substances, another new
activation mechanism for hemocyanin has been described: the
binding of special activation proteins and/or peptides.[43, 46] If this
kind of activation is also possible for phenoloxidases remains to
be investigated.
The role of hemocyanins in immune response seems to be


twofold and not only present in chelicerates but also in
crustaceans. Whereas hemocyanin can act as a phenoloxidase
in chelicerates, in crustaceans antimicrobial peptides can be
cleaved from the C-terminal domain of hemocyanin. The
specificity of the antimicrobial peptides depends on the species.
While peptides originating from hemocyanin of Penaeus vanna-
mei and Penaeus stylirostris are antifungal, those from Pacifas-
tacus leniusculus are antibacterial.[47, 50] Antimicrobial peptides
are liberated upon immunological challenge of crustaceans.
Nevertheless, the mechanism to produce these antimicrobial
peptides is not known yet. Interestingly hemocyanin itself could
be an antimicrobial substance. The antifungal action of hemo-
cyanin is 50 times less than that of the antimicrobial peptides
derived from hemocyanins. But hemocyanin concentration is
much higher, and concentrations of 20 mgmL�1 are commonly
found in the hemolymph.[50] Thus, hemocyanin could very well
be an antimicrobial substance in the hemolymph, when mass
action is accounted for.


Role of hemocyanin in wound repair and
molting


Besides the immune response, hemocyanins in chelicerates are
likely to be involved in wound repair and molting. Although
hemocyanin from Tachypleus tridentatus itself has no affinity to
bind to chitin, it readily binds to chitin coated with the
antimicrobial peptide tachyplesin and is subsequently activated
to become a phenoloxidase.[43] Two major precursors for cuticle
tanning in insects, N-�-alanyldopamine and N-acetyl-dopamine
are good substrates for Tachypleus hemocyanin activated by
tachyplesin. N-acetyldopamine is also a preferred substrate for
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hemocyanin of the tarantula Eurypelma californicum when
activated with mild proteolytic treatment or the detergent
SDS.[40, 43, 56] Hemocyanin fragments of the same tarantula
species were identified as a component of the protein matrix
of the cuticle.[62] Hence, hemocyanin might be involved in two
different ways in wound healing. When cuticle chitin is exposed
by injury, hemocyanin seems to be activated by the clotting
cascade, and be bound to exposed chitin primed by tachyplesin.
During the sclerotization reaction, hemocyanin itself is thought
to be incorporated into the cuticle as part of the protein
matrix.[62] In the absence of an injury, however, hemocyanins are
not in contact with the cuticle, which is shielded from the
hemolymph by the epidermis. Nevertheless, phenoloxidases
from the silkworm Bombyx mori, which are synthesized in
hemocytes are transported via the epidermis to the cuticle.[63] A
similar but still unclear mechanism could also be possible for
hemocyanins.
Thus, hemocyanin might not only be involved in sclerotization


during wound repair but also after molting.[64] Note that, in this
context, it has been suggested that the hemocyanin of the
tarantula Eurypelma californicum binds ecdysteroids by the first
domain.[65] However, it is still not known whether binding of an
ecdysteroid molecule in the first domain is involved in inducing
conversion of hemocyanins to a phenoloxidase.


Evolution of mollusk-related phenoloxidases


Our hypothesis on the functional conversion of phenoloxidase
to hemocyanin in arthropods does not yet explain the corre-
sponding evolution of catecholoxidase/tyrosinase to mollusk-
related hemocyanin, although, a crystal structure of catecholox-
idase from potatoes has been resolved.[6] In contrast to
arthropod hemocyanin subunits (�72 kDa) the subunits from
molluskan hemocyanin are very large (�400 kDa) and fold in
7 ± 8 structurally comparable functional units (FU).[7, 11, 66] These
functional units (�50 kDa) are functionally comparable to
subunits from arthropod hemocyanin and both possess one
active site, which binds one molecule of dioxygen reversibly
(Figure 5). The crystal structures of functional units are almost
superimposable with the structure of catecholoxidase.[67] These
proteins are characterized by two domains, lacking domain I of
arthropod hemocyanins.[27, 28] In addition, the CuA environment
differs from the corresponding arthropod site as it involves an
odd covalent cysteine ± histidine bond. This bond stabilizes the
pair of �-helices at the copper site, which in these proteins are
very short and therefore not stable.[6, 27] Thus, a gene fusion of
the two different copper sites (CuA and CuB), rather than a gene
duplication, is assumed to have yielded the type 3 copper
centers in these proteins. In order to control the entrance to the
active site, a C-terminal domain was genetically added that has
the structure of a squeezed �-barrel. However, this domain III
takes the topological position occupied by domain I in arthro-
pod hemocyanins (Figure 5). As in arthropod hemocyanins, a
conformational switch of this regulatory domain is necessary to
control the access of phenolic substrates to the copper center.[33]


This hypothesis is supported by a comparison of the crystal


Figure 5. Scheme of the topological positions of the three domains in arthropod
hemocyanins and the two domains in a functional unit of molluskan
hemocyanin. Domain II carries the active site with the two copper atoms.
Domain III in the functional unit (b) takes the topological position of domain I in
arthropod hemocyanin (a). Depending on the phylum, Ph49 or L2830 sterically
closes the entrance to the active site.[33] N and C, denote the N and C termini.


structures of molluskan hemocyanins in the oxy- and deoxy-
states, where upon deoxygenation a large channel to the active
site becomes visible.[27, 28] Thus, the activation mechanisms of
molluskan- and arthropod-related tyrosinases and hemocyanins
seem to be based on a very similar conformational transition,
albeit involving very different protein structures.


Open question


Various crystal structures of type 3 copper proteins have been
resolved. Nevertheless a difference between the simple oxida-
tion of diphenols and the chemically very demanding hydrox-
ylation of phenols in the ortho position cannot be deduced on a
molecular basis yet.[2, 5, 23] Elucidation of the latter enzymatic
activity will only be possible by future analysis of the tyrosinase
crystal structure. However, based on analysis of catecholoxidase
and hemocyanins some possible chemical reaction mechanisms
can already by excluded.[68]


Keywords: antimicrobial peptides ¥ hemocyanin ¥ innate
immunity ¥ metalloproteins ¥ molecular evolution ¥ phenol-
oxidase
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Coiled Coil Domains: Stability, Specificity, and
Biological Implications


Jody M. Mason and Katja M. Arndt*[a]


Introduction


The coiled coil is a common structural motif,
formed by approximately 3 ± 5% of all amino
acids in proteins.[1] Typically, it consists of two to
five �-helices wrapped around each other into a
left-handed helix to form a supercoil. Whereas
regular �-helices go through 3.6 residues for
each complete turn of the helix, the distortion
imposed upon each helix within a left-handed
coiled coil lowers this value to around 3.5. Thus
a heptad repeat occurs every two turns of the
helix.[2, 3] The coiled coil was first described by
Crick in 1953.[4] He noted that �-helices pack
together 20� away from parallel whilst wrap-
ping around each other, with their side chains
packing ™in a knobs-into-holes manner∫. The
same year, Pauling and Corey put forward a
model for �-keratin.[5] It was some 20 years later
that the sequence of rabbit skeletal tropomyo-
sin was published,[6] and another twenty until
the first structure of the leucine zipper motif
was solved by Alber and co-workers.[7] These
last discoveries pushed the coiled-coil field into
the spotlight, as it became apparent that they
are found in important structures that are
involved in crucial interactions such as transcriptional control.
The most commonly observed type of coiled coil is left-handed;
here each helix has a periodicity of seven (a heptad repeat), with
anywhere from two (in designed coiled coils)[8] to 200 of these
repeats in a protein.[9] This repeat is usually denoted (a-b-c-d-e-f-
g)n in one helix, and (a�-b�-c�-d�-e�-f�-g�)n in the other (Figure 1). In
this model, a and d are typically nonpolar core residues found at
the interface of the two helices, whereas e and g are solvent-
exposed, polar residues that give specificity between the two
helices through electrostatic interactions. Similarly in right-
handed coiled coils, an eleven-residue repeat is observed
(undecatad repeat).[10, 11] The apparent simplicity of the structure
with its heptad periodicity has led to extensive studies. Here we
aim to outline the importance of individual amino acids in
maintaining �-helical structure (intramolecular interactions)
within individual helices, whilst promoting specific coiled-coil
interactions (intermolecular interactions) of correct oligomeric
state and orientation.


The PV Hypothesis


The PV (™Peptide Velcro∫) hypothesis[12] outlines three structural
elements vital to the formation of a specific coiled coil. It
contains one of the earliest rational design strategies for the
formation of heterodimeric coiled coils and was originally used
by O'Shea and co-workers.[13] Firstly, it stipulates that the a and d
positions must be hydrophobic (e.g. leucine, valine, or isoleu-
cine), thus stabilizing helix dimerization through hydrophobic
and van der Waals interactions. Secondly, residues e and g must
be charged (e.g. glutamate or lysine) in order to form interhelical
electrostatic interactions. Such interaction patterns should be of
the opposite charge in heterodimers to stabilize their interac-


[a] Dr. J. M. Mason, Dr. K. M. Arndt
Institut f¸r Biologie III, Albert-Ludwigs-Universit‰t Freiburg
Sch‰nzlestra˚e 1, 79104 Freiburg (Germany)
Fax: (�49)761-203-2745
E-mail : katja@biologie.uni-freiburg.de


Figure 1. A parallel dimeric coiled coil in a schematic representation (A and B) and as ribbon plot of the
X-ray structure of the leucine zipper of GCN4[7] (C and D). Selected side chains are shown as balls and
sticks. The helical wheel diagram in (A) and the plot in (C) look down the axis of the �-helices from
N-terminus to C-terminus. Panel (B) and (C) provide a side view. The residues are labeled a ±g in one
helix and a�±g� in the other. The hydrophilic interactions (g and g� in blue and red, respectively ; e and e�
in cyan and orange, respectively) within the heptad repeat are shown. In the schematic representations,
the hydrophobic core (a/a� and d/d�) is shown. For clarity, in the X-ray structure, only the middle a
position with the exceptional charged residue is given as a green ball-and-stick model. Parts C and D
were generated with molscript.[77]
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tion, and of the same charge in homodimers to destabilize them.
Thirdly, the remaining three positions (b, c, and f) must all be
hydrophilic, as these will form helical surfaces that are exposed
to the solvent.[14, 13] However, the PV hypothesis is only a guide
for the interactions governing left-handed coiled coils, and it is
subtle variations of these rules that dictate the orientation,
specificity, and oligomerization state that are required for a
domain to have a novel function.


The Role of the ™a∫ and ™d∫ Residues


The nonpolar nature of the a and d repeats facilitates dimeriza-
tion along one face of each helix. This interaction was first
suggested in Crick's 1953 paper[4] in which he proposed a
™knobs-into-holes∫ style packing between the hydrophobic side
chains. This is analogous to a hydrophobic core that collapses
during the folding of globular proteins, and represents a
dominating contribution to the overall stability of the coiled
coil. Indeed, the most stable coiled coils are those that have the
highest percentage of hydrophobic residues at the a and d
positions.[15] Furthermore, variations in packing environments
give different preferences for hydrophobic residues, even within
the a and d positions. For example, GCN4 (a yeast transcription
factor with a parallel homodimeric coiled-coil (leucine-zipper)
domain, sometimes referred to as GCN4-p1) has �-branched side
chains, such as valine, that pack well at position a, while position
d favors a �-branched leucine residue.[7] The insertion of a �-
branched amino acid into the d position would require adoption
of a thermodynamically unfavorable rotamer in the parallel
dimer.[16] If these preferences are denied, for example, in GCN4
mutant p-LI, in which a leucine is introduced at a and an
isoleucine at d, then a tetramer is formed.[17] Valine at these
positions leads to a mixture of dimer and trimer, while all leucine
leads to tetramer formation. Finally, in two exhaustive studies,
the a and d positions were systematically changed to every
amino acid to assess their effects on stability and oligomerization
states.[18, 19] These changes were the first comprehensive quanti-
tative assessment of the effect of side chain substitution within
the hydrophobic core on the stability of two-stranded coiled
coils, and permitted a relative thermodynamic stability scale to
be constructed for the nineteen naturally occurring amino acids
in the a and d positions.


Studies where the a and/or d residues have been changed to
non-natural amino acids that are even more hydrophobic than
naturally occurring ones (e.g. 5,5,5-trifluoroleucine) revealed a
further increase in stability.[20] More recently hydrophobic burial
at the a/d interface has been investigated by using mono-, di-,
and trimethylated diaminopropionic acids (dap), which display
increasing degrees of hydrophobic character. Addition of one
methyl group to position 16 of one of the monomers (with
aspartic acid at position 16 in the analogous peptide), was found
to stabilize the subsequently heterodimeric fold of GCN4,
possibly due to increased van der Waals interactions in the
folded state and a lower desolvation penalty upon folding.
However, addition of three methyl groups results in destabiliza-
tion, probably because the increased steric bulk is poorly
accommodated. Bizarrely, the addition of two methyl groups to


the dap causes homotrimerization. This demonstrates how small
changes in hydrophobicity can alter the folding preferences.[21]


Despite the hydrophobic nature of the a/d interface, often a
small percentage of polar core residues remain and add
specificity to the coiled coil at the expense of stability. In
GCN4, an asparagine is located at a core a position. When this is
mutated to a valine, the coiled coil experiences a huge increase
in stability at the expense of dimerization specificity. It actually
leads to a trimer with increased stability compared with the wild-
type dimer.[22] In another case, the core asparagine pair was
again mutated to leucine; this changed the original dimeric
peptide Velcro (PV) to a mixture of parallel and antiparallel
tetramers.[23] Changing the core asparagine to lysine retains
specificity but lowers stability further, while substituting aspar-
agine for norleucine (lysine without the charged amino group)
stabilizes, again at the expense of specificity.[24] It is when a
conflict occurs between inherent secondary structure propen-
sities and the repeat pattern of hydrophilicity/hydrophobicity
that such problems arise. Usually, it appears that this change in
binary pattern will dictate the overall structure of the coiled
coil.[25] Nonetheless, this asparagine confers dimer specificity,
possibly through interhelical hydrogen-bond formation be-
tween asparagine side chains; this is indeed observed in the
crystal structure[7] and in NMR studies.[26] In addition, during
selection for heterodimeric coiled coils with a protein-fragment
complementation assay (PCA) by using dihydrofolate reductase
(DHFR), Arndt et al. found a core asparagine pair to be favored
over asparagine ± valine or valine ± valine combinations.[27, 28] This
is in agreement with many naturally occurring coiled coils. The
strategic placement of the core asparagine pair can also direct
coiled-coil association from parallel to antiparallel, by changing
the position of this buried polar association.[29] Finally, the
Matrilins, involved in the development and homeostasis of bone,
constitute a family of four oligomeric proteins that are able to
form homo- and heterotypic structures of differing oligomeric
states, depending on the isoforms.[30] However, all observed
oligomers fold into parallel disulfide-bonded structures, and
heterotypic preferences have been attributed to core changes
rather than ionic interactions. It is such changes in heterotypic
core contact that also permit the generation of heterospecificity
in coiled coil pairings.[31]


The Role of the ™e∫ and ™g∫ Residues


Pairing specificity is greatly influenced by the nature of the
electrostatic e and g residues (between g of one heptad and e� of
the following heptad on the other helix, termed i�i��5). These
residues are commonly found to be glutamic acid and lysine,
respectively. Thus, the charge pattern on the outer contacting
edges of a coiled coil will dictate its preference for homo- or
heterotypic pairing, and whether the orientation of the coiled
coil is to be parallel or antiparallel. Replacing attractive g/e�
pairings with repulsive pairs has been shown to destabilize the
coiled-coil conformation.[32] Hodges and co-workers estimated
the salt bridges between g/e� pairs to contribute 1.5 kJmol�1 to
the stability of the coiled coil.[33] Careful placing of charges within
the e and g positions can permit heterodimer formation, while
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additionally ensuring that formation of the homodimer is
unfavorable[14, 13, 32] as implied in the PV hypothesis.


Arndt et al. have designed a peptide library based on the
Jun ± Fos heterodimer, in which the b, c, and f residues are from
their respective wild-type proteins, the a and d positions are
valine and leucine (with the exception of some asparagine
variants in the core to direct desired helix orientation and
oligomerization state), and the e and g residues are varied by
using trinucleotides to give equimolar mixtures of arginine,
lysine, glutamine, and glutamate.[27, 28] Unexpectedly, even the
best one, the Winzip-A2B1 heterodimer, lacks fully complemen-
tarily charged residues at g/e� pairs despite an exhaustive
selection process.[12] Rather, two of the six g/e� pairs are
predicted to be repulsive; this suggests that sequence solutions
that deviate from the PV hypothesis might be tolerated in
heterodimeric coiled coils, and that other factors might play a
role in selection. Clearly the PV hypothesis does not represent a
complete picture of the contributions of the e and g residues to
dimer stability and specificity. Presumably, overall electrostatic
potential (including intra- and intermolecular interactions) plays
a major role, and interactions with core residues, such as
favorable packing or steric clashes could also modulate these g/e�
interactions.[28, 12and references therein] Such observations are in agreement
with naturally occurring coiled coils, which usually have a more
complicated interaction pattern than implied by the PV hypoth-
esis. These coiled coils have to fulfill a number of criteria, such as
biostability and extremely high specificity within a family with
almost no cross reactivity with coiled coils of other families.[34]


These requirements can only be realized by more complicated
networks of interaction patterns that also include the outer
residues and interactions between d ±e� and a±g� residues.[35] A
buried polar a-position residue, such as lysine, with no
preference for helix orientation, for example, can form favorable
interactions with g� or e� glutamate in the parallel or antiparallel
arrangement, respectively. Such an interaction is less destabiliz-
ing than an asparagine ± asparagine (a ±a� contact), presumably
because there is a greater desolvation penalty to pay for burying
the latter. In this way, complementary interactions between a
buried polar residue, and a surface polar group, can give
structural uniqueness and incur smaller energetic penalties.[36]


Harbury's group focused on both positive (toward the desired
structure) and negative design (away from undesired alternate
structures) in ensuring dimer specificity.[35] Computational de-
sign is followed by experimental verification, and functional
specific protein ±protein recognition sequences are produced.
The algorithm uses a computational double-mutant cycle to
permit sequences that have an energetic preference for the
target state over the negative design states. This procedure is
known as ™multistate∫ design. The benefit of such a model is that
the patterning of hydrophobic and polar residues arises from
simultaneous competition against unfolded and aggregated
states. Consequently, polar residues are not excluded from the
core of proteins. Instead, their selection is based on an energetic
balance between the requirements for stability and specificity.


Finally, by placing charge pairs at g ±g� and e±e� positions,
antiparallel helix orientation can be favored.[37] In a three-helix
coiled coil there is a much higher percentage of nonpolar


residues at the e and g positions. This increase in the percentage
of hydrophobes at the e and g positions causes the width of the
narrow hydrophobic face to increase, as well as the likelihood of
such higher oligomerization states, where more nonpolar burial
can occur than in a two-helix coiled coil. This demonstrates the
importance of the g/e� residues in determining homo- and
heterotypic pairing, parallel or antiparallel orientation, and the
oligomerization states of �-helical chains in coiled coils.


Stutters and Stammers in Coiled Coil Heptads


Breaks in the periodicity of the heptad repeat are known either
as a ™stutter∫ or a ™stammer∫. A stutter (sometimes called a skip)
corresponds to a three-residue deletion (or four-residue insert)
and is compensated for by an underwinding of the supercoil. A
stutter can therefore be regarded as a region that is right-
handed in character (see Right-Handed Coiled Coils section), as
the coil region undercoils to maintain its hydrophobic contacts.
In contrast, a stammer corresponds to a deletion of four residues
(or an insertion of three) and must be compensated for by an
overwinding of the supercoil. Such distortions are generally
confined to two �-helical turns either side of the deletion.
Changes in local structure caused by under- and overwinding of
the coiled coil may function to terminate the structure, or could
account for flexibility of long coiled-coil domains such as
myosin.[38] Woolfson and colleagues have studied a cytoskeletal
coiled-coil protein, HPSR2, found in Giardia lambia, in which
heptads are found flanking undecatads (a stutter) to give a 7-11-
7 motif. Specifically, a synthetic peptide based on this consensus
sequence was constructed and found to form fully helical,
parallel dimers. Within the undecatad repeat, a 3,4,4 hydro-
phobic repeat is found that is an extension of the 3,4 heptad
repeat. This combination of three- and four-residue intervals is a
prerequisite for coiled coil packing.[39] It is possible that the
function of 7-11-7 motifs is to give specificity to such extended
coiled-coil structures during folding within the cell.


Specificity–Two-, Three-, Four- and Five-
Stranded Coiled Coils


It seems that whilst the �-helix itself is quite resistant to
conformational change by mutation, the same cannot be said of
the tertiary and quaternary structures of the molecule. It is this
under-specification of the orientation and oligomeric state of the
coiled coils that makes in vitro design of these proteins a
daunting task.[40] The nature of structural specificity is more
complicated as there is no single parameter to describe it. Small
changes can alter tertiary and quaternary structure, for example,
changing a two-stranded helix to a three- or four-stranded one,
by changing the sets of buried hydrophobic residues at the core
a and d positions;[17] this indicates that the shape of the
hydrophobic side chain is an important determinant. A study by
Zeng and colleagues changed the oligomerization state of GCN4
by alteration of the g/e� pairings.[41] Particularly, by varying
specific g/e� residues, they were able to increase the oligomer-
ization state, presumably by widening the hydrophobic interface
available. Alber's group has engineered a mutant of GCN4 that is
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able to switch from a dimer to a trimer (known as an oligomeric
switch) upon binding cyclohexane and benzene.[42] Additionally,
a benzene was bound to the core of the trimer in the crystal
structure. This indicates the importance of core packing in
oligomeric specificity.[43] Strangely, in the Matrilin family of
proteins, hetero-oligomeric coiled-coil domains consisting of
two different polypeptides are able to exist in different
stoichiometries.[30] It seems likely, therefore, that Matrilin chain
combinations are controlled by gene expression levels, based on
observed tissue-distribution levels. Finally, by changing the
attraction/repulsion pattern, McClain et al. were able to change a
parallel dimer into an antiparallel dimer.[44] Other more general
agents, well known for affecting the properties of the solvent,
such as the chaotropic agent guanidinium chloride or cosmo-
tropic salts, can cause folding or unfolding and changes in
stability of the protein. Such agents will therefore affect the
specificity of the coiled coil.[45]


The Cartilage oligomeric matrix protein (COMP) belongs to the
thrombospondin family and contains an extremely stable five-
stranded parallel �-helical coiled coil. The 46-amino-acid-long
coiled-coil region includes a ring of intermolecular (i.e. helix to
helix) disulfide-bonded cysteines.[46] The pentameric interface
displays ™knobs-into-holes∫ packing, with the knobs formed by a,
d, e, and g positions and packing into holes created between
side chains at positions a� ±g�, d� ±e�, c� ±d�, and a� ±b� of the
adjacent subunit. Only residues at position f remains completely
exposed, with the other six positions being significantly buried.
Thus the structural stability is largely a result of hydrophobic
interactions. A hydrophilic ring of hydrogen bonds formed by
the amide groups of Gln54 also plays a role. They may be
functioning as an ™ion trap∫ for binding chlorine.[47] The hydro-
phobic core is filled with water molecules and almost completely
lined with aliphatic residues. Although COMP appears not to be
an ion channel, according to homology studies it does seem to
have evolved from one.[46] It has also been found capable of
complexing with vitamin D(3) and retinoic acid, mediated by the
hydrophobic core pattern. When bound, the rotamer angles of
�-branched core side chains require reorganization to adapt to
this bulky ring system.[48] This could form part of a storage and
delivery function within the coiled-coil domain of COMP for
signaling molecules relevant in cartilage tissue. Additionally,
COMP is stable from 0 to 100 �C, and thermal denaturation is
only achieved with 4 ±6M guanidine hydrochloride (extrapola-
tion to 0M GuHCl places the Tm at 160 �C) ranking it among the
most stable of proteins.[49]


Right-Handed Coiled Coils


There are 3.6 residues per turn in an �-helix, and as explained in
the Introduction, this number is reduced to 3.5 in a left-handed
coiled coil. This means a repeat of seven residues every two turns
of the helix because the helices form a left-handed supercoil
around each other to maintain contact along the hydrophobic
face. In contrast, right-handed coiled coils slightly increase the
number of residues to 3.67 per turn (in the opposite direction) to
give a right-handed supercoil and eleven residues every three
turns of the helix. This is the undecatad repeat, and residues are


labeled a through to k accordingly. There are very few known
native right-handed coiled-coil proteins, one of these, tetrabra-
chion from Staphylothermus marinus, forms a parallel tetramer.
This protein differs from left-handed parallel tetramers in that
the core is larger and filled with water molecules. Consequently
the hydrophobic packing is very different.[11] Another study used
de novo design of helical bundle proteins to give a right-handed
superhelical twist.[10] In this study, the overall fold was specified
by the polar hydrophobic repeat pattern (positions a, d, and h all
fall on the same face of the helix and can specify a hydrophobic
repeat pattern characteristic of a right-handed coiled coil). The
oligomerization state and core packing were engineered by
using computational enumerations of packing in alternate
backbone structures. Main-chain flexibility was incorporated
through an algebraic parameterization of the backbone. The
authors were able to successfully create dimers, trimers, and
tetramers, and the crystal structure of the tetramer matched the
designed structure in atomic detail.


Is the Folding of Coiled Coils a Two-State
Process?


One of the most dominant forces involved with protein folding is
™hydrophobic collapse∫. That is to say that a protein will fold so
as to maximize the amount of nonpolar material that is buried
within its core.[50] Coiled coils have a nonpolar/polar periodicity,
and it is this amphipathic nature that drives two or more to
associate at their hydrophobic face. The most widely accepted
model for folding is a two-state transition from the unfolded
monomers to the dimeric coiled coil.[51, 52] Folding studies of
most dimeric coiled coils characterized so far show the folding
and dimerization to be coupled and cooperative, and best
described by a two-state model.[53, 54] However, it has been
shown that small changes in sequence are able to change the
two-state to a three-state mechanism.[55, 56] Specifically, Dragan
and Privalov observed several stages in the temperature-
induced unfolding of GCN4 coiled coil using a variety of
techniques.[56] The first transition at the beginning of heating
corresponds to a decrease in ellipticity and is sensitive to
N-terminal modifications. The second transition occurs at much
higher temperatures, is more pronounced than the first, and is
sensitive to modification of both termini. It is only later (at higher
temperatures) that cooperative unfolding/dissociation of the
two strands occurs.


In contrast, in the two-state model (a parallel dimeric leucine-
zipper model), the rate-limiting step involves an electrostatically
stabilized, dimeric intermediate that is not well structured
despite a large amount of hydrophobic surface burial. Any
subsequent folding to the dimer is rapid and follows a downhill
free-energy profile.[57] That is, the folding is a result of collisions
between unstructured monomers with helix formation occurring
only after collapse. This folding process is enthalpic in origin, and
is opposed by an entropic loss as the structure becomes
ordered.[58] Others report that partial helix formation precedes
dimerization,[59] and that initiation sequences within these
helices are indispensable for correct association and folding. In
this diffusion ± collision model, peptides with partial secondary-
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structure formation can collide to productively fold to the native
state, whilst those less helical diffuse apart as monomers. In this
model, the rate-limiting step would be dependent on both
peptide concentration and intrinsic helicity. Initiation sequences
within secondary structures in this model would clearly be
important in determining the folding kinetics. A different study
by Moran and colleagues looked at the folding of the leucin-
zipper region of GCN4 both as monomers (reduced), and
tethered by a disulfide bridge (oxidized).[60] The authors found
minimal helical content prior to productive collision of the two
chains by multiple routes within the reduced sample. Conversely,
the monomeric sample folded by one robust pathway.


Are Trigger Sequences Required for the
Initiation of a Coiled Coil?


It has been reported that sequences within the coiled coil could
be responsible for initiation of its formation. Within GCN4,
cortexillin I, myosin, kinesin, and tropomyosin, a thirteen-residue
sequence has been found to be required for initiation of the
coiled-coil assembly.[61] The authors propose that this thirteen-
residue sequence is an autonomous helical folding unit that can
mediate coiled-coil formation, and that favorable intrahelical
interactions within this sequence play an important role. They
claim that these ™trigger sequences∫ are necessary to mediate
proper assembly and are of particular importance in the light of
de novo design. More recently the same group has looked at
™trigger sequences∫ within three-stranded coiled coils. Deletion
mapping identified a seven-residue sequence that was necessary
for proper coiled-coil formation, that is to say, heptad repeats
alone may not be enough to promote oligomerization.[62] It
appears that the ™trigger sequence∫ forming an �-helix early
within the folding process is able to act as a seeding event, by
limiting the number of possible conformations available to the
chain and, further, by acting as a scaffold around which the
remainder of the coiled coil structure can ™zip up∫. In the case of
dimer formation, two initiation sites may again be able to
interact, and the formation of the remainder of the coiled-coil
will follow. Despite this, some known ™trigger sequences∫ have a
low helical content; this means they cannot be identified on the
basis of helical propensity alone and shows that the helical
content of a given heptad repeat is not sufficient to mediate
specific coiled-coil formation.[62]


Despite such evidence for coiled-coil initiation sites, their
existence, or at least their absolute necessity for folding, remains
controversial. Many designed coiled-coil peptides do not have
such a postulated trigger sequence. Moran and co-workers,
using monomeric (crosslinked) and dimeric (non-crosslinked)
samples of GCN4-p1, concluded that the major fraction of
nucleation sites need not occur in the most-helical region of the
molecule. On the contrary, the highest helical propensity region
of the molecule is the last to fold.[60] In another paper by Arndt
et al. ,[12] coiled-coils were selected with a protein-fragment
complementation assay (WinZip-A1, -B1, -A2 and -B2) and
characterized together with rationally designed peptides VelA1
and VelB1. Interestingly, of all six sequences, only WinZip-A2 has


a potential trigger sequence that follows the scheme proposed
by Kammerer et al[61]:


L(d)-E(e)-x(f)-c(g)-h(a)-x(b)-c(c)-x(d)-c(e)-c(f)-x(g)


namely, WinZip-A2: L-E-S-E-V-Q-R-L-R-E-Q (here x, c, and h are
random, charged, and hydrophobic residues, respectively).
However, the postulated intrahelical interaction between the
first e and the second f position (i�i�8) is also missing.
Nevertheless, all peptides folded rapidly and reversibly, and
formed homo- and heterodimeric coiled coils with dissociation
constants (KD) as low as 2.3 nM. Finally, Lee et al. designed a 31-
residue coiled-coil domain hybrid sequence based on GCN4 and
cortexillin I, both of which contain no consensus trigger
sequence and no appreciable secondary structure, but do
contain stable residues in the core a and d positions.[63] Changes
were introduced to positions other than a and d to affect �-
helical propensity, electrostatics, and hydrophobicity. None of
these changes brought the peptide in closer agreement to the
consensus trigger sequence, but did increase coiled-coil folding
and stability. The authors suggested, therefore, that the
combination of stabilizing effects along a protein is a more
general indicator of folding and stability than identification of
any specific trigger sequences. Finally, it is possible that known
consensus sequences are too restrictive to generalize upon. That
is to say that trigger sequences in proteins currently thought to
have no trigger sequence are being missed, or are not critical for
initiation.


Potential Uses of Coiled-Coil Domains and
Biological Implications


Coiled coils are abundant structures found in a diverse array of
proteins, from transcription factors such as Jun and Fos,[64]


involved in cell growth and proliferation, to Matrilins, involved
in the development of cartilage and bone.[30] In order to identify
coiled-coil structures, several computational programs have
been developed. These are aimed at predicting coiled-coil
regions, the likelihood that helices will form a coiled coil, and the
oligomeric state. ™SOCKET∫[65] defines the beginning and end of
coiled-coil motifs and assigns a heptad register to the sequence
(http://www.biols.susx.ac.uk/Biochem/Woolfson/html/coiledcoils/
socket/). ™COILS∫[66] compares a protein sequence to a database of
known two-stranded parallel coiled-coil structures and then
computes the probability that the sequence will adopt a coiled
coil structure (http://www.ch.embnet.org/software/COILS_
form.html). ™PAIRCOIL∫[67] predicts the location of coiled-coil
regions in amino acid sequences (http://paircoil.lcs.mit.edu/
cgi-bin/paircoil), and ™MULTICOIL∫[1] locates dimeric and trimeric
coiled-coil sequences based upon the paircoil algorithm (http://
multicoil.lcs.mit.edu/cgi-bin/multicoil). Such programs can en-
able coiled-coil domains to be screened for within protein
sequences, and inferences can be made about their oligomeric
state and function. Whilst the COILS and MULTICOIL programs are
accurate at predicting the oligomeric state of coiled coils, eligible
methods for partner prediction, orientation within the bundle,
and register relative to other helices, for true tertiary and
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quarternary structure predictions are perhaps missing from
them.[68] The following section looks at some of the ways in
which coiled coils are being exploited to function as temper-
ature regulators, antibody stabilizers, anticancer drugs, purifica-
tion tags, hydrogels, and linker systems. These are but a few of
the ways in which the structural uniqueness of coiled coils has
been harnessed for therapeutic, biological, or nanotechnological
benefit.


TlpA from Salmonella contains an elongated homodimeric
coiled coil, and has been shown to function as a temperature-
sensing gene regulator. Naik and colleagues have demonstrated
the thermal folding to be rapid, reversible, and sensitive to
changes in temperature.[69] By coupling the protein to green
fluorescent protein (GFP), the authors were able to use GFP
fluorescence changes as an indicator of the folding and
unfolding of the TlpA fusion protein. Specifically, the GFP acts
as a fluorescent indicator of the structural transitions that occur
within the TlpA coiled-coil homodimer in response to temper-
ature changes. This has important implications for the measure-
ment of signal transduction processes involving dimerization of
coiled-coil domains.


By fusing an in vivo-selected coiled coil (WinZip-A2B1)[12] to
the Fv fragment of an antibody, a helix-stabilized antibody
fragment (hsFv) was constructed. This hsFv fragment had similar
expression, purification, stability and oligomerization properties
to other Fv constructs.[70] Additionally, it is postulated that
through design coupled with in vivo selection, it will be possible
to create coiled coils that have the correct expression, protease
sensitivity, localization, pairing kinetics, and interactions with
targeted cellular proteins, to exert in vivo function.[12] For
example, Sharma and co-workers have designed a peptide (anti-
APCp1) that is targeted to bind with a coiled-coil sequence from
the adenomatous polyposis coli (APC) tumor-suppressor protein
that is implicated in colorectal cancers.[31] Another publication
described the design a of a dominant negative coiled-coil
peptide that heterodimerized with a bZIP transcription factor to
prevent DNA binding. The transgenic expression of this con-
struct in mice demonstrated its functionality in vivo.[71]


Coiled coils have been used as tags in the expression and
purification of other proteins. In such systems, the target protein
is expressed as a fusion with one of the coiled-coil strands and
purified by using an affinity chromatography column derivatized
with the complementary coiled coil.[72, 73] However, a limitation of
this technique is the high stability of the coiled-coil heterodimer;
this means that the elution buffer needs to be of low pH (to
disrupt electrostatic interactions) and contain acetonitrile (to
disrupt hydrophobic interactions), both of which can be
damaging to the protein. With that in mind, Litowski and
Hodges modified the E/K coiled coil to lower its stability, by
reducing the length of the coiled coil, and wisely changing only
the g/e� charge pattern to repulse homodimers, without the
compromise of lowered heterospecificity.[45]


Wang et al. have used coiled coils, covalently bound to water-
soluble synthetic polymers, that can undergo temperature-
induced collapse, thus acting as a hydrogel with engineered
volume-changing properties.[74] This is due to the cooperative
conformational transition inherent to the coiled coil. The authors


go on to suggest that different types of coiled coils could be
used in the same system, to result in gels capable of stepwise
transitions in volume, with each step triggered at a different
temperature (or possibly pH change/change in ionic strength).
The idea is that these can then be used as a potential drug-
delivery system.[75]


Finally, Ryadnov et al. have used coiled coils as a peptide-
based linker system.[76] Three leucine-zipper sequences, known
as ™belt and braces∫, contain one free peptide (the ™belt∫) that
can template the assembly of the other two peptides (the
™braces∫), to give a 1:1:1 specific self-assembling and thermally
stable complex. This could potentially be utilized in peptide-
directed immobilization at surfaces, or in guiding nanoparticle
assembly.


Clearly coiled coils are important structural motifs involved in
a variety of important interactions that have the potential to be
biochemically and therapeutically exploited. However, it appears
that a better understanding of the energetics and interactions
that drive specific associations of coiled coils (together with
design options for delivery to the site of action) are necessary
before such strategies become realistic. However, with the fast-
paced nature of progress in this field, designed coiled-coil
peptides are likely to be found in a wide variety of in vitro and in
vivo biochemical applications within the near future.
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Combinatorial Approaches To Novel Proteins


Tomoaki Matsuura,[a] Andreas Ernst,[b] David L. Zechel,[b] and Andreas Pl¸ckthun*[b]


Introduction


The number of naturally occurring protein sequences is merely a
tiny fraction of all possible protein sequences, hence there is
little doubt that nature has not explored all of protein-sequence
space. In general, proteins found in nature are compactly folded,
resistant to proteolysis, rich in secondary structure, exhibit
cooperative unfolding behavior, and possess a defined oligom-
erization state. In contrast, non-natural polypeptide sequences
very rarely possess these properties. Therefore, it is clear that
only a small fraction of all possible polypeptide sequences will
exhibit properties similar to natural proteins, but there is
currently no estimate, not even of the order of magnitude, of
how frequently sequences with native-like properties would
occur.


The number of protein folds (the three-dimensional arrange-
ment of secondary structures) found in nature is most likely
limited.[1] Even though the exact number is a matter of debate[1±4]


and is influenced by how narrow the bins that define a particular
fold are chosen, the homology between genomes and the
presence of sequence families with many members automati-
cally put a cap on this number. The number of folds may
eventually be more accurately estimated when the primary
sequence of a protein can be used to predict its structure. This,
however, is a challenge that easily equals the discovery and
creation of new folds in terms of difficulty.


To shed light on these fundamental questions researchers
have begun to explore new regions of sequence space with the
intent of creating and/or discovering novel, non-natural pro-
teins. There are two approaches one can consider. The first
mimics the evolution of natural proteins in that a particular
function (e.g. , ligand binding) is used to select stably folded
proteins. The second approach, which is not likely to have a
parallel in nature, selects for compactly folded and stable
proteins without a requirement for function (e.g. , stability to
proteolysis, denaturants, hydrophobicity, temperature etc.). It
does have the great advantage, however, that there are probably
far more solutions than in selections based on function. In either
approach the following question is posited: is it possible to find
proteins with a stable fold in unexplored regions of sequence
space and, if so, what fraction of all sequences possess these
properties?


One can address these questions also by computational de
novo protein design. Computational approaches were devised
to find a sequence which is compatible with one predetermined
fold, usually a natural one,[5, 6] even though a few non-natural


ones have been reported.[7, 8] In such calculations, more variants
can be tested than possible in experimental libraries, as long as
simple energy and scoring functions are being used. Never-
theless, computational approaches have also specifically been
devised to find novel folds in sequence space by stacking small
building blocks (�-helices and �-strands).[9] It was shown that
naturally occurring four helix bundles could be reproduced and
even new four helix bundle folds could be identified which are
suggested to have a high ™designability∫ (several unrelated
sequences can adopt the same fold).[10]


We will, however, not discuss the algorithms or computational
strategies but we will instead concentrate on the experimental
approaches to generate stable and folded proteins from a pool
of sequences. Starting from the development of highly diverse
polypeptide libraries containing potentially meaningful sequen-
ces, we will focus also on selection techniques suitable to select
proteins on the basis of their biophysical properties.


Random Polypeptide Libraries


Creating a random polypeptide sequence library and character-
izing the biophysical properties of the proteins contained within
is one method to explore sequence space. For more than a
decade researchers have worked with random polypeptide
libraries (Figure 1a), with the aim of obtaining meaningful
(functional and/or folded) sequences.[11±19]


Recently, Keefe and Szostak[15] achieved a major step forward
in this field by using mRNA display to select functional 80-
residue proteins from a random polypeptide library with a
diversity of 6� 1012. Such large libraries are only accessible to in
vitro selection systems, such as the puromycin-based selection
used by Roberts and Szostak[20] or ribosome display (see
below).[21, 22] Of the originally selected four peptides, one bound
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ATP with KD values in the nanomolar range and required Zn2� to
do so, indicating the presence of a defined binding site.[15] Based
on the assumption that only 10% of the available 6� 1012


sequences are potentially functional in the first round of
selection, they estimated that roughly 1 in 1011 molecules in
the original random sequence library have ATP binding activity.
Nevertheless, structural characterization has so far been limited
because the selected proteins are soluble only as fusions with
maltose binding protein, and thus the ™foldedness∫ of the
peptide is not yet clear.


In contrast to the work of Keefe and Szostak,[15] which started
from a large random sequence library, Yamauchi et al.[23]


reported the evolution of esterase activity from merely ten
clones that were arbitrarily chosen from a random sequence
polypeptide library.[24] Using phage display, the ten clones were
assayed for binding to a transition state analogue (TSA) for an
esterase reaction. The sequence of the clone with highest affinity
to the TSA was randomized and another ten clones were
arbitrarily chosen and assessed by phage display as in the
previous round. After 13 such rounds of mutation and selection,
they obtained a protein (approximately 120 amino acid residues)
with a sevenfold higher kcat/Km value for esterase activity relative
to the initial clones. In addition, the TSA was shown to inhibit the
esterase activity of the peptide, further suggesting the presence
of a specific active site. Oddly, however, CD spectroscopy
indicated that there was no significant increase of secondary
structure in the evolved peptides.


These studies demonstrate that it is possible to obtain
functional proteins from random sequence libraries. The fact
that these proteins show some function implies that at least a
part of each sequence must be structured, and this structured
state must be sufficiently populated, even though it may be in
rapid equilibrium with unfolded or less compact states. Never-
theless, the emergence of stable folds from these libraries has
yet to be observed.


Combinatorial Protein Libraries


The number of sequences that can be screened experimentally
at any one time is �1014,[14] whereas the number of all possible
sequences of proteins with a length of 100 amino acids is 20100�
10130. The size of the libraries that can be screened experimen-
tally is unlikely to increase, as 1014 genes with a size of 1000 base
pairs corresponds to 100 �g DNA, and in order to increase this
diversity, one would have to work with grams of DNA, which is
very unrealistic. To be able to answer these fundamental
questions of stable structure, which may involve exceedingly
rare events in sequence space, it may thus be important to
rationally design a library with biased sequences to increase the
chance of obtaining functional and/or folded proteins. Further-
more, instead of trying to have all conceivable variants present at
once, it is a much more effective strategy to create them by an
evolutionary process in multiple ™generations∫, that is, a
succession of randomization and selection.


The Hecht group has reported the de novo design of protein
libraries using binary patterning.[25±34] Previously they have
constructed a library of four-helix bundle proteins (Figure 1c)
by constraining the pattern of polar and non-polar residues, but
not the precise side chains,[26] and have found that a substantial
proportion of these proteins exhibit cooperative thermal
unfolding[31] and amide protons that are protected from
exchange.[30] A large fraction of the four helix bundle library
members have been shown to bind heme,[28] possibly because
heme generally prefers to be sandwiched between helices.
Subsequently, library members have been shown to display
peroxidase activity, higher than what had been achieved in other
artificial systems.[27] More recently, they have grafted a binary
patterned library to the beginning and end of the helices of one
of the members[35] arbitrarily chosen from the previously
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Figure 1. Schematic representation of the libraries discussed in the text. a) total
random library,[11±19] b) library of secondary structure modules, themselves made
by synthetic oligonucleotides in which trinucleotide mixtures have been used to
achieve the desired secondary structure propensities. The modules are then
ligated at the DNA level to achieve open reading frames of about 100 amino
acids. For details, see text and ref. [38]. c) Library of potential four-helix bundles
made by a synthetic gene based on binary patterning. For details, see text and
Kamtekar et al.[26]
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designed library.[26] Subsequent biophysical characterization of 5
proteins from this second generation library by CD and NMR-
measurements showed a substantially higher stability and
improved native-like properties compared to the initial protein,
and a structure was recently solved.[36] Binary patterns of
alternating polar and nonpolar residues has also been used for
designing �-sheet proteins with the main finding that these
sequences protect their hydrophobic surface by forming amy-
loid-like fibrils[33] or assemble as mono-layers on an aqueous/air
interface.[34] However, by applying negative design principles[37]


it has been shown that these fibril forming �-sheet proteins
could be converted into monomeric and soluble proteins by
introducing a lysine residue at one of the nonpolar positions in
the edge �-strand.[32] Recently, with the long term goal of
creating artificial biomaterial, a de novo designed peptide was
shown to be capable of assembling into �-sheet fibers on a
highly ordered pyrolytic graphite surface that was used to direct
the assembly of a de novo designed peptide into �-sheet
fibers.[25]


These results demonstrate that a protein library created by
using binary patterning to encode a specific given fold (four-
helix bundle or �-sheet) will contain a substantial number of
proteins with the expected folding properties. This immediately
raises the possibility that other simple folds can be obtained
from binary patterning.


In contrast to the above studies, we have constructed a
combinatorial library that does not restrict the topology to a
certain fold (Figure 1b).[38] As chain topology is defined by the
arrangement of secondary structure modules, we generated
different libraries with an average length of 100 amino acid
residues by randomly polymerizing DNA modules encoding
secondary structures (�-helix, �-strand and �-turn), based
primarily on binary patterning of polar and non-polar residues.[39]


The DNA sequences were prepared using codon (trinucleotide)
building blocks,[40] which allowed us to tailor the corresponding
amino acid mixtures to favor formation of the desired secondary
structure elements. We observed that approximately 1 in 6
members in those libraries which only contain �-helical modules
and turn modules, while distant from natural proteins in
sequence space, possess favorable properties, including the
expected �-helical secondary structure, a defined oligomeriza-
tion state as well as cooperative equilibrium unfolding proper-
ties in urea. These proteins, however, far from being fully
evolved, also showed properties consistent with a molten-
globule state,[38] which may be a stepping stone to a fully stable
native structure.


While natural proteins, in general, have a distinct global free
energy minimum which allows them to fold into one unique
structure, molten globules lack this distinct global minimum,
and thus do not have specific or compact tertiary structure,[41]


even though they may have a particular topology. How may a
protein evolve to have a distinct global minimum?


Nature obviously did not compute and create proteins with
native-like properties, but only through successive rounds of
mutation and selection were modern proteins obtained. Se-
quence variation and the resulting evolution of proteins arise
from point mutations, deletions, insertions, elongation and


recombination. All these mechanisms can be reproduced with
current techniques in molecular biology. However, one still
requires a means of selection and a clearly defined selection
pressure. Undoubtedly all proteins have evolved on the basis of
their functionality, and a stable structure is simply the prere-
quisite to fulfilling a function rather than a goal in itself. In
addition, proteins form a compactly folded structure by shield-
ing hydrophobic residues from the solvent, in the form of a well
packed hydrophobic core, and by maximizing the number of
hydrogen bonds possible. These properties are very difficult, if
not impossible to accurately calculate a priori at the current time.
Therefore, it is important to examine the evolutionary origins of
these properties. It is possible that the types of selection pressure
available in the laboratory were also operative during natural
evolution of proteins, even though the means of implementing
them were of course very different.


In the next section we will review the strategies that can
potentially be used to select and evolve protein folds.


Selecting Stably Folded Proteins


One selection pressure that has been explored in searching for
™foldedness∫ is protease resistance. It has often been observed
that unfolded proteins are digested much more rapidly than
folded ones,[42, 43] and that a number of cellular machines even
actively unfold proteins for degradation.[44] Partial proteolysis is
an established technique for defining domains,[45, 46] for example,
for crystallizing proteins. The key to selectivity seems to lie in the
fact than many active sites of proteases are at least somewhat
recessed, and therefore only accessible to a piece of sequence
which can enter this site. Nevertheless, most proteases have
some primary sequence preferences, and unstructured poly-
peptides might evade the pressure by simply avoiding these
sequence motifs. Furthermore, perfectly folded proteins can
have accessible loops, and all fusion proteins need to be linked
in some way and thereby expose a potentially vulnerable linker.
Most successes with this selection strategy have therefore been
reported for cases in which point mutants of the same fold were
challenged, rather than different architectures compared (see
below).


It is not clear which role proteolysis plays during natural
evolution as proteins and the cellular proteases coevolve to
achieve a fine balance of optimized lifetimes in vivo. One
method to select proteins with higher protease resistance using
phage display[47] is to fuse a library of proteins at the N terminus
of the minor coat protein (pIII) of the M13 filamentous phage,
followed by selection for variants that are resistant to proteolytic
digestion (Figure 2a). This was demonstrated for point mutants
of a very stable protein, ubiquitin, and selected clones were
shown by CD and NMR to possess native-like properties.[48]


Similar approaches were applied to RNase T1,[49] barnase[50] and
cold shock protein B from Bacillus subtilis (Bs-CspB),[51] with the
exception that in these cases the target proteins were inserted
between the domains of pIII (Figure 2a), thus linking protease
resistance to the infectivity of the phages. Thorough studies on
Bs-CspB[51, 52] have shown that protease resistance could suc-
cessfully enrich the Bs-CspB variant with the highest midpoint of
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thermal unfolding and Gibbs free energy of unfolding, values
which even exceeded that of the naturally thermostable
homolog Bc-Csp from Bacillus caldolyticus. It has to be noted
that in all these cases variants of well-folding, natural proteins
were investigated.


The potential of proteolysis selection in combination with
phage display has also been used to investigate the possibility of
creating novel proteins with stable folds.[53] Riechmann and
Winter fused the gene encoding the N-terminal half of the cold
shock protein CspA with the fragmented genome of Escherichia
coli, then selected the corresponding proteins that survived
proteolysis. They selected chimeric proteins which could be
solubly expressed and exhibited cooperative unfolding. Despite
the lack of sequence homology to the C-terminus of CspA, one
of the selected chimeras acquired sequence from a fold similar to
CspA and another chimera picked up sequences from a protein
with a different fold. One of the selected proteins has now been
crystallized and shows that the key features of the CspA fold are
present, albeit in a multimeric, domain-swapped fashion.[54]


These results provide evidence that proteolysis selection has
the potential to select domains for compactness and foldedness.


Globular proteins must be soluble to exhibit function. Waldo
et al. have developed a method that is capable of screening


soluble proteins in E. coli based on the idea that soluble proteins
will fluoresce when fused with green fluorescent protein (GFP),
whereas aggregating proteins will prevent GFP from folding and
thus block fluorescence (Figure 2d).[55] They have recently
applied this method to improve the expression properties of
hyperthermophilic proteins, which are expressed predominantly
as inclusion bodies in E. coli. The resulting solubly expressed
proteins could then be used for structural studies.[56] It is,
however, necessary to match the folding properties of the target
with those of GFP. If the target is extremely insoluble, an evolved
form of soluble GFP is useful.[57] If the target is not too insoluble,
wild-type GFP provides the necessary discrimination. These
experiments provide a selection for solubility, but this may be
necessary but not sufficient to select artificial proteins for
folding.


In a related method proteins have been selected for resistance
to E. coli proteases by monitoring fluorescence energy transfer
(FRET) between blue fluorescent protein (BFP) and green
fluorescent protein (GFP) fused to the N and C termini,
respectively, of the protein of interest (Figure 2a).[58] During the
time required for the fluorophor to develop (24 h), presumably
by air oxidation, these less stable proteins are degraded in the
cytoplasm of E. coli. Because GFP and BFP are no longer held in


Figure 2. Schematic representation of the selection methods for folded states discussed in the text in more detail. a) Selection for protease resistance. From top to
bottom, phage display with an N-terminal tag and a cognate anti-tag antibody is shown, and the connection of the tag to the phage is challenged by a protease
digesting the inserted polypeptide, indicated by wavy lines.[47, 48] The same principle can be applied to ribosome display (second from top), thereby leading to an in vitro
selection not requiring any transformation.[64] Instead of an N-terminal tag in phage display, the presence of the N-terminal domains themselves can be used as a
selection principle, as they are strictly needed for infecting E. coli (third from top).[49±53] Finally, E. coli proteases can be used in vivo, if they disconnect blue fluorescent
protein (BFP) from green fluorescent protein (GFP) and thereby stop the possibility of fluorescence energy transfer (FRET).[58] b) Compactness may (in principle) be
selected for, if the polypeptide of interest is inserted into a protein, where two domains or subdomains need to be close to allow function. This has been applied for
dihydrofolate reductase[60] and an SH2 domain.[18, 19] c) Nonstickiness has been used as a selection criterion using ribosome display by removing unfolded clones, which
presumably expose part of their hydrophobic core, and thus bind to a hydrophobic resin, carefully adjusted to provide the right amount of selection pressure.[64]


d) Solubility itself can be selected for in fusion proteins to GFP, as an aggregating protein will also lead to the precipitation of GFP, and thus a lack of fluorescence.[55, 56]
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proximity, the FRET signal is lost. In this way an antibody VL


domain was selected that exhibits improved stability. However,
this method is probably limited to misfolded proteins which do
not form inclusion bodies in the cytoplasm of E. coli, and it
therefore complements the work of Waldo et al. ,[55, 56] which
measures absolute GFP fluorescence and thus solubility.


Insertion of an unfolded polypeptide sequence into the loop
of a host protein will decrease the stability of the host due to the
entropic cost associated with the unfolded sequence. If the
inserted sequence is properly folded, however, the entropic cost
is minimized (Figure 2b). Based on this theory, Baker and
colleagues have attempted to select folded proteins from a
random polypeptide sequence library.[18, 19] They inserted the
library into the loop of the SH2 protein and selected for binding
to the SH2 ligand using phage display.[19] Surprisingly, the
selected polypeptide sequence was predominantly random coil,
yet had very little effect on the stability of SH2 or its affinity to
the ligand. The authors believe that the tolerance of the random
coil may stem from the solubility of the protein and not
necessarily the presence of a fold. Nevertheless, the insertion
may provide an interesting route to evolve multi-domain
proteins, and whole domain insertions into another domain
are common in multidomain proteins.[59]


Previously, we have attempted to select for folded proteins by
inserting secondary structure based libraries[38] between the two
domains of murine dihydrofolate reductase (mDHFR; Fig-
ure 2b).[60] mDHFR can be divided into two inactive domains
that will regain activity when they reassociate with the help of,
for instance, two interacting peptides or a cognate antigen-
antibody pair.[61±63] Since only the bacterial DHFR is sensitive to
trimethoprim, E. coli can acquire trimethoprim (TMP) resistance
when mDHFR is expressed in an active form, and the growth rate
correlates with mDHFR activity. Therefore, when the inserted
library protein has a stable fold, the two domains of the DHFR are
expected to associate, which will allow E. coli cells to grow in the
presence of TMP. We thus expected to obtain a protein insert
with at least a compact structure, simply by selecting for faster
growing clones in the presence of TMP. Indeed, a clear enrich-
ment of a specific sequence was observed. The clones were then
further characterized as isolated proteins, in the absence of
mDHFR. We observed, however, that the selected sequences had
very similar biophysical properties to the proteins arbitrarily
selected from the initial library; these proteins were highly
soluble but possessed a significant fraction of random coil.[60]


This result and the analogous work using the SH2 domain[18, 19]


both lead to the conclusion that the solubility of the hybrid
protein, rather than a compact, folded structure, is the main
determinant of whether the loop insertion is accepted or not.


Recently we reported the development of an in vitro selection
system which can be tailored to reward the function, solubility
and protease resistance of a protein.[64] We aimed to establish
ribosome display as a method where we are able to apply
different selection pressures using a common setup. Ribosome
display[21] is an in vitro selection system capable of screening
very large libraries (�1012), and has been shown to be a powerful
tool to select proteins for ligand binding properties.[22, 65] It can
be adopted to select for high affinity binding, but it can also be


used to select the most stable variant, again by exploiting ligand
binding.[66] We have recently further adapted ribosome display
to select for proteins based on their folding properties alone,
independent of any binding properties. This is based on two
properties of misfolded proteins: 1) increased sensitivity to
proteolysis (Figure 2a) and 2) greater exposure of hydrophobic
residues (Figure 2c). By targeting these properties, we have
shown that compactly folded and soluble proteins can be
enriched over insoluble and random coil proteins.[64]


Since ribosome display works entirely in vitro, a larger library
can be screened is possible with methods where a DNA library
has first to be introduced into cells. Moreover, because of the
defined nature of the system, possible problems of genetic
instability or toxicity of the proteins, which may occur in vivo,
can be circumvented. These properties are very likely critical
when performing selections on artificial libraries, such as those
built from secondary structure modules.[38]


Future Perspectives


There is great interest in generating truly novel proteins, rather
than merely varying natural proteins, and the challenge is to
establish a system capable of obtaining such molecules. Creating
protein libraries, in combination with an appropriate selection
method, is one approach that may achieve this goal. Although
computational de novo design of proteins has been developing
rapidly, the complexity of the physics underlying the protein
topology itself, but especially the process of folding, with
alternative pathways of misfolding and aggregation, continues
to be a major challenge to accurately predict the fate of a given
sequence.


The design of a protein library and the method of selecting
meaningful sequences from that library are the two fundamental
aspects that must be considered. Statistics alone dictate that
there are almost certainly novel folds hidden in the unexplored
regions of protein sequence space. With current developments
in gene-assembly technologies and selection methods, the tools
are now here, and the exploration of sequence space can be
expected to proceed more rapidly and efficiently.[67]


Keywords: combinatorial chemistry ¥ de novo proteins ¥
molecular evolution ¥ protein design ¥ ribosome display
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Consensus Design of Repeat Proteins
Patrik Forrer, H. Kaspar Binz, Michael T. Stumpp, and Andreas Pl¸ckthun*[a]


Consensus design is a valuable protein-engineering method that is
based on statistical information derived from sequence alignments
of homologous proteins. Recently, consensus design was adapted
to repeat proteins. We discuss the potential of this novel repeat-


based approach for the design of consensus repeat proteins and
repeat protein libraries and summarize recent results from such
experiments.


1. Introduction


One important goal of protein engineering is to improve the
biotechnological or medical efficacy of proteins by adapting
their biophysical or functional properties. Besides affinity and
specificity, these properties include protein expression and
folding properties, as well as protein solubility and stability.
However, improving these properties is not straightforward,
since the underlying principles are not fully understood. Current
protein engineering approaches to improve natural proteins can
be grouped into three categories: i) approaches based on
structure and computation, ii) those exploiting directed evolu-
tion and iii) those based on consensus design.[1±5] Here, we focus
our discussion on consensus design (Table 1), bearing in mind
that these approaches can all be combined.


Consensus design uses statistical analyses of sequence align-
ments of families of homologous proteins for protein engineer-
ing.[4, 5] The quality of such alignments depends on the number
of unbiased sequences available. Thus, the reliability of con-
sensus design strongly profits from ongoing genome projects.
The idea fundamental to consensus design is that functionally
important residues of proteins are more conserved than other
residues; this is a direct result of diversification and selection
during protein evolution. Such conserved residues include those
maintaining the fold of a protein and those central to the
process of protein folding and to the avoidance of aggregation.
Whether residues important for biological function (e.g. binding
to a particular target or catalysis) are conserved in an alignment
depends on whether all of the selected family members share
this function. For example, a family of enzymes will normally
exhibit conserved catalytic residues, whereas the binding
regions in antibodies are not conserved. Natural proteins rarely
follow the consensus sequence at all structurally important
positions, since natural proteins only have to be stable enough
to fulfill their biological function; proteins with stabilities above a
certain threshold will have no further selection advantage.[6]


Thus, replacing a residue with the corresponding consensus
amino acid may improve the stability or folding efficiency of a
protein of interest. Furthermore, proteins designed by consen-
sus approaches often maintain their biological function, since
given residues are replaced only by amino acids that have
already proven their evolutionary fitness. Consensus design
therefore directly profits from millions of years of natural
diversification and selection.


The efficacy of consensus design was demonstrated, for
example, for the McPC603 immunoglobulin light-chain variable
domain,[7] the p53 DNA binding domain,[8] the GroEL minichap-
erone,[9] the Abp1p SH3 domain,[10] and the tumor suppressor
p16INK4a.[11] In these studies 25% to 60% of the proteins bearing a
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Prof. Dr. A. Pl¸ckthun,
Biochemisches Institut, Universit‰t Z¸rich
Winterthurerstrasse 190, 8057 Z¸rich (Switzerland)
Fax: (�41)1-635-5712
E-mail : plueckthun@bioc.unizh.ch


Table 1. Glossary


Repeat protein A protein containing a repeat domain.
Repeat domain A domain composed of repeating homologous


structural units (repeats), which tightly stack together
forming a joined hydrophobic core. The stability of the
domain is ensured by the mutual stabilization of the
repeats. In most repeat domain classes, the stacking of
repeats leads to an elongated architecture, but
propeller-like circular architectures also exist.


Repeat One of several repeated homologous building blocks
of a repeat domain. A repeat has a well-defined
topology when present in a repeat domain, but is
usually unfolded on its own. Typically, a repeat of an
elongated repeat domain consists of 20 to 42 amino
acids and contains a characteristic amino acid se-
quence motif.


Capping repeat A terminal repeat of an elongated repeat domain that
shields the continuous hydrophobic core of the
stacked repeats.


Consensus design Protein design method, where a multiple alignment of
a family of homologous proteins is used to calculate a
consensus sequence. This consensus sequence is then
compared with existing protein sequences and the
differences predict which point mutations can be
introduced to increase the stability of the protein.
Similarly, whole proteins can be designed from a
consensus sequence.


Repeat-based
consensus design


Consensus design method tailored for repeat proteins.
The consensus sequence of a family of homologous
repeats is calculated and a self-compatible repeat is
designed, which can be assembled to repeat domains.
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single consensus designed mutation showed significantly in-
creased thermodynamic stability, when compared to the corre-
sponding wild-type proteins. The success rate was highest for
the immunoglobulin domain (60%), where the largest set of
homologous sequences was used to derive the consensus
sequence. The stability gain was found to be additive for most
mutations described in the various systems. For example,
combining three mutations in the Abp1p SH3 domain resulted
in an increase of the melting temperature (Tm) from 60 �C to
above 90 �C and a concomitant doubling of the Gibbs free
energy of unfolding (�Gu) to 6 kcalmol�1.[10] In addition, full
consensus proteins with stabilities higher than the correspond-
ing natural proteins present in the alignment were generat-
ed.[12±15]


An important caveat is that consensus design becomes more
complex when the analyzed protein family needs to be split into
subfamilies with mutually exclusive residue combinations. Well
studied examples are the subfamilies of antibody variable
domains.[16] In such cases, consensus design has to be separately
applied to each subfamily to avoid design incompatibilities. If a
particular subfamily is strongly over-represented (e.g. VH3 in the
antibody VH subfamilies), the consensus sequence of the whole
family would be essentially identical to that subfamily, and all
further information from other subfamilies would thus be
obscured.[17]


Recently, consensus design was successfully extended to
repeat proteins (Table 1), exploiting their repetitive architec-
ture.[18±24] Here, we review this novel repeat-based consensus
design (Table 1) and discuss its potential for the generation of
consensus repeat proteins, the design of repeat protein libraries
and recent results from such experiments.


2. The Architecture of Repeat Proteins


Repeat proteins are abundant binding molecules present in
most forms of life. They are involved in innumerable biological
processes, such as cell-cycle control, transcriptional regulation,
innate immunity, vesicular trafficking, cell differentiation, apop-
tosis, cellular scaffolding, plant defense or bacterial invasion.[25±28]


On the molecular level, repeat proteins mediate specific target
interactions, similar to immunoglobulins. The success of repeat
proteins as specific binding molecules most probably relies on
their repetitive architecture, resulting in malleable and modular
molecular surfaces able to mediate specific interactions (Fig-
ure 1).[26±30]


Repeat proteins contain consecutive copies of homologous
structural units (™repeats∫, Table 1). In many repeat proteins
these units stack together to form elongated, non-globular
domains with a joined hydrophobic core. Elongated repeat
domains are often terminated by special repeats, which we
termed ™capping repeats∫ (Table 1).[31] Such capping repeats
shield the hydrophobic core of the repeat domain from the
solvent. This structural arrangement within repeat domains
allows, in principle, to add, exchange, or delete repeats from
repeat domains without destroying their three-dimensional
structure, but varying their surfaces. Individual repeats consist
of framework residues important for intra- and inter-repeat


Figure 1. Target interaction of natural repeat proteins. The repeat proteins are shown as
ribbon representations and the target molecules as surface representations (in blue).
A) Model of the crystal structure (PDB ID: 1BLX) of the complex of the AR protein p19
bound to the cyclin-dependent kinase 6 (CDK6).[59] The five ARs of p19 together form an
elongated domain that uses its concave side to bind CDK6. B) The crystal structure of the
complex of the TPR1 domain of Hop bound to the C-terminal heptapeptide of the
chaperone Hsp70 (PDB ID: 1ELW).[60] Two views of the complex are presented; the lower
one is rotated by 45� around the vertical axis compared to the upper one. The structure
shows the target peptide in an extended conformation, filling a groove in the TPR domain.
C) The crystal structure of the complex of the porcine ribonuclease inhibitor (an LRR
protein) with bovine ribonuclease A (PDB ID: 1DFJ).[61] The inhibitor binds the ribonuclease
A with its concave surface formed by the parallel �-sheets and with the loops. A ±C) The
figures were prepared with MOLMOL.[62]
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interactions and surface-exposed potential target interaction
residues. The surface residues of several juxtaposed repeats
together form a large potential binding surface. Typical repeats
consist of 20 ± 42 amino acid residues and have a well-defined
topology when present in a repeat domain.[32] Each repeat
consists of �-helices, �-strands, or loops in a combination typical
for its class. Examples of such repeats include leucine-rich
repeats (LRRs), ankyrin repeats (ARs), armadillo/HEAT repeats,
and tetratricopeptide repeats (TPRs).[26, 28, 32±36] The structures of
elongated repeat proteins are distinct from globular proteins:
they possess an elongated shape, an intrinsic repeat-based
modularity, and they lack interactions between residues very
distant in sequence.


3. Repeat-Based Consensus Design


The biological importance and the particular architecture of
repeat proteins make them attractive targets for protein
engineering. Design and engineering of repeat proteins may
help to elucidate their structural and biophysical properties, such
as the dependence of stability and folding on the number of
repeats, as well as the importance of key intra- and inter-repeat
interactions. The vast majority of stability and folding studies so
far have focused on globular proteins, leaving repeat proteins
largely unexplored. On the other hand, repeat proteins are, like
immunoglobulins, versatile natural scaffolds specialized for
target binding. Thus, design and engineering of repeat proteins
may result in novel binding molecules suitable for biotechno-
logical or medical applications.


3.1 Concept


Recently, consensus design was adapted to the repetitive nature
of repeat proteins (Table 2, Figure 2).[18±22] Instead of building


repeat domains based on alignments of whole repeat domains,
this novel concept involves the design of consensus repeats and
their subsequent assembly into repeat domains. In this repeat-
based consensus design, consensus repeats were obtained by
both intra- and intermolecular sequence alignments of homol-
ogous repeats. Such intramolecular repeat alignments ensure
that repeat residues present for functional reasons other than
maintaining the fold, for example, specific binding functions, are
averaged out. Importantly, each repeat domain may contribute
several different repeat sequences to such an alignment, thereby
rapidly expanding the statistical basis for the consensus design
with increasing number of repeat domains available. Consensus
design based on the alignment of homologous globular protein
domains normally results in a consensus sequence that reflects
both functionally (e.g. , active site residues) and structurally
important residues. In contrast, the alignment of homologous
repeats, as outlined above, results in a consensus sequence that
only reflects structurally important residues, that is, framework
residues able to mediate conserved intra- and inter-repeat
interactions. Such a conservation of inter-repeat interactions
ensures the self-compatibility of consensus-designed repeats,
that is, they are able to stack properly into repeat domains.
Indeed, such self-compatibility of consensus-designed LRRs, ARs,
and TPRs was recently demonstrated.[18±22] Interestingly, it did
not seem necessary to consider the covariance of residues within
the repeats separately, since certain covariations apparently
dominate in nature. However, in the LRR design,[20] the
consensus was derived exclusively from the subfamily of
ribonuclease inhibitors to avoid any incompatibilities from
mixing different LRR subfamilies. Taken together, repeat-based
consensus design of repeat proteins results in designed proteins
not biased by any functional constraints other than those
maintaining the fold. Such repeat proteins are not only of great
value for stability and folding analysis but may be an optimal


Table 2. Repeat-based consensus design studies


Reference Names of designed
proteins (PDB ID)


Fold (number of
repeats)


Number of repeat
sequences
considered


Design characteristics Key results


Mosavi et al.[18] 1ANK ankyrin repeat (1-4) 4400 sequence-based,
no capping


stable regular AR domains
2ANK
3ANK (1NOQ)
4ANK (1NOR)


Binz et al.[21] and
Kohl et al.[19]


N2C ankyrin repeat (4-6) 2220 sequence-based,
structural refinement,
capping repeats,[a]


library


stable regular AR do-
mains, soluble expression,
domains with diversified
surfaces


N3C (1MJO)
N4C


Main et al.[22] CTPR1 tetratricopeptide
repeat (1.5-3.5)


1837 sequence based,
capping features[b]


stable regular TPR
domainsCTPR2 (1NA3)


CTPR3 (1NA0)


Stumpp et al.[20] N3C leucine-rich repeat
(8-14)


28[c] sequence-based,
structural refinement,
capping repeats,[a]


library


soluble expression,
domains with diversified
surfaces


N4C
N5C
N6C


[a] Designed capping repeats terminate the repeat domain. [b] A helix nucleation sequence was added to the first helix at the N-terminus and a solvating helix
to the C-terminus. [c] 28 ™double repeats∫, each consisting of an A- and B-type LRR, typical for mammalian ribonuclease inhibitors, were considered.







A. Pl¸ckthun et al.


186 ¹ 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim www.chembiochem.org ChemBioChem 2004, 5, 183 ±189


starting point for the design of novel binding molecules (see
below).


3.2. Consensus repeat proteins


Whereas small globular proteins have been studied extensively
in terms of folding and stability, only a few natural repeat
proteins have been investigated.[37±44] Nevertheless, the struc-
tural peculiarities of repeat proteins ask for a more fundamental
analysis. Especially, the influence of the number of repeats on the
folding and stability of repeat domains may give deeper insights
into the cooperativity of the inter-repeat interactions. Although
repeats of natural repeat proteins are structurally homologous,
evolutionary drift[45] is thought to have produced substantial
sequence variations. The resulting sequence heterogeneity com-
plicates the interpretation of the fundamental biophysical proper-
ties of repeat protein architectures.[24, 39] Therefore, repeat proteins
obtained by repeat-based consensus design are more suitable for


the analysis of these fundamental properties. As outlined above,
such designed repeat proteins are free of any constraints other
than scaffold functions.


Mosavi et al. (Table 2) designed AR polypeptides containing
one to four identical repeats.[18] Whereas the obtained one- and
two-repeat proteins were mainly unfolded, the obtained three-
and four-repeat proteins were well-folded monomers upon
refolding as indicated by gel filtration, CD, and NMR measure-
ments. In addition, thermal denaturation of the larger proteins
was monitored by CD measurements at 222 nm, which showed
reversible, cooperative thermal transitions between pH 4 and 5.
The determined midpoints of transitions were 69.4 �C and 81.3 �C
for the three- and four-repeat protein, respectively. Thus, their
results show a clear increase in stability as the repeat number
increases. X-ray crystallographic analysis of these proteins
demonstrated that they adopt a very regular, tightly packed
AR fold, proving the success of repeat-based consensus
design.


Figure 2. Consensus analysis of AR proteins. The residue conservation of AR proteins, as determined by Binz et al. ,[21] is illustrated by using the X-ray structure of the
designed AR protein E3_5 (PDB ID: 1MJ0).[19] E3_5 consists of three consensus-designed repeats flanked by capping repeats. The consensus repeats are based on the
repeat sequence motif of (A). The percentage of conservation of each amino acid position is color coded as indicated at the bottom of the figure. A) The AR consensus
sequence motif as designed by Binz et al.[21] x : Any amino acid but not G, C, or P. z: Any of the amino acids H, N, Y. The motif is also colored according to the level of
amino acid conservation. B) Illustration of the residue conservation in a surface representation of an AR. The middle repeat of E3_5 is presented in a lateral view from the
C terminus (left) and from the N terminus (right) showing the conserved hydrophobic core and less conserved surface exposed residues. C) and D) Surface
representations of E3_5. The concave surface of the AR domain (C) is less conserved than the opposite side (D) and was used for randomization in the AR protein library
design.[21] The capping repeats (shown in gray) differ from central repeats and were thus excluded from the consensus analysis. B) ±D) For orientation, corresponding
ribbon representations are shown on top of each surface representation. The figures were prepared with MOLMOL.[62]
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Binz et al. (Table 2, Figure 2) designed consensus AR proteins
with fixed framework and randomized interaction residues to
generate a regular scaffold displaying variable molecular surfa-
ces.[19, 21] Thereby, designed AR proteins were obtained that
could be expressed at levels of 200 mgL�1 soluble protein in
Escherichia coli using normal shake flasks. Melting temperatures
from 66 �C to above 85 �C (CD measurements) and thermody-
namic stabilities between 9 and 21 kcalmol�1 (denaturant-
induced equilibrium unfolding) were determined. Thus, these
proteins have considerably improved stabilities and expression
yields when compared to natural AR proteins of the same length.
In addition, the crystal structure of one of these designed AR
proteins provided insight into a very regular and tightly packed
AR fold. Again, designed AR proteins with more repeats
exhibited higher stabilities.


Main et al. (Table 2) designed consensus TRP proteins con-
taining one to three identical repeats.[22] These constructs also
contained three additional N-terminal residues to cap the
N-terminal �-helix and a polar C-terminal helix to cap the
C-terminal repeat. Analytical ultracentrifugation and analytical
gel filtration showed that all three proteins were monomeric
in solution over a wide concentration range (from 10 �M


to 2 mM). Far-UV CD spectra indicated high �-helical content.
Furthermore, the proteins exhibited cooperative thermal
unfolding transitions when followed by CD, with midpoints of
thermal denaturations of 49 �C, 74 �C, and 83 �C for their
one-, two- and three-repeat proteins, respectively. Thus,
increasing the number of repeats resulted in a concomitant
increase in the melting temperature. The X-ray structures
of the two- and three-repeat constructs closely match that of
natural TPR proteins; this confirms the success of the design
strategy.


Stumpp et al. (Table 2) designed consensus LRR proteins with
randomized surfaces. These proteins were well expressed,
monomeric, and showed �-helical CD spectra.[20] Interestingly,
the equilibrium folding behavior of these designed repeat
proteins could not be described by a two-state approximation
and appears to follow a more complicated model. In this study,
the consensus analysis was undertaken for the mammalian
ribonuclease inhibitor family, which contains some of the
tightest binding molecules known.[46] At the time of this
consensus analysis, the sequences of only 28 homologous
repeats were known; this led to the smallest dataset used for
repeat-based consensus design of the examples mentioned. In
contrast to the other repeat protein families, the LRR protein
family can be divided into at least six LRR subfamilies,[47] and
consensus design preferably relies only on proteins from one
subfamily. Earlier reports described LRR consensus sequences
averaging over all known LRR proteins,[34] which would obscure
the sequence pattern and consequently would not be useful for
consensus design approaches.


An interesting design aspect of the consensus-designed AR
and LRR protein libraries[19±21] is that they are terminated by
capping repeats, which may be beneficial for domain folding
and stability through shielding of the hydrophobic core of these
domains from the solvent. AR and LRR proteins with capping
repeats and identical consensus repeats have also been


generated to study their biophysical properties as a function
of the repeat number.[48]


All in all, repeat-based consensus design of repeat proteins
has proven to be a powerful tool for obtaining consensus repeat
proteins of the AR, TPR, and LRR folds; this indicates that it is
most probably also applicable to other repeat proteins. The
future analysis of such designed repeat proteins will certainly
provide new insights into their stability and folding. From the
available data, it is already clear that repeat proteins need a
minimum number of repeats to be stable. Moreover, it is likely
that the stability of all repeat proteins increases with increasing
repeat numbers. In addition, consensus-designed repeat pro-
teins seem to be more stable than their natural counterparts;
this underscores the general benefit of consensus design to
improve the biophysical properties of proteins.


3.3. Repeat protein libraries


Man-made polypeptide libraries have become indispensable
sources for specific binding molecules in research and biomed-
ical applications. Antibody fragments[49, 50] are currently by far
the most widely used binding molecules. Nevertheless, antibody
fragments can have limitations in expression yield and stability,
depending on the antibody sequence. One particularly interest-
ing application is to express antibodies intracellularly to inhibit
cellular functions. Yet, under the reducing conditions of the
cytoplasm, the disulfide bonds of the antibody cannot form, thus
destabilizing the antibody.[51]


One way to deal with this limitation is to engineer antibodies
for higher stability by using consensus-based, structure-based,
or evolutionary approaches.[52±54] Another way to circumvent the
limitations of antibodies is to develop novel binding molecules
based on other protein architectures.[55±57] Such molecules
should combine the high affinity and specificity of antibody
fragments with efficient folding and expression properties as
well as with high thermodynamic stability under both oxidizing
and reducing conditions. Forrer et al. envisioned that repeat
proteins may be an attractive alternative to antibodies because,
next to antibodies, repeat proteins constitute the most abun-
dant natural protein classes specialized for binding.[31] Unlike
antibodies, repeat proteins occur intra- and extracellularly, and
their success as binding molecules most likely relies on their
modular architecture. Repeat proteins differ from almost all
other binding molecules by having a modular interaction surface
whose size can be simply adapted by varying the number of
repeats. Based on this concept of modularity, a novel strategy to
generate combinatorial libraries of repeat proteins of variable
length with randomized target interaction residues was devel-
oped that led to highly diversified molecular surfaces.[31] The key
steps of this strategy are the use of repeat-based consensus
design to generate a diverse set of compatible repeat modules
and the subsequent assembly of these modules into repeat
protein libraries between two capping repeats. Randomly
chosen members from such libraries indeed showed good
expression, folding, and stability properties, exceeding those of
corresponding natural repeat proteins, while displaying variable
surface residues (see above and Table 2).[19±21] From the AR
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protein libraries,[21] we isolated specific binding molecules
against several globular proteins with affinities in the low
nanomolar range by using ribosome display.[58] Their very high
expression yield and high stabilities make them attractive
binding molecules for various biotechnological applications.


The use of repeat-based consensus design to build repeat
protein libraries has several advantages over other engineering
approaches: i) In principle, only primary structural data of
homologous repeats are needed to design consensus repeats
with randomized positions. Nevertheless, tertiary structure
information may be very helpful for such a design approach,
particularly when deciding on less-conserved positions.[19±21]


ii) Consensus design ensures that all natural binding functions
of the input repeat proteins are averaged out, leaving an ™inert∫
scaffold suitable to display novel binding specificities. iii) This
approach directs the focus on positions that can be randomized
due to their low conservation, even though, again, structural
information from natural proteins may be very helpful.[19±21]


iv) Consensus design ensures the self-compatibility of repeats
designed in this manner, which is the key for their proper
assembly in repeat domains. (v) Finally, repeat-based consensus
design seems to lead to libraries in which the vast majority of
members possess high thermodynamic stabilities, even though
around 20% of the residues are randomized.[19±21] The high
stability is a very desirable property as it makes the library
members more tolerant to destabilizing, but functionally
beneficial mutations, which may occur during their in vitro
evolution.


Conclusions and Perspectives


Recently, repeat proteins of the AR, LRR, and TPR families have
been engineered by a novel repeat-based consensus design
approach allowing the generation of consensus repeat proteins
or combinatorial repeat protein libraries.[18±22] This approach
strongly profited from the large sequence datasets available for
repeat proteins. We think that this approach has three major
implications for protein engineering. First, consensus repeat
proteins have given the first insights into fundamental proper-
ties related to their repetitive architecture. The different
architecture of repeat proteins compared with globular proteins
makes them a novel and important focus for protein folding and
stability studies. In this regard, the dependence of their
biophysical properties on the number of repeats is of special
interest. Second, consensus repeat proteins may constitute
attractive model systems to study sequence± structure relation-
ships, as their primary and tertiary structures are much simpler
than those of globular proteins. Only a small polypeptide stretch,
that is, a repeat, has to be designed and all particular design
decisions, whether they have positive or negative effects, will
potentiate through the assembly of the repeats into domains.
Finally, repeat-based consensus design is an attractive tool for
the generation of novel binding molecules.[19±21, 31] There, con-
sensus design not only ensures high stability, but also helps to
introduce the needed diversity.
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Construction of an Artificial Receptor Protein
(™Anticalin∫) Based on the Human
Apolipoprotein D
Martin Vogt and Arne Skerra*[a]


Human apolipoprotein D (ApoD) is a prominent member of the
lipocalin family of proteins and transports arachidonic acid and
progesterone in various body fluids. Lipocalins share a structurally
conserved � barrel as their central folding unit, which supports a
set of four hypervariable loops that form the entrance to the ligand
pocket. Based on this structural pattern ApoD was employed as a
scaffold for the combinatorial design of artificial receptor proteins
termed anticalins. After randomization of 24 amino acids located
within the loop region, several ApoD variants were selected against
hemoglobin, a biochemically well-characterized model target, by
using bacterial phagemid display and colony screening. One


variant, dubbed HbgA, was further investigated by surface plasmon
resonance interaction analysis and found to complex hemoglobin
specifically and with a dissociation constant of about 2 �M. While
our previous work on the structurally related insect bilin-binding
protein was focused on the generation of binding activity towards
low-molecular-weight ligands, this study demonstrates for the first
time that a lipocalin can also be tailored to recognize a protein
target. The fact that even a human member of this protein family
has now been successfully recruited for anticalin construction
opens the possibility for future application of such engineered
lipocalins as target-recognition vehicles in medical therapy.


Introduction


The concept of ™anticalins∫ has recently been introduced for the
generation of small artificial ligand-binding proteins as an
alternative to antibody fragments.[1, 2] A prototypic member of
the lipocalin family of proteins,[3] the bilin-binding protein (BBP)
from Pieris brassicae, has been employed as a rigid and stable
scaffold for creating cognate receptor proteins toward hapten-
like ligands with high affinities and pronounced specifities by
using the methodology of combinatorial protein design.[1, 4, 5]


Natural members of the lipocalin family are compact proteins
that serve for the transport or storage of biomolecular com-
pounds, like vitamins, hormones, and secondary metabolites, in
many organisms. The tertiary structure of these proteins
comprises a circularly closed eight-stranded antiparallel � sheet.
This � barrel supports four loops at one of its ends which form
the entrance to the ligand pocket. Despite low mutual sequence
homology, the � barrel is structurally well conserved.[2] However,
the four loops exhibit large conformational differences and even
size variation between individual lipocalins, which gives rise to
diverse natural ligand specificities. Hence, the lipocalin architec-
ture resembles that of immunoglobulins, where altogether six
hypervariable loops are supported on a rigid framework. In
contrast to immunoglobulins, however, the lipocalins are
composed of a single polypeptide chain, have a much smaller
size, and their set of four loops can be more easily manipulated.[5]


To exploit the potential of the lipocalin fold for the preparation
of artificial receptor proteins–termed ™anticalins∫[1, 2]–we first
set out to extensively reshape the ligand pocket of BBP[6±8] by
combinatorial protein design. For the construction of lipocalin


variants that recognize prescribed small ligands, 16 amino acid
positions in the four loops that essentially form the center of the
pocket for the natural ligand biliverdin IX� were subjected to
simultaneous random mutagenesis by using a PCR assembly
procedure.[1, 5] A phagemid display library with 3.7� 108 mutants
was prepared and employed for panning with several immobi-
lized compounds. In the case of fluorescein, which was chosen as
a first model hapten, mutants with dissociation constants (KD) in
the low nanomolar range were selected.[1]


BBP variants with remarkable specificities for other organic
molecules, including the widely applied digoxigenin group, were
generated as well.[4] The crystal structures of a fluorescein-
binding and of a digoxigenin-binding anticalin were elucidated
recently.[9, 10] Both artificial ligands were found to be complexed
in the mutated BBP structure at a very similar position to that of
the natural ligand biliverdin in the wild-type protein. While the �
barrel architecture was perfectly retained in both anticalins, the
loops at the entrance to the ligand pocket exhibited large
conformational differences among each other and BBP, most
likely as a direct result of the side chain replacements. This


[a] Dr. M. Vogt, Prof. Dr. A. Skerra
Lehrstuhl f¸r Biologische Chemie
Technische Universit‰t M¸nchen
85350 Freising-Weihenstephan (Germany)
Fax: (�49)8161-714352
E-mail : skerra@wzw.tum.de
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observation reveals remarkable structural plasticity of the lipo-
calin loop region.


Anticalins can be produced at high levels in Escherichia coli
and they are highly stable, with typical denaturation temper-
atures above 60 �C.[11] They are also amenable to the production
of functional fusion proteins, for example with enzymes like
alkaline phosphatase, which may serve as a convenient reporter
enzyme for diagnostic applications.[4] Furthermore, the linking of
two anticalins that recognize different ligands results in useful
bispecific binding proteins, termed ™duocalins∫.[12]


So far, only BBP has been utilized as a scaffold for the
preparation of anticalins. However, it seems likely that other
members of the lipocalin family, especially those belonging to
the prototypic subgroup,[2] should be similarly adaptable to this
approach. Human lipocalins are of particular interest in this
respect because anticalins derived from an autologous protein
scaffold should possess lower immunogenicity. Such anticalins
might be valuable for therapeutic applications, for example, by
providing the recognition module for cell surface receptors in
recombinant immunotoxins, thus replacing the single-chain
antibody fragments currently in use.[13] Among the possible
lipocalin candidates, human apolipoprotein D (ApoD) has been
postulated to be structurally most closely related to BBP.[14]


Therefore, ApoD provides an interesting model for the gener-
ation of a first ™human∫ anticalin.


Natural ApoD is an abundant plasma protein that is periph-
erally associated with high-density lipoprotein (HDL) particles
through a disulfide bond with ApoAII.[15] In contrast to conven-
tional apolipoproteins, the primary structure of ApoD contains
no amphipathic � helices but instead appears to belong to the
lipocalin fold.[14] Human ApoD also occurs as a monomeric
protein in certain tissues and seems to play a lesser role in lipid
transport in other mammals such as mice and rabbits, where the
characteristic Cys residue needed for the covalent cross-link to
HDL is missing (for further discussion, see ref. [16]).


Human ApoD is a glycoprotein and has been reported to
complex a variety of small ligands, depending on the tissue from
which it was isolated. Nevertheless, it can also be produced as a
soluble protein without glycosylation. For example, secretion
into the periplasm of E. coli yields functional protein whereby the
two intrachain disulfide bonds are efficiently formed.[16] Thor-
ough binding studies with this recombinant protein revealed
measurable affinities (in the low micromolar range) only for
progesterone and arachidonic acid. Thus, although previous
reports have indicated a more promiscuous binding behavior,
ApoD clearly possesses rather specific recognition properties for
these two low-molecular-weight compounds.


In the present study, we utilized recombinant human ApoD as
a scaffold for the generation of anticalins. In extension to our
previous work, which was mainly directed at small prescribed
ligands, we chose to use hemoglobin as a larger, antigen-like
protein target that is readily available and whose three-dimen-
sional structure is known.[17]


Results


Construction of a combinatorial library for ApoD


Based on the published structural model of human ApoD,[14] a
set of 24 amino acids assumed to be located within the four
structurally variable loops of the generic lipocalin ligand-binding
site[2] were chosen for site-directed random mutagenesis (Fig-
ure 1): residues Thr34, Thr35, Phe36, Glu37, and Asn38 in peptide


Figure 1. Three-dimensional model of apolipoprotein D with the positions
chosen for random mutagenesis labeled. The polypeptide C� backbone is shown
in a ribbon representation (InsightII molecular modeling software, MSI) based on
the structural model of Peitsch and Boguski.[14] Top: view into the putative ligand
pocket ; bottom: side view. The part of the molecule that forms the � barrel is
colored grey (residues 24 ± 27, 43 ± 48, 55 ± 62, 67 ± 75, 82 ± 88, 93 ± 103, 108 ± 117,
121 ± 130). The 24 amino acid positions in the four loops (marked 1 ± 4) of the
lipocalin that were chosen for random mutagenesis are depicted with their side
chains in black and labeled with residue numbers.


loop 1, which connects the � strands A and B; Glu60, Arg62,
Ala63, Asp64, Gly65, Thr66, and Asn68 in loop 2, which connects
� strands C and D; Phe89, Ser90, Trp91, Phe92, and Met93 in loop
3, which connects � strands E and F; Thr115, Ile117, Ile118,
Gln119, Leu120, Phe121, and Val123 in loop 4, which connects �
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strands G and H (Figure 2). Residues in the exposed positions of
each loop were chosen for random mutagenesis in order to
ensure enhanced structural plasticity[10] and provide a large
potential contact surface for the macromolecular target.


To randomize these residues in a concerted manner, a generic
PCR assembly strategy was applied[5] that made use of four
oligodeoxynucleotides altogether with degenerate (NNK) co-
dons. The chosen kind of degeneracy allowed all 20 amino acids
but avoided the formation of stop codons, except for the amber
stop codon (TAG), which could be tolerated because the supE
E. coli strain XL1-Blue[18] was used for phagemid production
(translating the TAG codon as Gln). In a first step, two separate
PCR reactions were performed that introduced random muta-
tions at the selected positions in either loops 1 and 2 or loops 3
and 4, respectively (Figure 2). In the second step, the two
resulting DNA fragments were assembled by PCR splicing
through overlap extension in the presence of two flanking
primers and one oligodeoxynucleotide bridging the central gap.


In addition to the randomized base triplets at the chosen
positions, the mutated genes encoded the replacement Cy-
s116Ser, which has been previously introduced to avoid possible
dimerization or disulfide isomerization effects due to the
presence of an unpaired thiol side chain.[16] The substitutions
Leu23Pro, Pro133Val, and Asn134Ala were introduced to gen-
erate two distinct BstXI restriction sites that allowed efficient


cloning of the PCR fragment. The resulting genetic library of
ApoD variants was inserted into the phagemid vector pApoD19,
which codes for a fusion between ApoD and the full-length pIII
protein of filamentous phage M13,[19] with an amber stop codon
in between (Figure 3). Expression studies with phagemids
presenting ApoD as a fusion either with the entire phage coat
protein or with fragments of pIII revealed a better yield for the
full-length pIII chimeric protein, as determined by gel electro-
phoresis of phagemid proteins and detection with an anti-pIII
antibody, while no significant effect on the achievable phagemid
titer was observed (not shown).


Transformation of E. coli XL1-Blue yielded a genetic library
with 1.7� 109 independent transformands. Sequence analysis of
10 randomly chosen clones showed that the phasmid-encoded
structural genes carried mutations at the desired positions while
the original sequence of ApoD was otherwise preserved by the
PCR strategy. However, in some of the clones additional
mutations were detected: three variants carried single point
mutations, presumably caused by the natural error rate of the
polymerase, and two clones showed frameshift mutations.
Nevertheless, the majority of the genes appeared to encode
suitable mutants of ApoD. After superinfection with a helper
phage of the whole E. coli population harboring the phasmid
library, the phagemids displaying the ApoD variants as fusions
with the minor coat protein pIII on their surfaces were prepared.


Figure 2. DNA and corresponding amino acid sequences of wild-type ApoD, together with those of the ApoD random library and the selected variant HbgA. Sequences
are shown as encoded on pApoD10, beginning with the bacterial OmpA signal peptide and ending with the Strep-tag II. Amino acid positions 34 ± 38, 60, 62 ± 66, 68,
89 ± 93, 115, 117 ± 121, and 123 were subjected to random mutagenesis employing NNK codons (N�any nucleotide; K�G or T) and are underlined. For the genetic
library scheme and the single variant HbgA, only the bases and amino acids differing from those in the ApoD sequences are depicted. The recombinant ApoD gene
carried the following amino acid exchanges with respect to its natural counterpart (see the text for details): Leu23Pro, Cys116Ser, Pro133Val, and Asn134Ala (boxed). Two
restriction sites for BstXI (CCAN6TGG) flanking the whole loop region, and a site for XhoI (CTCGAG), which was introduced during PCR mutagenesis at amino acid
positions 85/86 for diagnostic reasons, are marked with broken lines. The Strep-tag II is labeled with a broken line as well. An amber stop codon (TAG) that was found at
amino acid position 34 in the variant HbgA and partially translated as Gln in the E. coli supE strain XL1-Blue is doubly underlined. To enable efficient biosynthesis of this
anticalin, the amber codon was later substituted by a Gln triplet (see the text for details).
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Selection of an ApoD mutant with binding activity towards
hemoglobin


Human hemoglobin was chosen as an exemplary protein target
because of its well-known biochemical and structural properties
and because related proteins like myoglobin are available for
comparison.[17] For the selection of cognate ApoD variants from
the phagemid library, hemoglobin was adsorbed to the poly-
styrene surface of Nunc immunosticks. The freshly prepared
phagemid solution was applied, incubated, and the sticks were
washed several times. Remaining bound phagemids were eluted
at pH 2.2, immediately neutralized, and used for amplification by
reinfection of XL1-Blue cells.


Five cycles of repeated panning and amplification of selected
phagemids were carried out. The phasmid DNA of the enriched
particles obtained from the last cycle was isolated as a pool after
infection of XL1-Blue cells. To qualitatively analyze the binding
activities of individual ApoD variants towards hemoglobin, a
filter sandwich colony screening assay was performed.[4] To this
end, the gene cassette encoding the ApoD variants was
subcloned–as a mixture from the phasmid pool–onto the
vector pApoD12 (Figure 3), which codes for a fusion protein of
ApoD with ABD.[20]


Transformed E. coli cells were plated on a hydrophilic mem-
brane on top of an agar plate with selective medium. After
visible colonies had formed, this membrane was laid on a
hydrophobic capture membrane coated with human serum
albumin (HSA) and placed on top of an agar plate containing the
chemical inducer of gene expression. During the following phase
of recombinant protein production, synthesized fusion proteins


were secreted into the bacterial peri-
plasm and partially released from the
colonies. After diffusion through the
hydrophilic support membrane, the
proteins became fixed to the capture
membrane by biomolecular complex
formation between ABD and HSA.
The two membranes were separated
and the immobilized ApoD variants
were tested for target-binding activ-
ity by incubation in the presence of
hemoglobin labeled with digoxige-
nin groups. After washing, bound
conjugate was detected in a chro-
mogenic reaction with an antibody ±
alkaline phosphatase conjugate di-
rected against digoxigenin. 16 colo-
nies giving rise to distinct color
signals were finally recovered from
the first membrane, propagated, and
their plasmid DNA was isolated.


Each mutagenized ApoD gene
cassette was analyzed by DNA se-
quencing. An obviously functional
gene product was detected in eight
of the colonies. The remaining eight
colonies carried either frameshifts


(2� ), insertions or deletions (3� ), or additional Cys residues
and/or multiple amber stop codons (3� ), which were undesir-
able for soluble protein production. Among the functional
clones, one sequence, which corresponded to the most intense
color signals in the colony assay, occurred twice. This variant was
designated HbgA and its sequence was translated and com-
pared with that of wild-type ApoD (Figure 2).


HbgA differs from ApoD in 21 of the 24 randomized amino
acid positions. Arg62, Leu120, and Phe121 remained conserved,
although different codons were detected for the first two of
these residues. Only one silent point mutation was found
outside the randomized regions. No additional Cys residue was
observed, but an amber stop codon, which was partially
translated as Gln in the supE strain, was present in the first
mutagenized loop.


Production and characterization of the soluble anticalin HbgA


After subcloning of the mutagenized gene cassette onto
pApoD10 (Figure 3), HbgA was produced in E. coli JM83 by
secretion into the periplasm in a similar fashion as described
before for the production of the functional recombinant wild-
type ApoD.[16] To ensure efficient biosynthesis in this supE� strain,
the amber codon (TAG) at amino acid position 34 (Figure 2) was
replaced with a Gln codon (CAG) by site-directed mutagenesis.
The ApoD variant was subsequently isolated as a soluble protein
from the periplasmic cell fraction and purified in one step by
streptavidin affinity chromatography using the C-terminal Strep-
tag II.[21] The yield of purified protein was approximately
0.2 mgL�1 culture medium, which is similar to the yield obtained


Figure 3. Linearized representation of the vectors used in this study. The plasmids are based on the generic vectors
pASK75 or pASK111, wherein the recombinant gene expression is tightly regulated by the tetracycline promoter/
operator (tetp/o). All the vectors used encode fusion proteins carrying the N-terminal OmpA signal peptide for
translocation across the bacterial inner cell membrane. pApoD10 enables the production of soluble ApoD or its
variants as fusions with the Strep-tag II (strepII) at the C terminus. pApoD12 encodes a fusion of ApoD with the
Strep-tag II and the bacterial albumin-binding domain (ABD). pApoD19 was developed for phagemid display of the
ApoD variants and encodes a fusion with the minor phage coat protein pIII, which comprises amino acids 3 ± 406 of
the mature polypeptide chain. In this case, transcription of the fusion gene is partially interrupted by a suppressible
amber stop codon (TAG) introduced between the ApoD and pIII sequences. In all constructs, the ApoD gene carries
two mutually incompatible restriction sites (BstXI) that permit the directional insertion and subcloning of the
randomized gene cassette. The transcription ends with the lipoprotein terminator (tlpp). The other elements of the
vectors are the intergenic region of the phage f1 for single-stranded replication, an antibiotic resistance gene (cat,
chloramphenicol acetyl transferase; bla, �-lactamase), the tetracycline repressor gene (tetR), and the origin of
replication (ori).
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for the recombinant ApoD.[16] SDS-PAGE analysis of HbgA
revealed its purity, while its electrophoretic mobility was
comparable to that of the recombinant wild-type ApoD,
corresponding to an apparent molecular mass of 24 kDa (Fig-
ure 4).


Figure 4. SDS-PAGE analysis of the bacterially produced wild-type ApoD (lane 1)
and HbgA (lane 2). Proteins were produced in E. coli JM83 harboring the
expression vector pApoD10 and were purified from the periplasmic cell fraction by
streptavidin affinity chromatography using the Strep-tag II.


To investigate the structural properties of HbgA, circular
dichroism (CD) measurements were carried out (Figure 5). The
CD spectrum in the far-UV region revealed the typical features of
a �-sheet protein, with a maximum at 195 nm and a local
minimum at about 210 nm (see typical spectral features of BBP


Figure 5. Circular dichroism spectra of recombinant wild-type ApoD (broken
line) and HbgA (solid line). The purified proteins (10 �M) were dissolved in sodium
phosphate buffer (10 mM, pH 7.5). The spectra were recorded on a J-810
instrument in a quartz cuvette (2-mm path length) at 22 �C.


described in ref. [1]). The spectrum of HbgA shows considerable
similarity with that of wild-type ApoD, which indicates that HbgA
retained the secondary structure of the lipocalin even though in
total 25 amino acid residues were exchanged.


Determination of the target-binding properties of HbgA


The binding of the selected ApoD variant to the prescribed
macromolecular target hemoglobin was analyzed by surface
plasmon resonance (SPR) spectroscopy. For this purpose,
hemoglobin was covalently immobilized on a Biacore sensor
chip. The anticalin HbgA was applied in various concentrations
and the resonance unit values attained at equilibrium–after
near completion of the association phase–were measured.
When these data were plotted, a simple concentration-depend-
ent interaction with the immobilized hemoglobin became
apparent (Figure 6). A dissociation constant of 2.16� 0.36 �M


Figure 6. Analysis of the ligand-binding activity of the engineered lipocalin HbgA
by surface plasmon resonance spectroscopy. Human hemoglobin was covalently
immobilized on a CM5 sensor chip as the target and changes in the resonance
signal were detected upon application of ApoD or its variant at several
concentrations. The steady-state equilibrium values obtained (HbgA, filled
squares ; recombinant ApoD, open squares) were measured and plotted versus the
applied protein concentration. Nonlinear least squares regression of the data
revealed a dissociation constant of 2.16� 0.36 �M for the complex between HbgA
and hemoglobin. Similar experiments were performed for HbgA with BSA
(triangles) or myoglobin (rhombus) as the immobilized target to assess the
specificity of binding.


for the complex formed between HbgA and hemoglobin was
deduced by nonlinear least squares regression according to the
equation of mass law for bimolecular complex formation. In
contrast, the recombinant wild-type ApoD did not show
detectable binding to hemoglobin when applied in a control
experiment under identical conditions.


The surface concentrations of hemoglobin and HbgA, which
were calculated according to the measured resonance units for
the covalently immobilized target protein and the maximal
amount of bound anticalin, respectively, revealed a ratio of 0.27
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molecules HbgA per hemoglobin. This value indicates that only
part of the sensor-coupled hemoglobin remained functionally
accessible. To investigate the specificity of the interaction
between HbgA and its target protein, two series of control
experiments were performed. First, when a sensor chip coated
with BSA was used, no cross-reactivity of HbgA could be
detected. Second, when myoglobin was used as a control target,
a moderate interaction with HbgA was observed (Figure 6). This
weak complex formation may reflect the known structural
similarity between myoglobin and hemoglobin. The observation
also suggests that HbgA probably does not bind at a subunit
interface but rather at the exposed surface of either the � or �
subunit of hemoglobin.


Finally, to determine whether the ApoD variant HbgA had
retained binding activity towards the natural ligand progester-
one, a fluorescence titration experiment was performed as
previously described.[16] No binding was detected, which in-
dicates that the ligand pocket was considerably reshaped by the
mutations that were introduced into the loop region.


Discussion


In this study we were able to generate a variant of human ApoD
that exhibits novel binding specificity towards the prescribed
protein target hemoglobin. Our observations reveal that ApoD is
another member of the lipocalin family that provides a stable
scaffold for the generation of diverse binding sites. In the
selected variant HbgA, this lipocalin tolerates the exchange of
altogether 21 amino acids that are likely located within the set of
four loops at the open end of the characteristic � barrel
structure. In addition, this variant has four other side chains
exchanged from those in the natural ApoD (see above) and it
lacks the glycosylation of the human plasma protein. Never-
theless, HbgA is a soluble protein that can be isolated from the
periplasmic cell fraction of the bacterial expression host and
essentially retains the secondary structure of ApoD, as revealed
by CD spectroscopy. Not unexpectedly, binding activity towards
progesterone was lost as a consequence of mutating the ligand
pocket.


The fact that hemoglobin successfully served as a protein
target demonstrates that the loop region of lipocalins can in
principle recognize a macromolecular ™antigen∫ of considerable
size. Up to now, ApoD was only known to form complexes with
low-molecular-weight compounds. The dissociation constant
between the variant HbgA and hemoglobin was measured as
approximately 2 �M by using the Biacore system. Moreover, the
binding of this anticalin to its protein target is rather specific
and discrimination of the homologous protein myoglobin was
observed.


The achieved target affinity is comparable to that between
ApoD and its original hapten-like ligand progesterone at neutral
pH, as determined by fluorescence titration.[16] It seems likely
that the affinity of HbgA for hemoglobin can be increased
further by in vitro affinity maturation, as was previously
demonstrated in the case of a digoxigenin-binding anticalin
derived from BBP.[4, 11] To this end, partial mutagenesis of HbgA
could be employed, for example by randomization of one loop in


the context of fixed sequences for the other three loops,
followed by another phage display selection against the target
protein.


Unfortunately, the lack of experimentally reliable structural
information about the precise three-dimensional fold of ApoD
(from X-ray crystallography or multidimensional NMR spectros-
copy) prevented us from choosing a smaller set of side chains
that are likely to provide effective contacts with the macro-
molecular target. Instead, a rather larger number of 24 amino
acid residues was considered in order to take into account some
structural uncertainty of the homology model in the exact
positioning of the corresponding side chains. As a result of the
randomization strategy, our library had a theoretical complexity
of 3224�1.3�1036 possible codons, which exceeds the exper-
imentally achieved diversity of our phage display library by many
orders of magnitude. However, for steric reasons (see Figure 1)
only a fraction of the 24 side chains is likely to interact with the
protein antigen and should thus contribute to the ™functional∫
diversity of the library. In contrast, mutations in several of the
remaining position must be expected to have a deleterious
effect on the folding of the protein, especially if they turn out to
be, for example, part of the conserved � barrel structure.


Consequently, the dissociation constant of 2 �M achieved in
the example experiment described herein is in fact not far from
the value that can be expected under these circumstances and
compares nicely with the affinities described for earlier selection
experiments with combinatorial libraries of antibody frag-
ments[22, 23] or alternative scaffold proteins, such as affibodies.[24]


Based on the results we have obtained so far, a more focused
library of ApoD variants may be prepared in the future, and in
this manner higher affinities should be attainable.


In conclusion, we have taken two important steps in the
development of anticalin technology.[5] First, a human lipocalin
was successfully recruited as a scaffold and shown to retain its
protein fold even after extensive mutagenesis of its binding site.
Second, the specific recognition of a prescribed protein target by
an anticalin was demonstrated. Consequently, the way has been
paved for the preparation of other anticalins, for example
directed against extracellular domains of cell surface proteins,
with potential application in medical therapy.


Experimental Section


Strains and vectors : E. coli strain XL1-Blue[18] was used for the
production and amplification of phagemids. E. coli TG1[25] was
employed for the biosynthesis of the ApoD±ABD fusion proteins
in the colony screening assay. E. coli JM83[26] was used for production
of the soluble recombinant ApoD and its engineered variants.


All plasmids used for phage display and soluble protein production
were based on the generic expression vector pASK75,[27] in which
recombinant gene expression is tightly regulated by the chemically
inducible tetracycline promoter (tetp/o). The previously constructed
expression vector pApoD5,[16] which codes for a fusion protein
between the bacterial OmpA signal sequence, mature ApoD (with
the mutation Cys116Ser), and Strep-tag II[21] served as a starting point.
For the subcloning of randomized gene cassettes encoding the four
peptide loops of ApoD, two BstXI recognition sites were introduced
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by site-directed mutagenesis according to published proce-
dures[28, 29] by using the oligodeoxynucleotides askD27 (5�-TTC GTA
CCA TCT TCC TGG ATA CTT ATT CAC GT-3�) and askD28 (5�-GTT TCT
GGA GGG AGA GCC ACG TTT CTG GCC AAG ATC CAA-3�). During this
step, the amino acid substitutions Leu23Pro, Pro133Val, and
Asn134Ala were introduced. The resulting vector was designated
pApoD10 and was used for the periplasmic secretion of soluble
™wild-type∫ ApoD.


The vector pApoD19 was constructed for the production of a
phagemid random library of ApoD. pApoD19 codes for a fusion
protein between the OmpA signal peptide, the mutated ApoD
encoded on pApoD10, a suppressible amber stop codon followed by
a short linker sequence (Ala-Gly-Gly-Ala), and the minor coat protein
pIII of filamentous bacteriophage M13,[19] (amino acids 3 ± 406 of the
mature polypeptide). For the colony screening assay of individual
ApoD variants the vector pApoD12 was prepared. pApoD12 encodes
a fusion protein between the OmpA signal peptide, the mutated
ApoD described above, the Strep-tag II, and ABD.[20]


Recombinant DNA techniques and library construction : For the
concerted mutagenesis of 24 predefined amino acid positions
distributed across all four peptide loops of ApoD, a two-step gene
assembly strategy involving the polymerase chain reaction (PCR) was
applied.[5] In the randomization step, two separate amplification
reactions (20 cycles) were performed with pApoD10 plasmid DNA as
template and two appropriate pairs of primers: MV-4 (5�-GAT GGT
ACG AAA TTG AGA AGA TCC CAN NKN NKN NKN NKN NKG GAC GCT
GCA TCC AGG-3�) and MV-5 (5�-GGC TTC ACC TTC GAT TTG MNN CAC
MNN MNN MNN MNN MNN CAA MNN CTG GTT TAA CAC TTT GAT
C-3�) in one reaction, MV-6 (5�-GAG CCT GCC AAG CTC GAG GTT AAG
NNK NNK NNK NNK NNK CCA TCG GCA CCG TAC TG-3�) and MV-7 (5�-
CCA AGA TCC AAG CAA AAT CMN NGT GMN NMN NMN NMN NMN
NAC TMN NAC AGG AAT ACA CGA GGG C-3�) in the other. These
primers carried degenerate codons at the desired positions and each
covered one loop region of ApoD. The reactions were performed in a
total volume of 50 �L, with Taq DNA polymerase (2.5 units; Promega,
Madison, USA) and buffer according to the manufacturer's recom-
mendation, plus template DNA (10 ng) and the two primers (25 pmol
each).


The resulting amplification products with sizes of 149 bp and 147 bp,
respectively, were assembled in a second PCR (20 cycles) that was
carried out on the two fragments (3 ng each, total volume 100 �L) by
adding the flanking primers (50 pmol each) MV-8 (5�-GTG AAT AAG
TAT CCA GGA AGATGG TAC GAA ATT GAG AAG-3�) and MV-10 (5�-CTG
GAG GGA GAG CCA CGT TTC TGG CCA AGA TCC AAG CAA AAT C-3�)
as well as a third oligodeoxynucleotide (1 pmol) to bridge the gap
between the two fragments, MV-9 (5�-CCT CGA GCT TGG CAG GCT
CAG TGA GGT TAA CTG GGG TGG CTT CAC CTT CGA TTT G-3�). A
prominent PCR product (358 bp) was obtained, isolated by agarose
gel electrophoresis, and cut at both ends with BstXI. The resulting
fragment (322 bp) was inserted into the similarly cut vector pApoD19
by ligation of the PCR product (3.25 �g) with the digested vector
(43 �g) as previously described.[1] After ethanol precipitation, the
DNA was used for transformation of electrocompetent E. coli XL1-
Blue cells[30, 31] by means of a MicroPulser (Bio-Rad Laboratories,
Munich, Germany).


DNA sequencing was performed from plasmid DNA with appropriate
oligodeoxynucleotides as primers on a Genetic Analyzer 310 with the
ABI Prism BigDye Terminator Cycle Sequencing Ready Reaction Kit
(both from Applied Biosystems, Weiterstadt, Germany).


Phage display and affinity selection of ApoD variants : 46 separate
electroporations were carried out in cuvettes (2-mm gap width, Bio-
Rad) containing the library DNA (1 �g per reaction) and electro-


competent cells (100 �L per reaction). The suspension was then
shaken (1 h at 37 �C) and afterwards diluted in 2xYT medium[32] (1.5 L)
containing chloramphenicol (Cam; 35 �gmL�1), followed by culti-
vation until the optical density at 550 nm (OD550) had increased by
0.5 units. Phagemid particles were produced from this culture
(200 mL) after superinfection with VCS-M13 helper phage (Strata-
gene, Heidelberg, Germany) according to published procedures.[4]


For affinity selection toward hemoglobin as target, approximately
3� 1012 phagemids displaying the mutated ApoD were subjected to
panning with immunosticks (Nunc, Wiesbaden, Germany) that had
been coated overnight with a solution of human hemoglobin
(Sigma, Deisenhofen, Germany; 800 �L, 500 �gmL�1) in phosphate-
buffered saline (PBS; 4 mM KH2PO4, 16 mM Na2HPO4, 115 mM NaCl,
pH 7.4) and blocked (1.2 mL, 2 h) with bovine serum albumin (BSA;
2% (w/v)) in PBS/T (PBS containing 0.1% Tween 20). The immuno-
sticks were incubated (1 h) with a mixture of the phagemid solution
(250 �L) and PBS/T containing 3% (w/v) BSA (500 �L) and then
washed with PBS/T (eight times, each with 950 �L for 2 min). Bound
phagemids were finally eluted in the presence of glycine/HCl (0.1M,
pH 2.2, 950 �L; 15 min) and immediately neutralized by addition of
tris(hydroxymethyl)aminomethane (0.5M, 150 �L). The solution was
directly used for the infection of E. coli XL1-Blue cells to determine
the phagemid titer and either amplify the phagemids for repeated
selection cycles or prepare the phasmid DNA.[4] For phagemid
amplification, an exponentially growing culture of XL1-Blue (3 mL)
was infected (30 min at 37 �C) with the elution fraction (1090 �L).
After sedimentation, the cells were resuspended in LB/Cam (800 �L),
plated on four LB agar plates (�� 14 cm) containing Cam
(35 �gmL�1), and incubated (16 h at 32 �C). The dense lawn of
colonies was then resuspended in LB/Cam (50 mL) and used for the
inoculation of prewarmed LB/Cam (200 mL) to OD550�0.08, followed
by the production of fresh phagemids (see above).


Colony screening assay : The target-binding properties of the
enriched ApoD variants from the last cycle of phagemid selection
were analyzed in an individual manner by means of the filter-
sandwich colony screening assay.[4] The gene cassette flanked by the
two BstXI cleavage sites was subcloned from pApoD19, correspond-
ing to the pooled phasmid DNA obtained from the elution step of
the fifth enrichment cycle, onto pApoD12. Briefly, CaCl2-competent
E. coli TG1/F� cells were transformed[32] with the ligation mixture and
plated onto a hydrophilic membrane (GVWP, 0.22 �m; Millipore,
Eschborn, Germany) placed on a petri dish with LB/ampicillin
(Amp; 100 �gL�1) agar such that after incubation (7 h at 37 �C)
approximately 500 colonies were obtained. The membrane was then
placed onto a hydrophobic membrane (Immobilon-P, 0.45 �m,
Millipore) that had been coated with HSA (Sigma) on an LB/Amp
agar plate containing anhydrotetracycline (200 �gL�1). During
further incubation (15 h at 22 �C) the secreted ApoD±ABD fusion
proteins were partially released from the colonies and were captured
on the hydrophobic membrane through interaction between ABD
and HSA. The lower membrane was then removed and washed with
PBS/T (3 times).


Finally, the immobilized ApoD variants were probed for target-
binding activity by incubation (1 h) with a solution of digoxigenin-
labeled hemoglobin (1 �M), which was prepared by following a
published protocol.[4] The bound conjugate was detected by treat-
ment with an antidigoxigenin Fab fragment/alkaline phosphatase
conjugate (Roche Diagnostics, Mannheim, Germany; dilution 1:1000
in PBS/T), followed by staining with standard chromogenic sub-
strates until distinct color signals appeared at the positions of some
of the colonies. The colonies corresponding to the most intense
signals were identified, recovered from the first membrane, and
propagated for plasmid DNA sequencing and further investigation.
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Protein production and analysis : For the preparative production of
ApoD variants, the gene cassette from the corresponding clone was
transferred from pApoD12 onto the expression vector pApoD10 by
using the BstXI restriction sites. In the case of HbgA, the amber stop
codon at amino acid position 34 was replaced with a Gln codon by
site-directed mutagenesis with the oligodeoxynucleotide MV-21 (5�-
CCC ATC CAA ACA AAC TGT GGG ATC TTC T-3�) to allow functional
production in the supE� strain JM83.[16] Purification from the
periplasmic cell fraction by use of the C-terminal Strep-tag II typically
yielded 0.4 mg HbgA from a 2-L shaker flask of culture. SDS-PAGE
was performed by using standard slab gel methodology with the
buffer system of Fling and Gregerson[33] and Coomassie Brilliant Blue
R 250 (Carl Roth, Karlsruhe, Germany) for staining.


Protein concentration was determined by measuring the ab-
sorption at 280 nm. A calculated extinction coefficient[34] of
54600M�1 cm�1 was used for HbgA and an experimentally corrected
extinction coefficient[34] of 34150M�1 cm�1 for the recombinant
ApoD. Secondary structure was analyzed by CD spectroscopy on a
J-810 instrument (Jasco, Tokyo, Japan). For this measurement, the
protein solution was concentrated to approximately 10 �M by means
of Ultrafree-4 centrifugation units (Millipore) and dialyzed against
sodium phosphate buffer (10 mM, pH 7.5). Spectra were recorded
between 195 and 240 nm at 22 �C by accumulating 16 runs and were
normalized for the amino acid content of the respective protein
according to Equation (1):


�MRW � ��MR


10cdNA


(1)


where �� denotes the measured ellipticity, c the protein concen-
tration [mgmL�1] , d the path length of the quartz cuvette (0.2 cm),
NA the number of amino acids (178, including the Strep-tag II), andMR


the molecular mass (20608 Da for HbgA and 20341 Da for recombi-
nant ApoD).


Real-time protein interaction analysis : Surface plasmon resonance
measurements were carried out on a Biacore X system (Biacore,
Freiburg, Germany). Hemoglobin was immobilized as the target
protein at approximately 5000 resonance units (RU) by amine
coupling to the carboxylated dextrane layer in one of two flow
channels of a CM5 sensor chip (Biacore) according to the manufac-
turer's instructions. 2-[4-(2-hydroxyethyl)-1-piperazinyl]ethanesul-
fonic acid (HEPES)-buffered saline (HBS; 10 mM HEPES/HCl, 150 mM


NaCl, 3.4 mM ethylenediaminetetraacetate (EDTA), pH 7.4) containing
surfactant P20 (0.005% (v/v); Biacore) was used as running buffer
(flow rate 10 �Lmin�1). Purified recombinant ApoD or its variant
HbgA was dialyzed against HBS, concentrated as described above,
and filter sterilized (0.45 �M, Spin X, Costar, Corning, USA). A dilution
series with protein concentrations between 10 �M and 0.5 �M in HBS/
P20 was prepared and interaction with the immobilized hemoglobin
was measured after application of each protein solution (75 �L).
Regeneration of the sensor chip was achieved by extensive washing
with running buffer.


Steady-state resonance values were determined at the end of each
association phase for the channel with the immobilized antigen and
corrected for the buffer effect measured in the second channel. The
resulting equilibrium values were plotted against each applied
anticalin concentration. The data were fitted by nonlinear least
squares regression by using Equation (2):


[P ¥ L] � [L]t
�P�t


�P�t � KD


(2)


with [L]t and KD as parameters. [L]t is the total concentration of
functionally immobilized hemoglobin (equivalent to the �RU value
obtained for the bound anticalin at saturation), [P]t is the applied
anticalin concentration, [P ¥ L] corresponds to the concentration of
the complex after equilibration (i.e. the measured �RU value), and KD


is the apparent dissociation constant. The interaction between HbgA
and myoglobin (horse sceletal muscle, Sigma) or BSA was analyzed
as control. For this purpose, approximately 5000 RU protein was
immobilized in each case to the sensor chip as described above.
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Addressing the Challenge of Changing the
Specificity of RNase T1 with Rational and
Evolutionary Approaches
Marc Struhalla,[b] Rico Czaja,[a] and Ulrich Hahn*[a]


Although ribonuclease T1 (RNase T1) is one of the best-charac-
terized proteins with respect to structure and enzymatic action,
numerous attempts at altering the specificity of the enzyme to
cleave single-stranded RNA at the 3�-side of adenylic instead of
guanylic residues by rational approaches have failed so far.
Recently we generated and characterized the RNase T1 variant RV
with a 7200-fold increase in adenylyl-3�,5�-cytidine (ApC)/guanylyl-
3�,5�-cytidine (GpC) preference, with the guanine-binding loop
changed from 41-KYNNYE-46 (wt) to 41-EFRNWN-46. Now we have
introduced the asparagine residue at position 46 of the wild-type
enzyme as a single-point mutation in variant E46N and in
combination with the Y45W exchange also occurring in RV. Both
variants show an improved ApC/GpC preference with a 1450-fold


increase for E46N and a 2100-fold increase for Y45W/E46N in
comparison to wild-type activity. We also addressed the challenge
of altering enzyme specificity with an evolutionary approach. We
have randomly introduced point mutations into the RNase T1 wild-
type gene and into the gene of the variant RV with different
mutation rates. Altogether we have screened about 100000
individual clones for activity on RNase indicator plates; 533 of
these clones were active. A significant change in substrate
specificity towards an ApC preference could not be observed for
any of these active variants ; this demonstrated the magnitude of
the challenge to alter the specificity of this evolutionary perfected
enzyme.


Introduction


Ribonuclease T1 (RNase T1; EC 3.1.27.3) is one of the best known
representatives of a �25-member superfamily of related micro-
bial extracellular ribonucleases/toxins and is well characterized
with respect to structure and enzymatic action.[1] RNase T1 from
the mould fungus Aspergillus oryzae, is a small one-domain
protein consisting of 104 amino acids with a relative molecular
mass of 11085 Da. It cleaves single-stranded RNA at the 3�-side of
guanosine in a very specific manner. In minimal RNA substrates,
guanine is preferred over adenine by almost a million fold (GpN
and ApN substrates, N�A, C, G or U), though the biological
significance of the base specificity is unknown. The catalytic
mechanism is composed of two steps, cyclization and subse-
quent cleavage of the 2�,3�-cyclic phosphate intermediate to
yield 3�-phosphorylated reaction products. As determined by
structural and biochemical data, the phosphodiester bond is
cleaved by general acid ±base catalysis, in which His40, Glu58,
Arg77 and His92 are involved as catalytic residues.[2, 3]


The guanine binding site is referred to as the primary
recognition site (PRS) and exhibits the highest affinity by far
among other subsites contributing to substrate binding.[4] The
crystal structure of RNase T1 complexed with 3�-GMP shown in
Figure 1A reveals that the guanine moiety is bound mainly by
hydrogen bonding to main-chain atoms of the nucleotide-
recognition site formed by residues 42 ±46 together with N98.
The glutamate in position 46, which is strictly conserved within


the RNase T1 family, is the only amino acid residue involved in
base recognition by side-chain hydrogen bonding (Figure 1A).
Due to the specific nature of its side-chain interactions with


the nucleotide base, E46 became a main candidate for changing
the base specificity of RNase T1. Theoretical molecular dynamics
and free-energy-perturbation calculations led to the prediction
that the variant E46Q would have a greater relative adenine
affinity than native RNase T1.[5] The amide group of the
glutamine side chain was designated to provide N�H donors
for hydrogen bonding with N(1) of the adenine base. Never-
theless, construction and biochemical characterization of this
variant revealed no alteration of substrate specificity towards an
adenine preference as shown by adenylyl-3�,5�-cytidine (ApC)
and guanylyl-3�,5�-cytidine (GpC) hydrolysis.[6] Additionally, the
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crystallographic investigation of variant E46Q in complex with 2�-
GMP (Figure 1B) and 2�-AMP showed that the two nucleotides
are not bound in the specific recognition site but at the 3�-
subsite H92; this results in greatly reduced activity. The amide
group of the new Q46 side chain thereby is tightly hydrogen
bonded in a bidentate mode to main-chain atoms of F100
(Figure 1B).
Within a semirational approach including the randomization


of the guanine binding segment, an RNase T1 variant was
isolated with the recognition segment changed from 41-
KYNNYE-46 in the wild-type enzyme to 41-EFRNWQ-46 (variant
9/5).[7] The crystal structure of this variant shows that, although
the glutamine residue in position 46 forms bidentate hydrogen
bonds to the peptide backbone as in the single-point variant
E46Q, the 2�-GMP inhibitor is bound to the PRS as observed for
wild-type RNase T1, excluding H-bond interactions with residue
46 (Figure 1C).
Recently we have introduced an asparagine residue at


position 46 of RNase T1 9/5 to yield the variant RV. Crystallo-
graphic and biochemical characterization of this var-
iant revealed a remarkable shift from guanine to purine
specificity as shown by dinucleoside phosphate cleav-
age experiments.[8] Shortening of the side chain by a
methylene group results in a 75-fold increased ApC
cleavage accompanied by a 96-fold decreased GpC
cleavage leading to a 7200-fold increased ApC/GpC
preference in comparison to wild-type RNase T1. The
structural basis for this alteration, deduced from the
crystal structure of the variant, was that the amide
bond of the asparagine participates in nucleobase
recognition and is not fixed to the peptide backbone as
observed for the glutamine residues in variants E46Q
and 9/5.
Here we report the generation and characterization


of the two RNase T1 variants E46N and Y45W/E46N
containing amino acid substitutions in variant RV in


order to investigate the influence of
these particular substitutions on
substrate specificity and enzyme
activity.
Another way to alter a protein's


phenotype in a desired direction is
by directed molecular evolution.
Within this new strategy for protein
engineering, the natural evolution
mechanism–randommutagenesis,
recombination and selection (or
screening)–is mimicked and has
been successfully used for solving a
diverse variety of biological design
problems.[9] We decided to apply
such a combinatorial approach to
address the challenge of changing
the substrate specificity of RNase T1
starting from wild-type protein and
from variant RV.


Results


Purification and kinetic characterization of RNase T1 variants
E46N and Y45W/E46N


Recombinant enzymes were isolated from the periplasm of the
overproducers and were purified in two main steps. As shown in
Figure 2, an acceptable purity for both variants was indicated by
single bands after SDS-PAGE showing the same mobility as the
wild-type protein. The yields of the enzyme variants were
significantly lower (�7 mgL�1) than those of the wild-type
ribonuclease (15 mgL�1). The measured molecular masses of the
variants were determined by MALDI mass spectrometry and
agreed with those calculated from the amino acid composition.
In order to determine the substrate specificities of both RNase


T1 variants, we investigated dinucleoside phosphate cleavage
reactions. After 30 min incubation at room temperature, we
could detect significant hydrolysis of GpC and ApC for both
variants, whereas the wild-type enzyme only showed cleavage


Figure 1. Comparison of 2�-GMP binding in A) RNase T1 wt (ref. [23]), B) RNase T1 E46Q (ref. [6]) and C) RNase T1 9/5
(ref. [7]). Amino acid side chains are shown as sticks, inhibitors as balls and sticks and the protein backbone as a
ribbon. Side-chains of amino acids His40, Glu58 and His92, involved in catalytic action, are depicted in yellow.


Figure 2. 15% denaturing SDS-PAGE of RNase T1 variants A) E46N and B) Y45W/E46N for
different steps of purification. Lane 1, periplasmic fractions; lane 2, pools after diethylami-
noethyl (DEAE) anion-exchange chromatography; lane 3, pools after gel filtration; lane 4,
10 �g of lyophilized protein; lane 5, standard; lane 6, 10 �g RNase T1 wt protein.
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products in the case of GpC (data not shown). For a more
detailed characterization of the kinetic properties, we inves-
tigated both dinucleoside phosphate cleavage reactions spec-
trophotometrically. The resulting Michaelis ±Menten diagrams
are shown in Figure 3. No substrate saturation could be
observed for either substrate or either variant within the
investigated range of concentration. It is not possible to apply
higher substrate concentrations within this photometric assay


due to the high intrinsic absorption of the substrates. Therefore
we were limited to determining only kcat/Km values from the
initial slope of Michaelis ±Menten diagrams. Those data together
with the determined RNA-hydrolysis activities are summarized in
Table 1 and compared to the kinetic parameters of wild-type
RNase T1, and variants E46Q, 9/5 and RV. The specific activities
for both former variants on high-molecular-weight RNA are
much lower in comparison to the wild-type enzyme (3.3% for
RNase T1 E46N and 3.7% for RNase T1 Y45W/E46N), but
significantly higher than for variant RV with an activity of 1.5%
compared to wild-type RNase T1. With GpC as a substrate, the


situation is different. Here kcat/KM values are fourfold (E46N) and
2.5-fold (Y45W/E46N) lower than the value of variant RV which
comprises 1% of the wild-type activity. Both variants show
increased activities on ApC as a substrate. Compared to the wild-
type enzyme, kcat/KM for ApC is approximately fourfold higher for
E46N and ninefold higher in the case of Y45W/E46N, but does
not reach the remarkable 75-fold higher ApC-cleavage activity of
variant RV. The resulting specificity ratios are shifted 1450-fold


(E46N) and 2100-fold (Y45W/E46N) to-
wards an ApC preference compared to
wild-type activity, but are not compara-
ble to the specificity change in variant RV
with a 7200-fold improved specificity
ratio.


Addressing a specificity change of
RNase T1 with an evolutionary
approach


Construction of the permutational
libraries


As the starting point for an evolutionary
approach to change the substrate spe-
cificity of RNase T1 towards an adenosine
preference, we have used the genes of
wild-type RNase T1 and the variant RV.
Due to the shortness of the enzyme, we
decided to use a high mutation rate by
combining error-prone PCR with DNA
shuffling. All manipulation steps leading


to randomized full-length product are shown in Figure 4. As a
template for the initial PCR we used the expression secretion
vector pA2T1,[10, 11] which is a derivative of the vector pIN-
III-ompA2[12] containing the chemically synthesized RNase T1
gene fused to the region encoding the signal peptide of the
major outer-membrane protein of Escherichia coli. After muta-
genesis, purified PCR product was cloned via XbaI/HindIII into
vector pIN-III-ompA2 and transformation of TOP10F� with a
vector background of less than 1% was carried out by electro-
poration. Sequencing of 12 randomly chosen clones revealed a
mutation rate of 1.5%.


Figure 3. Michaelis ±Menten diagrams of ApC and GpC hydrolyses by RNase T1 variants A) E46N and
B) Y45W/E46N. (�) RNase T1 E46N; (�) RNase T1 Y45W/E46N.


Table 1. Kinetic parameters for variants E46N and Y45W/E46N in comparison to wild-type and other RNase T1 variants.


RNA hydrolysis[c] GpC ApC Specificity ratio
Specific activity KM kcat kcat/KM KM kcat kcat/KM kcat/KM (GpC)/


Enzyme [unitsmg�1] [�M] [min�1] [min�1M
�1] [�M] [min�1] [min�1M


�1] kcat/KM [ApC]


RNase T1 (wt)[d] 384000 (100) 135 10200 75.0� 106 ±[b] ±[b] 264 284000
variant E46Q[e] n.d.[a] 116 20 170.7� 103 n.d.[a] n.d.[a] n.d.[a]


variant 9/5[f] 7091 (1.8) 979 444 453.5� 103 n.d.[a] n.d.[a] n.d.[a]


variant RV[g] 5644 (1.5) 418 327 782.5� 103 803 16 19925 40
variant E46N 12640 (3.3) ±[b] ±[b] 195.0� 103 ±[b] ±[b] 1000 195
E46NY45W 14180 (3.7) ±[b] ±[b] 311.7� 103 ±[b] ±[b] 2280 137


[a] Not determined. [b] Only kcat/KM could be determined. [c] Percent of wild-type values are in parentheses. [d] Ref. [24]. [e] Ref. [6]. [f] Ref. [7]. [g] Ref. [8].
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Figure 4. DNA shuffling of RNase T1 genes. A) PCR amplification of the RNase T1
gene. PCR can be run under mutagenic conditions in order to increase the
mutation rate. Lane 1, 100 bp ladder; PCR-amplified RNase T1 gene before (lane 2)
and after (lane 3) purification. B) Gene fragmentation by DNase I digestion.
Lane 4, 100 bp ladder; lane 5, RNase T1 gene after DNase I digestion. C) Re-
assembly PCR without primers. Lane 6, 100 bp ladder; lanes 7 ± 13, aliquots of
reassembly PCR after 20 (7), 25 (8), 30 (9), 35 (10), 40 (11), 45 (12) and 50 (13)
cycles. D) PCR with primers : 1:40 dilution of the reassembly PCR after 50 cycles.
Lane 14, 100 bp ladder ; lane 15, PCR product after 15 additional cycles with
primers. The arrows mark the 500 bp band within the standard lanes.


Selection of active enzymes and determination of their base
specificity


Randomized RNase T1 libraries were expressed and secreted by
E. coli cells by using the vector pA2T1 so that active mutants
could be easily identified through the formation of red haloes on
RNase indicator plates.[13] Starting from the wild-type gene, we
screened about 19000 clones of which 194 (1%) were active;
starting from variant RV, we tested 28000 clones of which 284
(1%) showed activity. As judged by the diameter of red haloes
surrounding the colonies and by the time course of halo
formation, activity within the libraries ranged from about 100%
to less than 1% of wild-type activity. We tested all 478 active
clones found within the libraries for their ability to cleave
substrates on the 3�-site of adenylic residues by incubating
periplasmic fractions of all clones with the dinucleoside mono-
phosphate ApC. Thin-layer chromatography analysis revealed
that in none of the reactions derived from the wild-type library
cleavage products could be identified after incubation times of
upto 90 min. We also constructed a wild-type library with an
even further increased mutation rate by using two consecutive
error-prone PCRs combined with DNA shuffling. The percentage
of active clones decreased to 0.1%, but apart from the 55 active
clones out of a total of 52000, no ApC-cleaving activity could be
identified.
Starting from variant RV, about 40% of active clones already


showed ApC cleavage after 20 min, but in none of the reactions
was a significantly increased amount of cleavage product
observed in comparison to variant RV. Furthermore all periplas-
mic fractions of ApC-cleaving clones still showed high activity
with GpC as a substrate after 15 min incubation. Therefore we
were also unable to identify variants with a significantly


increased GpC/ApC cleavage ratio within the library sizes we
screened starting from RV.


Discussion


With RNase T1 variant RV we have recently characterized the first
rationally designed RNase T1 variant with a significant alteration
in substrate specificity towards a preference for adenine. To the
best of our knowledge, this is the most effective variant
regarding the Apc/GpC-specificity ratio characterized so far.
Introduction of the asparagine residue into the wild-type
enzyme in variant E46N also led to a remarkable change in
substrate specificity. Therefore it seems to be evident that the
amide group of the asparagine residue, in contrast to the amide
group of the glutamine side chain within the almost inactive
variant E46Q (Figure 1), participates in substrate binding leading
to increased ApC- and strongly decreased GpC-cleavage activity.
Addition of the Y45W exchange, which also exists in variant RV,
strengthens this effect. Introduction of a tryptophan residue at
position 45 within the wild-type enzyme leads to an increased
kcat/KM value for GpC cleavage caused by an increased kcat .[14]


With reference to the Michaelis ±Menten diagram, the same
effect seems to occur when introducing this amino acid
exchange in variant E46N. The kcat value is distinctly increased,
whereas KM seems to be unchanged. Moreover, a slightly
increased ApC cleavage could also be detected for RNase T1
variant Y45W.[15] Regarding the specificity ratio, variant RV is still
about three times better than variant Y45W/E46N. Therefore the
combination of all five amino acid exchanges within the primary
recognition site of RNase T1 RV seems to be responsible for
altering the enzyme specificity to the extent seen. Of course it
needs to be pointed out that, in all specificity variants published
so far, the alteration in substrate recognition was always made at
the expense of activity.
In addition to addressing the challenge of substrate-specificity


modification of RNase T1 with rational means, we also applied an
evolutionary approach. We were not able to detect variants with
specificities shifted towards an adenosine preference whether
we started from the wild type or from the gene of variant RV.
Library sizes of about 10000 per round of selection have
previously been sufficient for many successful applications of
DNA shuffling. Although we have clearly surpassed that number,
our selection was not successful. Much larger libraries seem to
be necessary to identify sets of RNase T1 variants with the
desired specificity shift as the starting point for further rounds of
selection. The main disadvantage of the screening introduced
here is the necessity of first identifying RNase variants active on
high-molecular-weight RNA and, secondly, of looking for
specificity changes. We are currently establishing a selection
system that allows direct identification of variants cleaving RNA
on the 3�-site of adenosine combined with a higher throughput.


Experimental Section


Materials : Guanylyl-3�,5�-cytidine (GpC) and adenylyl-3�,5�-cytidine
(ApC) were from Pharma-Waldhof (D¸sseldorf, Germany). Muta-
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genesis and standard primers were from MWG-Biotech (Ebersberg,
Germany). The QIAEX II gel extraction kit was from Qiagen (Hilden,
Germany). All enzymes and standards were from MBI Fermentas
(Vilnius, Lithuania), E. coli strain TOP10F� was from Invitrogen
(Karlsruhe, Germany). All other chemicals were from Sigma (Deisen-
hofen, Germany) and Merck (Darmstadt, Germany).


Mutagenesis and enzyme purification : RNase T1 variants E46N and
Y45W/E46N were obtained by site-directed mutagenesis by using
two-step PCR.[16] The mutagenesis primers were 5�-CACAGAGAAAT-
CAAAACCGTTGTAGTTGTTGTATTT-3� for E46N and 5�-CACAGAGAAAT-
CAAAACCGTTCCAGTTGTTGTATTT-3� for Y45WE46N (base substitu-
tions underlined). A2vo (5�-TACGGATTCACTGGAACTCTAGA-3�) and
A2hi (5�-CATCTTAGCAGCCTGAAC-3�) were used as standard primers.
Both variants as well as the wild-type enzyme were overproduced in
E. coli TOP10F� harbouring the corresponding plasmids.[11] The
enzymes were isolated from the periplasm by osmotic shock and
purified to homogeneity by DEAE-anion-exchange and size-exclu-
sion chromatography as described previously.[10] In the case of
variant Y45W/E46N, the size-exclusion chromatography step needed
to be repeated once. Homogeneity and protein sizes were judged by
SDS-PAGE and MALDI mass spectrometry.


Error-prone PCR : Random mutagenesis was introduced by error-
prone PCR.[16] The primers A2vo and A2hi were used to amplify the
full-length genes of RNase T1 wild-type and variant RV. The
restriction sites for XbaI and HindIII allowed the PCR products to
be ligated into vector pIN-III-ompA2[12] digested with the same
enzymes. The resulting mutation rate per one error-prone PCR was
determined to be 0.7%.


DNA shuffling : DNA shuffling was carried out as described
previously with minor modifications.[18] DNA substrate was digested
with DNase I (0.2 units) for 20 min at room temperature. Fragments
(approximately 50 ± 100 bp) were purified from a 2% agarose gel by
using a QIAEX II gel extraction kit. Assembly PCR was extended to 50
cycles. The rate of point mutations per one DNA shuffling was 0.8%.


Screening for RNase T1 variants with an altered specificity : The
randomized RNase T1 genes were cloned into plasmid pIN-
III-ompA2, and TOP10F� was transformed with the ligated DNA by
electroporation. Libraries of transformants were spread on RNase
indicator plates[13] with approximately 1000 colonies per 8 cm plate
and incubated at 37 �C for 14 ± 20 h. Colonies secreting active RNase
T1 variants, identified by the formation of red haloes on the indicator
plates, were cultured to an OD600 of 0.5 at 37 �C, induced with
isopropyl-�-D-1-thiogalactopyranoside (0.1 mM) and allowed to grow
for 16 h at 30 �C overnight. Cells were harvested, and periplasm was
isolated by osmotic shock as described previously.[10] Periplasmic
fractions (40 �L) were incubated with ApC or GpC (10 �L, 5 mgmL�1)
for 15 ± 90 min at room temperature. Cleavage products were
analysed by thin-layer chromatography spotting 10 �L from each
reaction mixture.[3]


RNA hydrolysis activity : RNase activity towards high-molecular-
weight RNA was determined by the method of Anfinsen et al.[19] with
the following modifications. A sample (1 mL) of Tris buffer (50 mM,
pH 7.5) containing yeast RNA (3 mg) and ethylenediamine tetraace-
tate (EDTA, 2 mM) was incubated with the enzyme for 15 min at 37 �C.
The nonhydrolyzed RNA was precipitated on ice for 20 min by
addition of ice-cold lanthane nitrate (2.5%, 250 �L) in 30% perchloric
acid. After centrifugation, the extinction of the 1:20 diluted super-
natant was determined at 260 nm. The specific activity (U [mg�1]) of
the enzyme was calculated by using the following equation:


U� E260 nm �measured value� � E260 nm �blank� � 25


mg protein


Dinucleoside phosphate cleavage : Substrate specificities were
tested by performing cleavage experiments on both 3�,5�-dinucleo-
side phosphates GpC and ApC. The pure enzymes (9 �M) were
incubated with the dinucleoside phosphates (1 mgmL�1) for 30 min
at room temperature. Cleavage products were analysed by thin-layer
chromatography.[3]


To determine the kinetic parameters for dinucleoside phosphate
cleavage, the hyperchromic effect during transesterification was
measured spectrophotometrically. The reaction was carried out in a
Beckman Coulter spectrophotometer DU640B in 2-(4-morpholino)-
ethane sulfonic acid (MES) buffer (100 mM, pH 6.0) containing NaCl
(100 mM) and EDTA (2 mM) at 25 �C. The initial velocities were
measured at least as duplicates at 280 nm for GpC transesterification
by using the difference extinction coefficient �280nm�
2200M�1 cm�1[19] and at 268 nm for ApC transesterification using
the difference extinction coefficient �268nm� 2120 M�1 cm�1[21] at
substrate concentrations up to 1300 �M for GpC hydrolysis and up
to 950 �M for ApC hydrolysis. Depending on activity, the enzyme
concentrations were 80 nM for GpC hydrolysis and 900 nM for ApC
hydrolysis. The enzyme concentrations were determined spectro-
photometrically by using a calculated absorption coefficient of
�280nm� 17300M�1 cm�1 for variant E46N and �280nm�21680M�1 cm�1


for variant Y45W/E46N.[22] The mixture without enzyme was pre-
incubated for about 3 min to ensure that autohydrolysis did not
occur, and the reaction was started by adding the enzyme.
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Chimeras of the Homing Endonuclease PI-SceI
and the Homologous Candida tropicalis Intein: A
Study to Explore the Possibility of Exchanging
DNA-Binding Modules to Obtain Highly Specific
Endonucleases with Altered Specificity
Shawn Steuer, Vera Pingoud, Alfred Pingoud, and Wolfgang Wende*[a]


Homing endonucleases are extremely specific endodeoxyribonu-
cleases. In vivo, these enzymes confer mobility on their genes by
inducing a very specific double-strand cut in cognate alleles that
lack the cooling sequence for the homing endonuclease; the
cellular repair of the double-strand break with the endonuclease-
containing allele as a template leads to integration of the
endonuclease gene, completing the homing process. As a result
of their extreme sequence specificity, homing endonucleases are
promising tools for genome engineering. For this purpose, it is
desirable to design enzymes with defined new specificities. To
analyse which DNA-binding elements are potential candidates for
use in the design of enzymes with modified or even new specificity,


we produced several chimeric proteins derived from the Saccha-
romyces cerevisiae VMA1 intein (PI-SceI) and the related Candida
tropicalis VMA1 intein. Although the mature Candida intein is
devoid of endonucleolytic activity, the exchange of two DNA-
binding modules of PI-SceI with the homologous elements from the
Candida intein results in an active endonuclease. The low sequence
homology in these modules indicates that different protein ±DNA
contacts are responsible for the recognition of related DNA
sequences. This flexibility in DNA recognition should, in principle,
allow endonucleases to be produced with new specificities useful
for genome engineering.


Introduction


Homing endonucleases are remarkably site-specific endonu-
cleases typically found as inteins or encoded by introns.[1±4] In
vivo, the activity of these enzymes results in a duplicative and
unidirectional transfer of their own intron/intein into the host
gene with the intron/inteinless allele, a process called hom-
ing.[5, 6]


In the first step of this process, homing endonucleases
recognise an extended sequence of up to 40 bp in length that
spans both flanks of the corresponding intron/intein insertion
site, and cleave the DNA in both strands in the presence of Mg2�


ions. Genes that already contain introns/inteins are resistant to
their own intron/intein-encoded endonucleases because the
recognition sequence is interrupted by the intron/intein. Sub-
sequent repair of the cleaved homing site by the cellular double-
strand-break repair machinery with the homologous intron/
intein-containing allele as a template results in the integration of
the intron/intein into the cleaved allele. The activity of the
homing endonuclease leads to occupation of nearly all putative
insertion sites of a population by the homing endonuclease
genes, which have often been described as selfish mobile
genetic elements.
Most homing endonucleases confer no obvious benefits on


the host organism. Therefore, without a selective pressure, the


homing endonuclease genes accumulate mutations that result
in an inactive variant of the homing endonuclease[7±9] or,
occasionally, evolve an enzyme with a new, physiologically
relevant function, such as the mating type switch endonuclease
F-SceI, formerly called HO-endonuclease.[10, 11]


The remarkably long recognition sequences of homing
endonucleases guarantee that only the specific insertion site in
the genome is cleaved. Nevertheless, these enzymes tolerate
some base variation at their homing site, which ensures their
propagation despite evolutionary drift of their target sequences,
and allows for the invasion of new host genomes by horizontal
transmission.[7, 12]


Homing endonucleases are phylogenetically widespread: they
occur in bacteria, archaea and eukaryotes. By considering
conserved sequence motifs, four homing endonuclease families
have been identified: LAGLIDADG, GIY-YIG, H-N-H and His-Cys
box. The last two families belong to the ���Me-finger family of
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endonucleases.[4] Members of the largest and best-characterised
family contain two copies of the conserved LAGLIDADG
sequence motif, present in two identical subunits or in one
polypeptide chain with internal structural homology. Crystallo-
graphic analyses show that this sequence motif is localised on an
� helix and that two of these helices form the core interface
between the two catalytic subdomains of the endonuclease, an
architecture which has been found in all structures of LAGLI-
DADG homing endonucleases so far elucidated.[13±16] The
catalytic domain of the monomeric homing endonucleases,
such as PI-SceI, PI-PfuI or I-DmoI, contains two copies of the
LAGLIDADGmotif arranged in a pseudosymmetrical manner that
reflects the structure of the homodimeric homing endonucleas-
es.
Mutational analysis and genetic studies have revealed that the


LAGLIDADG sequence is involved in catalysis; amino acid
substitutions, in particular those of the conserved acidic amino
acid residue in the penultimate position of this motif, lead to an
inactive endonuclease.[17±19] It has been shown that this amino
acid residue is involved in coordinating the divalent metal ion
cofactor essential for the endonucleolytic reaction.[20±22]


The common structural architecture of the LAGLIDADG
homing endonucleases, which consists of defined subdomains,
makes these enzymes ideal targets for the generation of new
artificial endonucleases by protein design. Two groups have
already succeeded in producing a chimeric endonuclease by
fusing subdomains of I-CreI and I-DmoI.[23, 24] These engineered
enzymes cleave a composite site derived from the I-CreI and
I-DmoI recognition sites, with only a slightly reduced catalytic
activity compared to the parent enzymes.
One of the best-characterised LAGLIDADG homing endonu-


cleases is PI-SceI from Saccharomyces cerevisiae, an intein located
in the catalytic subunit of the vacuolar H�-ATPase (VMA1 intein).
The free endonuclease is produced from the VMA1 preprotein by
an autocatalytic protein splicing reaction.[25] Since the mature
vacuolar H�-ATPase is essential for the cell, dysfunction of the
protein splicing reaction is lethal. Thus PI-SceI combines two
catalytic functions: a protein-splicing and an endonucleolytic
activity. This dual function is reflected in the bipartite structure of
PI-SceI, which consists of two separate domains with very
different architecture and function, as shown by the crystal
structure (Figure 1).[14, 26] The protein-splicing domain (Domain I)
is structurally related to the GyrA mini-intein from Mycobacte-
rium xenopi and to the Drosophila hedgehog protein autopro-
cessing domain.[27±29] In addition to the protein-splicing core,
Domain I of PI-SceI harbours two regions involved in specific
DNA binding: the DNA-recognition region (DRR) and the loop
comprising amino acids residues 53 ±70. The two catalytic
centers, which include both LAGLIDADG motifs and other
residues also responsible for specific DNA binding, are located
in the endonucleolytic domain (Domain II).
PI-SceI shares 35% of its amino acid sequence with VMA1


intein from Candida tropicalis (Ctr), a pathogenic yeast.[30] The
sequence homology of the two inteins is mainly observed in the
protein-splicing domain (Figure 2). However, comparison of the
two insertion sites reveals that both inteins have to cleave nearly
identical target sites to initiate the homing process (Figure 3).[31]


Figure 1. Cocrystal structure of the homing endonuclease PI-SceI in complex
with its specific substrate.[26] The ribbon presentation shows the endonucleolytic
domain (Domain II, red), which contains the two LAGLIDADG motifs (magenta).
Domain I of PI-SceI contains the protein-splicing core (yellow), the DNA-
recognition region (blue) and the PI-SceI DNA-binding loop, which consists of
amino acid residues 53 ± 70 (cyan). The specific DNA target is coloured green. The
position of the N and C termini of PI-SceI, which lie close together, is indicated by
an asterisk.


This observation indicates that both inteins recognise nearly the
same DNA sequence by a different set of amino acid residues, as
recently described for I-CreI and I-MsoI.[15] This flexibility in the
protein ±DNA interface, which is necessary to maintain specific
contacts, the tolerance to single-base substitutions in the
recognition sequence and the fact that parts of the specific
DNA-recognition region are separated from the catalytic sub-
domain make homing endonucleases derived from a protein
precursor ideal targets for use in the design of highly site-specific
endonucleases with new specificities.
In this study, we engineered different chimeric endonucleases


composed of parts from the PI-SceI homing endonuclease and
the Ctr intein to investigate whether DNA-recognition modules
can be exchanged between related homing endonucleases.


Results


Cloning and characterisation of the C. tropicalis VMA1 intein


One of the best-characterised homing endonucleases is PI-SceI
from S. cerevisiae. The enzyme is autocatalytically excised from
the translation product of the VMA1 gene. It has been shown
that other yeast strains have an intein in their VMA1 gene
product, but little is known about whether these proteins show
endonuclease activity.[7, 8, 31] The Ctr intein was chosen in addition
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to PI-SceI for studying the feasibility of exchanging DNA-
recognition modules between these related homing endonu-
cleases because C. tropicalis shows only a weak phylogenetic
relation to S. cerevisiae, as determined from rRNA sequences.[7]


The VMA1 intein from C. tropicalis was cloned and expressed
in Escherichia coli. The His-tagged version of the Ctr intein was
purified by metal-affinity chromatography to near homogeneity,
as judged by SDS-PAGE. The isolated Ctr intein turned out to be
inactive with regard to cleaving supercoiled or linear plasmid
DNA containing the Ctr intein insertion site in the presence of
either Mg2� or Mn2� ions. This result was not unexpected
because the highly conserved acidic amino acid residues
(underlined) in the two LAGLIDADG motifs are replaced by
hydrophobic residues in the Ctr intein sequence (I209, A344). In


an effort to reactivate the Ctr intein, we produced the Ctr
intein variant I209D/A344D. However, this variant dis-
played neither endonuclease activity nor specific DNA
binding to the Ctr intein insertion site, as shown by an
electrophoretic mobility shift assay (data not shown).


Construction of PI-SceI/Ctr intein chimeras


To minimise the risk that the substitution of DNA-
recognition elements in PI-SceI with corresponding


elements from the Ctr intein might disturb the coupling of
recognition and catalysis in PI-SceI, only the DNA-binding
modules in the protein-splicing domain were considered for
recombination. The composition of each chimeric protein is
shown in schematic form in Figure 4.
In the PI-SceI/DRR Ctr intein construct, the coding region for


the DNA-recognition region of PI-SceI (amino acid residues 86 ±
174; shown in blue in Figures 1 and 2) was exchanged with the
homologous region of the Ctr intein sequence (encoding amino
acid residues 89 ±174). A similar exchange was made with the PI-
SceI DNA-binding loop (amino acid residues 51 ±70; shown in
cyan in Figures 1 and 2) to give the PI-SceI/loop Ctr intein variant,
which harbours the loop from the Ctr intein (residues 51 ±64). To
investigate whether this loop has a significant DNA-binding


Figure 2. Amino acid alignment of PI-SceI and the Ctr intein. The alignment shows that 35% of the amino acids in the sequences are identical (black background). The
coloured bars above the sequences indicate the protein architecture of PI-SceI as shown in Figure 1: protein-splicing domain, yellow; DNA-binding loop, cyan; DNA-
recognition region, blue; endonuclease domain, red with the LAGLIDADG motifs coloured magenta.


Figure 3. Alignment of the VMA1 intein insertion site of S. cerevisiae with that of
C. tropicalis. The insertion sites of the inteins are indicated by an arrow. The bases that differ
between the sequences are highlighted; these differences do not change the amino acid
sequence of the VMA1 protein (top).







Endonucleases with Altered Specificity


ChemBioChem 2004, 5, 206 ± 213 www.chembiochem.org ¹ 2004 Wiley-VCH Verlag GmbH&Co. KGaA, Weinheim 209


function, the PI-SceI/loop Mxe intein construct was
generated. This chimera contains the very short loop
(RTVEG) of the Mycobacterium xenopi GyrA mini-intein, a
protein that displays protein splicing but no endonuclease
activity.
It has been shown previously that the isolated protein-


splicing domain of PI-SceI binds specifically to the
recognition sequence.[32] To verify whether this is also the
case for the Ctr intein, the protein-splicing domain of the
Ctr intein (Ctr-intein DI) was isolated. Since the mature Ctr
intein is inactive, we also fused the active endonucleolytic
domain of PI-SceI with the protein-splicing domain of the
Ctr intein (Ctr-intein DI/PI-SceI DII).


Production of the chimeric proteins


All chimeric proteins were cloned and the integrity of the
coding sequences was checked by sequencing. The
proteins were overexpressed in E. coli and purified to near
homogeneity by metal-affinity chromatography. Circular
dichroism spectra were recorded to check whether the
chimeric proteins were properly folded. These CD spectra
(Figure 5) indicate that the proteins are folded and have an
overall secondary structure not too different from that of PI-SceI.
In particular, the PI-SceI/Ctr intein chimeras have similar CD
spectra to that of PI-SceI, which suggests that the chimeric
proteins have comparable structures to that of PI-SceI.


Binding activity of the chimeric proteins


The DNA-binding ability of the protein constructs was tested by
electrophoretic mobility shift assays with DNA substrates con-
taining the PI-SceI homing site or the Ctr intein insertion site.
Two variants, PI-SceI/DRR Ctr intein and PI-SceI/loop Ctr intein,
show strong specific DNA-binding activity (Figure 6). No differ-
ence between the two DNA substrates was detectable. Surpris-


ingly, the PI-SceI/loop Ctr intein displays fivefold
stronger binding than wild-type PI-SceI and also
binds more strongly than the PI-SceI/DRR Ctr intein
variant. The PI-SceI/loop Mxe intein construct dis-
plays only very weak specific DNA binding ability
that becomes apparent at high protein concentra-
tions (100 nM). The other variants did not bind the
insertion site of PI-SceI or that of Ctr intein specif-
ically.


Cleavage activity of the chimeric proteins


The cleavage activity of the variants was examined
with supercoiled plasmid DNA or linear DNA sub-
strates containing the PI-SceI or the Ctr intein
insertion site. The results of the cleavage assays with
the linear DNA fragments are shown in Table 1. Only
the PI-SceI/DRR Ctr intein and the PI-SceI/loop Ctr


Figure 4. Overview of the chimeric homing endonucleases based on PI-SceI and the Ctr intein
constructed in this work.


Figure 5. Circular dichroism spectra of the chimeric homing endonucleases. The PI-SceI/
Ctr intein chimeras all show very similar CD spectra. The PI-SceI variant with the loop from
the Mycobacterium xenopi GyrA mini-intein shows less �-helical structure, which is
indicative of some structural rearrangement.


Table 1. Summary of the results of the endonuclease cleavage assays.[a]


Protein Saccharomyces cerevisiae
homing site


Candida tropicalis
homing site


PI-SceI 100[b] 100[b]


Ctr intein 0 0
Ctr intein (I209D/A343D) 0 0
PI-SceI/DRR Ctr intein 98 120
PI-SceI/loop Ctr intein 99 96
PI-SceI/loop Mxe intein �1 �1
Ctr-intein DI 0 0
Ctr-intein DI/PI-SceI DII 0 0


[a] Endonuclease activity is shown as a percentage of the wild-type (PI-SceI)
activity. [b] Cleavage rate constant� (0.7�0.08)� 10�3 min�1.
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Figure 6. DNA binding of the chimeric homing endonucleases. Autoradiograms
of electrophoretic mobility shift gels are shown to demonstrate the binding of
PI-SceI and its variants to the PI-SceI homing site (311-mer). UB, free 311-mer;
B, protein/DNA complex.


intein fusion proteins show measurable specific cleavage activity
(Figure 7). The PI-SceI/DRR Ctr intein enzyme has a slight
preference for the C. tropicalis homing site. No endonucleolytic
activity could be detected for the other variants, even in the


Figure 7. Cleavage activities of the chimeric homing endonucleases : time course
of DNA digestion. Autoradiogram of a gel showing the time course of the
digestion of a 311-mer containing the PI-SceI homing site to give two cleavage
products of 155 and 156 bp.


presence of Mn2� as a cofactor, which stimulates the activity of
PI-SceI (Table 1).[33]


Discussion


Homing endonucleases have a remarkably high specificity for
DNA cleavage (for example, PI-SceI cleaves the yeast genome
only once)[34, 35] and therefore could be of use for genome
engineering.[36] To facilitate gene targeting, endonucleases with
new, defined specificities are required. Homing endonucleases
are of particular interest in this respect. Two groups have already
succeeded in producing artificial endonucleases by fusing
domains of the LAGLIDADG homing endonucleases I-CreI and
I-DmoI.[23, 24] One of the new engineered enzymes, E-DreI, cleaves
a chimeric recognition site with a comparable rate to that
obtained with the parent enzymes. The approach presented
herein takes advantage of the modular architecture of the
LAGLIDADG intein homing endonucleases. A hypothetical
scheme of evolution of these enzymes is shown in Figure 8. In


Figure 8. A hypothetical scheme for the evolution of the LAGLIDADG family of homing endonucleases. The scheme is based on the structures of various homing
endonucleases and structural models (Ctr intein) representing putative ancestor proteins. Starting from a homodimeric enzyme (red) such as I-CreI, a monomeric
enzyme, such as I-DmoI, evolved. By acquisition of a protein-splicing domain (yellow) like the gyrA mini-intein, a homing endonuclease was generated, which allowed
invasion of protein-encoding open reading frames. Fusion with other DNA-binding (blue) domains expanded the range of possible target sequences to give enzymes like
PI-SceI and PI-PfuI. The lack of selection pressure on the endonucleases in the host organism may result in an accumulation of mutations that inactivate the
endonucleases but preserve the protein-splicing activity, as observed for the Ctr intein (grey). Another possibility is that the mutations allow the alteration of the DNA
recognition site to enable the homing endonuclease to invade new hosts (not shown).
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contrast to the intron-encoded homing endonucleases, in which
the DNA-recognition regions are directly associated with the
catalytic centers (I-CreI and I-DmoI in Figure 8), the intein
homing endonucleases acquired additional DNA-binding mod-
ules located in the protein-splicing domain during evolution (PI-
SceI and PI-PfuI in Figure 8). All known structures of the
endonucleolytic domains and protein-splicing core domains
are conserved, but the additional DNA-binding modules (Fig-
ure 8, shown in blue) display no structural or sequence
homology, which suggests that they are interchangeable to a
certain extent. The long-term goal of our approach is to utilise
this modular architecture to generate endonucleases with new
specificities.
To investigate whether these modules can be exchanged


between related homing endonucleases, we chose to use the
DNA-binding modules of PI-SceI, the VMA1 intein from Saccha-
romyces cerevisiae. Many other VMA1 inteins have sequence
identities with PI-SceI of greater than 95% and identities are
particularly high for inteins from other Saccharomyces strains.[8]


We therefore selected the VMA1 intein from Candida tropicalis, a
yeast distantly related to Saccharomyces cerevisiae, for our
studies. The S. cerevisiae and C. tropicalis VMA1 inteins have only
35% sequence identity (Figure 2).
The cloned, expressed and purified Ctr intein was found to be


inactive for DNA cleavage. This result was not unexpected
because selection in the host population only retains the
protein-splicing capacity of the intein, as has been demonstrated
for the Ctr intein.[30] The sequence alignment in Figure 2 shows
that the protein-splicing core is highly conserved; other regions
have accumulated mutations that have inactivated the endo-
nucleolytic function of the enzyme. In the Ctr intein, two
catalytically essential acidic amino acids from the LAGLIDADG
motif are replaced by hydrophobic residues. To test whether we
could reactivate the enzyme, we reintroduced the functional
acidic amino acid residues, but the Ctr intein variant I209D/
A344D is still inactive with respect to both DNA cleavage and
binding. We conclude that additional mutations must have
inactivated the enzyme. A likely candidate region is a loop
(residue 258 ±285) mainly composed of acidic amino acids that
may block DNA binding to the catalytic domain, as indicated by
the structure model of the Ctr intein[37] .
The reason for the inactivity of the Ctr intein is not only the


alteration in the endonucleolytic domain. This fact is shown by
the binding-deficiency of the variant generated by the fusion of
the active endonucleolytic domain of PI-SceI and the protein-
splicing domain of the Ctr intein (Ctr intein DI/PI-SceI DII). To find
out whether this binding deficiency was caused by lack of the
proper interdomain contacts, we produced the protein-splicing
domain of the Ctr intein in isolation, since the isolated
homologous PI-SceI domain binds specifically to the homing
site.[32] No DNA binding of the Ctr intein protein-splicing domain
could be detected.
We therefore wondered whether it would be possible to


obtain an active homing endonuclease if individual DNA-binding
modules in the protein-splicing domain were exchanged
between PI-SceI and the Ctr intein. Two different regions in PI-
SceI were exchanged for the structurally homologous parts from


the Ctr intein: the DNA-recognition region and the loop
containing amino acids residues 53 ±70 (see Figure 1). The
replacement of the loop by the Ctr intein loop did not
significantly affect the activity and specificity of the endonu-
clease. In contrast, the insertion of the short loop found in the
GyrA mini-intein from Mycobacterium xenopi into PI-SceI leads to
a nearly inactive enzyme. This observation emphasises the
importance of this flexible loop in DNA binding and is consistent
with results obtain by site-directed mutagenesis[38] and with the
structural analysis of PI-SceI in complex with the recognition
site.[26]


The most promising results were obtained by the exchange of
the DRR region. The PI-SceI variant containing the DNA-
recognition region from the Ctr intein cleaves the PI-SceI
homing site with a rate comparable to that achieved by wild-
type PI-SceI. This chimeric endonuclease displays significantly
higher binding and cleavage activity for the putative C. tropicalis
homing site (Table 1). The high specificity and activity of this
variant is remarkable when one considers that of the 93 amino
acid residues exchanged less than 25% are conserved residues.
Results from mutagenesis experiments[38] and the structure of PI-
SceI in complex with the specific substrate[26] indicate that most
of the conserved residues, with the exception of R94 in PI-SceI,
are not vital for the function of PI-SceI. This underlines the
flexible site-recognition strategy of homing endonucleases.


Conclusion


The results presented herein show that the additional DNA-
binding modules in the protein-splicing domain, that is, the DRR
and loop regions, are ideal targets for use in the generation of
highly specific endonucleases with new specificities. Such
endonucleases can probably be most effectively produced by
random mutagenesis coupled to effective selection proce-
dures.[39, 40] It remains to be seen whether it is possible to
exchange unrelated DNA-binding modules from different in-
teins, such as PI-PfuI and PI-SceI, and thereby to achieve a
change in specificity.


Experimental Section


Cloning of the Ctr intein and chimeric proteins : DNA from Candida
tropicalis was obtained from the Institute for Medical Microbiology,
Justus-Liebig University, Giessen, Germany. By using this DNA as a
template, a 1437-bp PCR fragment containing the Ctr intein was
generated with the primers 5�-CGCGGATCCTGTTTCACTAAAGGTACT-
CAAGTCATG-3�/5�-CCGGCGTCGACGTCAGTTGTGCACCAAGGC-
CATGTTGGA-3�. After purification, the PCR product was digested with
BamHI and SalI and ligated into pHisPI-SceI,[41] which was cleaved
with the same enzymes. The resulting plasmid, pHisCtr, codes for the
Ctr intein with an additional N-terminal affinity tag, Met(His)6GlySer-
Ala. The Ctr intein obtained differs in three positions (M28V, V371A,
H375R) from the sequence given by Gu et al.[30] The Ctr intein variant
I209D/A344D was produced by a PCR-based site-directed muta-
genesis technique essentially as described by Kirsch and Joly[42] by
using the primer 5�-GTTGGGTACTTGGGCCGGCGATGGAAATGT-
TAAATC-3� to introduce the mutation I209D, and subsequently 5�-
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GGTTTCAACATTACCATCAGCGTCAACTAAACCGGCAATC-3� to create
the A344D mutation.


To obtain the plasmid coding for the protein-splicing domain of the
Ctr intein, two PCR reactions were performed with pHisCtr as a
template and the primers 5�-TTGAATCCGGACCAGTTGTCAAATTTAC-
CAG-3�/5�-AATAGGCGTATCACGAGGCCCTTTC-3� (primerI) to obtain
one PCR product and 5�-ACTGGTCCGGATTCAAAATGAACTGGGTTG�-
3�/5�-TCAACAGGAGTCCAAGCTCAGCTAA-3� (primerII) to obtain the
second PCR product. Both gel-purified PCR products were digested
with BspEI and the fragments were subsequently ligated with each
other. The resulting ligation product was cleaved with BamHI and
SalI and inserted into the plasmid pHisPI-SceI as described before.


To obtain the PI-SceI/loop Ctr intein construct, two PCR fragments
derived from the plasmid pHisPI-SceI were cleaved with ScaI, ligated
and inserted into pHisPI-SceI. The two PCR fragments were produced
by using the following primers: primerI/5�-CGTCTAGTACTAGAAAGTT-
GACGGACACTGTACATAGTTTCACTTCC-3� and primerII/5�-TTCTAG-
TACTAGACGTAATGCTAAATCCGAAGGCCTCAAGTTCACGTGTAATGC-
GAC-3�. Essentially the same technique was used to generate the
plasmid coding for the PI-SceI/DRR Ctr intein construct, with the
exception that three PCR products were ligated. Products A and C
were generated with pHisPI-SceI as a template by using the primers
primerI/5�-ACGAGGCGTACGAACAACCAACTCATGAGTCGC-3� (prod-
uct A) and primerII/5�-CGCGAACTAGTACCTACCAGACTTACGCTCCA-
3�(product C). PCR product B was obtained from pHisCtr with 5�-
AAGATTCGTACGCGTAAAATTGGTGGCAACAC-3�/5�-AGTGGTAC-
TAGTCTTGACAATTTCATCAAC-3� as primers. Products A and B were
digested with SplI and subsequently ligated with each other. Product
C was ligated through a SpeI site to the A±B fragment. The resulting
fragment was inserted into the plasmid pHisPI-SceI as described
before. To create the Ctr-intein DI/PI-SceI DII construct, a PCR was
performed on pHisPI-SceI with 5�-CACCACTCAAATGATCAACC-
CAATTCTTTATGAGAATGACCACTTTTTC-3�/5�-TCAAATCAAAGTTGAA-
CAAAACTGGCTCACGTGCAAAAGCAGCGGCGG-3� as primers. The
resulting PCR product was subsequently used as a megaprimer[42]


with pHisPI-CtrI as a template. To generate the plasmid coding for
the PI-SceI/loop Mxe intein protein, a megaprimer was used on
pHisPI-SceI that was produced from the primers 5�-ACTATGTA-
CAGTGTCCGTACTGTTGAAGGCCTCAAGTTCACGTGTAATG-3�/primerII
on the same template. All the proteins are His6-tagged and were
expressed and purified as described by Wende et al.[41]


Circular dichroism spectroscopy : Circular dichroism spectra of PI-
SceI and its variants were recorded at a protein concentration of
25 �M in a buffer containing 2-[4-(2-hydroxyethyl)-1-piperazinyl]e-
thanesulfonic acid-NaOH (10 mM, pH 7.0) and NaCl (30 mM). The
measurements were performed in a JASCO J-710 spectrophotometer
at ambient temperature.


Cleavage assays : Cleavage assays with the PI-SceI homing site were
performed by using a 32P-labelled 311-bp DNA fragment[41] with a
central PI-SceI cleavage site, or supercoiled or linearised pBSVDEX[33]


plasmid DNA as substrate. For the cleavage analysis of the putative
homing site of the Ctr intein, a double-stranded oligonucleotide
containing the specific site was inserted into the BamHI site of
pAT153. A 32P-labelled 350-bp fragment was obtained by a standard
PCR reaction with the primers 5�-ATCGCCAGTCACTATGGCGTGC-3�/
5�-TGGCGCCCAACAGTCCCCCGGCC-3� and 32P-�-dATP. In the cleav-
age assay, the substrate (8 nM) was incubated with the appropriate
proteins in cleavage buffer (10 mM tris(hydroxymethyl)aminome-
thane (Tris)-HCl, pH 8.5, 100 mM KCl, 1 mM 1,4-dithiothreitol (DTT),
100 �gmL�1 bovine serum albumin, 2.5 mM MgCl2) at 37 �C for a
measured period of time. The reactions were terminated by the
addition of ethylenediaminetetraacetate (EDTA; 20 mM final concen-


tration). The cleavage reactions were analysed on 10% polyacryla-
mide gels in TPE buffer (89 mM Tris-phosphate, pH 8.3, 2 mM EDTA).
After electrophoresis, the gels were dried and the radioactive bands
were visualised by autoradiography with an instant imager system
(Canberra Packard).


DNA binding assays : Electrophoretic mobility shift assays were
performed on the same proteins and DNA constructs as used in the
endonuclease assays. The substrate (4 nM) was incubated with
binding buffer (10 mM Tris-HCl, pH 7.5, 50 mM KCl, 5 mM CaCl2 1 mM


DTT, 0.05% nonfat dry milk, 5% (v/v) glycerol), the nonspecific DNA
carrier poly(dI-dC) (0.1 mg) and protein at ambient temperature for
10 minutes in a volume of 10 �L. Loading buffer (2.5 �L; 10% (w/v)
Ficoll, 10% (v/v) glycerol, 0.2% (w/v) bromophenolblue, 0.2% (w/v)
xylene cyanol) was then added. Complex formation was analysed by
electrophoretic mobility shift assays on 8% polyacrylamide gels in
TBE buffer (70 mM Tris-borate, 2 mM EDTA). After electrophoresis, the
gels were dried and the radioactive bands visualised by auto-
radiography with an instant imager system (Canberra Packard).
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Learning from Directed Evolution: Theoretical
Investigations into Cooperative Mutations in
Lipase Enantioselectivity
Marco Bocola,[a] Nikolaj Otte,[a] Karl-Erich Jaeger,[b] Manfred T. Reetz,[a] and
Walter Thiel*[a]


Molecular modeling with classical force-fields has been used to
study the reactant complex and the tetrahedral intermediate in
lipase-catalyzed ester hydrolysis in 20 enzyme/substrate combina-
tions. The R and S enantiomers of �-methyldecanoic acid ester
served as substrates for the wild-type lipase from Pseudomonas
aeruginosa and nine selected mutants. After suitable preparation
of initial structures from an available wild-type crystal structure,
each system was subjected to 1 ns CHARMM force-field molecular
dynamics simulations. The resulting geometric and energetic


changes allow interpretation of some experimentally observed
effects of mutations, particularly with regard to the ™hot spots∫ at
residues 155 and 162. The replacement S155F enhances S
enantiopreference through a steric relay involving Leu162. The
double mutation S53P � L162G improves S enantioselectivity by
creating a new binding pocket for the S enantiomer with an
additional stabilizing hydrogen bond to His83. The simulations
provide insight into remote and cooperative effects of mutations.


Introduction


We have previously demonstrated that the methods of directed
evolution[1±3] can be applied successfully in the quest to create
enantioselective enzymes for use in synthetic organic chemis-
try.[4, 5] The underlying concept involves repeating cycles of
random gene mutagenesis and expression, coupled with high-
throughput screening for enantioselectivity,[6] a ™Darwinian∫
process that goes beyond simple combinatorial catalysis. The
™inferior∫ enzymes and genes are discarded, and the genetic
information in the best gene encoding the most enantioselec-
tive enzyme is passed onto the next generation, a strategy that
does not require any knowledge of the structure or mechanism
of the enzyme. It is thus quite different from other forms of
protein engineering in which rational design based on molecular
modeling is used as a guide for performing site-specific muta-
genesis at predetermined positions in the enzyme.[7] Never-
theless, structural and mechanistic lessons can be learned after
optimization of a given catalytic property by directed evolu-
tion.[1±5] Arnold, for example, has exploited the methods of
directed evolution in order to convert subtilisin E into a func-
tional equivalent of thermitase, sequence analysis of the
thermally most stable mutant showing amino acid substitutions
almost exclusively at positions far away from the active site.[8]


Such remote effects, which would be unlikely to be discovered
by ™rational protein engineering∫, were linked to the improve-
ment of hydrogen bonding near a �-bulge and to reduced cavity
volume. Several other cases of remote effects on enzyme
properties have also been reported.[9]


In our original study we used repeating error-prone polymer-
ase chain reaction (epPCR) cycles to increase the enantioselec-


tivity of the kinetic resolution of rac-2-methyldecanoic acid p-
nitrophenol ester (1) catalyzed by the lipase from Pseudomonas
aeruginosa.[4] The wild-type leads to a selectivity factor of only
E� 1.1 (Scheme 1).


Scheme 1. Kinetic resolution of rac-2-methyldecanoic acid p-nitrophenol ester
(1) catalyzed by the lipase from Pseudomonas aeruginosa.


After just four epPCR cycles at low mutation rate, an enzyme
mutant showing markedly enhanced enantioselectivity (E� 11.3)
was identified.[4a] In further optimization studies, saturation
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mutagenesis at selected ™hot spots∫ corresponding to
the mutations identified by sequence analysis, fol-
lowed by additional epPCR, led to an even better
mutant displaying an E value of 25.8.[4b] This mutant is
characterized by five mutational changes, all of which
occur at remote positions. Although no crystal
structures of the mutant lipases from Pseudomonas
aeruginosa are yet available, the X-ray structure of the
wild-type is known.[10a] In our work the observation of
remote effects came as a surprise, since stereoselec-
tivity is traditionally associated with geometric com-
plementarity at the active site. Indeed, all ™rational∫
attempts to improve the enantioselectivity of en-
zymes have focused on site-specific mutagenesis near
the active site,[7] in accord with Emil Fischer's lock-and-
key hypothesis or refined models.[11] In our case,
simple molecular modeling led to the preliminary
conclusion that increased flexibility may be respon-
sible for enhanced enantioselectivity.[4b]


After these early studies,[4a,b] we continued to
explore protein sequence space by applying a special
form of DNA shuffling:[2] combinatorial cassette muta-
genesis (CMCM).[4c] This culminated in the identifica-
tion of the currently most enantioselective mutant 1H8 (E�51),
with six mutational changes. This is not only the most
enantioselective variant, but is also considerably more active
than the wild-type. On going from the wild-type to 1H8, the kcat/
Km value increases significantly : for (S)-1, kcat/Km�9.0�
102 M�1 s�1 (wild-type) and 3.7�105 M�1 s�1 (variant 1H8), and for
(R)-1, kcat/Km� 3.5�102 M�1 s�1 (wild-type) and 8.4� 103 M�1 s�1


(variant 1H8).[5d]


Understanding the enhanced enantioselectivity achieved by
directed evolution[4, 5, 9e, 12] is a major challenge. This study marks
the first phase of a theoretical investigation directed toward this
goal. It addresses lipase enantioselectivity in the wild-type and in
several mutants including 1H8. Here we describe the results from
extensive molecular mechanical (MM) modeling for reactive
intermediates. Quantum mechanical (QM) calculations of tran-
sition states in the context of QM/MM approaches will be
reported at a later stage.


Results and Discussion


Structural and mechanistic background


This theoretical study is based on information provided by X-ray
structural analysis[10] of the lipase from Pseudomonas aeruginosa
(wild-type). It shows a conserved �/� hydrolase fold typical of
lipases (EC 3.1.1.3)[13] and the presence of the usual catalytic triad
composed of aspartate (D229), histidine (H251), and serine (S82).
Compared to the I.2 family of lipases,[13] the C-terminal
antiparallel � sheet is missing, revealing more compact packing
of the molecule. The usual helical lid is present. The mechanism
of ester hydrolysis catalyzed by this enzyme is typical of lipases
(see Scheme 2). After formation of the noncovalently bound
Michaelis ± Menten reactant complex between the ester and the
enzyme, a proton shuttle activates serine, which then adds


nucleophilically to the ester function to yield a tetrahedral
intermediate (TI), which is stabilized by hydrogen bonding to
nearby backbone amide groups. Donation of a proton from the
histidine residue liberates the corresponding alcohol and gen-
erates a covalently bound acyl-enzyme intermediate, which
reacts with water to form the product complex between the acid
and the enzyme. The final step in the catalytic process is the
release of the acid.


A schematic energy profile for this mechanism is shown in
Figure 1. It is commonly accepted that the transition states
leading to the tetrahedral intermediate are rate-determining,


Figure 1. Schematic energy profile for the conversion of the Michaelis ±Menten
complex to the acyl enzyme via the tetrahedral intermediate. We assume that the
energy difference �R-S�G for the two tetrahedral intermediates closely resembles
the rate-determining energy difference �R-S�G� between the transition states for
both enantiomers.


and so the modeling of enantioselectivity should focus on these
transition states and evaluate the difference �R-S�G� in the free
energy barriers for R and S substrates. We have studied the
relevant minima and transition states in a model system
(Scheme 3) through quantum-chemical calculations by different


Scheme 2. Mechanism of lipase-catalyzed ester hydrolysis.
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Scheme 3. Model system for quantum-chemical studies of the lipase mecha-
nism. The model contains the essential side-chain atoms of the catalytic triad Asp,
His, and Ser. The oxy-anion hole is modeled by an isolated acetamide and the
backbone atoms of Ser and of the adjacent residue, which forms part of the oxy-
anion hole according to the lipase crystal structure.[10] The negatively charged
tetrahedral intermediate is represented by a methylacetate covalently bound to
the SerO� atom. Dotted lines indicate H bonds.


QM methods up to density functional theory at the BLYP/6-31G*
level.[14] The optimized transition structures closely resemble the
geometries of the corresponding tetrahedral intermediates, as
has already been found in other quantum-chemical model
studies.[15] The tetrahedral intermediates can thus be regarded as
transition state analogues, which suggests that their relative
stability �R-S�G should be a key factor in determining the
enantioselectivity of lipase-catalyzed ester hydrolysis (see Fig-
ure 1). In analogy with previous modeling studies on lipase
enantioselectivity toward triacylglycerols and chiral alcohols,[16]


we therefore decided to concentrate on the tetrahedral
intermediates in our initial MM explorations of ester hydrolysis
with different lipase mutants. In addition, we have also inves-
tigated the noncovalently bound Michaelis ± Menten complex to
see whether there is any enantiodiscrimination in the first step of
the reaction.


Choice of mutants


Figure 2 shows the crystal structure of the wild-type lipase from
Pseudomonas aeruginosa with a covalently bound phosphonate
inhibitor.[10a] The most enantioselective mutant (1H8) found so
far in our studies on directed evolution (see above) has six
mutations, marked in yellow: namely, D20N, S53P, S155M, L162G,
T180I, and T234S. Only one of these mutations (L162G) is located
directly at the active site near the substrate. The residues
involved in the two next-nearest mutations (S53P, S155M) are
already more than 10 ä away from the active site, the latter
(S155M) involving a serine residue that accounts for the only
hydrogen bond to the lid helix at position N132 (see Figure 3).
The three most distant mutations (D20N, T180I, T234S) are
located at the surface of the enzyme very far away from the
active site (more than 13 ä).


To understand the source of lipase enantioselectivity, we have
studied not only the wild-type enzyme and the best mutant 1H8,
but also eight other mutants to check for the influence of single
mutations and for cooperative effects. Obvious candidates are
the single mutants of the wild-type enzyme, which contain just
one of the replacements observed in the 1H8 mutant. We


Figure 2. Cartoon of P. aeruginosa lipase X-ray crystal structure.[10a] The
positions of the six mutations are drawn as van der Waals representations in
yellow. The bound phosphonate is shown as a stick representation in blue, the
first atom of the bound phosphonate acid moiety (C4) being highlighted in
magenta. Only one mutation (L162G) is located directly in the active site near the
substrate acid. The exchange S155M is located behind the oxy-anion hole under
the lid helix. The mutation S53P also lies behind the oxy-anion hole, but more
than 10 ä away from the substrate (C4). Three positions (D20N, T180I, T234S) are
located at the surface of the enzyme far away from the active site.


selected the closest three of these (L162G, S53P, and S155M), and
disregarded the distant surface mutations. By the same qual-
itative reasoning, we also investigated the most promising
double (L162G� S53P) and triple (L162G� S53P� S155M) mu-
tants.


Our previous experimental work had shown that residues 155
and 162 are ™hot spots∫ for directed evolution. The exchange
L162G has indeed been found most often in successful
mutants.[4] On the other hand, the exchange S155M (as in 1H8)
has not been encountered in other highly stereoselective
mutants, whereas the mutation S155F has often led to large
improvements. We therefore also decided to consider three
corresponding mutants, with one (S155F), two (L162G� S155F),
and three (L162G� S53P� S155F) replacements. The last of
these differs from the other triple mutant only at residue 155
(S155F instead of S155M).
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Figure 3. X-ray crystal structure of P. aeruginosa lipase:[10a] Serine155 (shown in
stick representation) forms a 2.6 ä long H bond (solid line) with the backbone
carbonyl group of Serine132 (shown in stick representation) of the lid helix. This is
the only H bond between the lid helix and the rest of the enzyme. The other
detected H bonds (dashed lines) are between residues within this helix.


Of the nine selected mutants, only four have so far been
created in directed evolution processes (S155F, L162G, S155F�
L162G, 1H8).[4] The other five mutants are included here for
computational analysis.


Molecular dynamics (MD) simulations


We have studied complexes derived from (R)- and (S)-�-
methyldecanoic acid (MDA) ester and the lipase from P. aerugi-
nosa (wild-type and nine mutants; see above). The initial
structures for the MD simulations were prepared from the
X-ray structure of the wild-type with a phosphonate inhibitor,[10a]


which involved the replacement of this inhibitor by the MDA
ester to build the Michaelis ± Menten complex or the tetrahedral
intermediate, respectively, and the exchange of the relevant
residues in the case of the mutants (see above). After assignment
of the appropriate protonation state, the systems were relaxed
through a series of minimizations and were then subjected to
1 ns MD simulations (300 ps equilibration, 700 ps production


runs). The applied procedures are fully specified in the section on
computational methods.


Initial studies on the wild-type enzyme and the mutants
employed the MAB force-field[17a] with implicit solvation as
implemented in the MOLOC software.[17b] The MAB force-field is
parameterized to reproduce the free energy of hydration for
polar and apolar compounds.[17b] Subsequently, more systematic
investigations were performed by use of the CHARMM22/27
force-field[18a±d] with explicit TIP3P solvation for the active site
and the CHARMM software[18e] (version 28b2 and 29b2). The
results obtained from the MD simulations with these two force-
fields were qualitatively similar in all cases studied. For the sake
of brevity, we only report the CHARMM results in the following
sections. It should be stressed at the outset that the standard
deviations of the average results from the MD simulations are
generally quite large and that we shall therefore focus on
qualitative conclusions rather than on quantitative assessments.


Geometries


Table 1 compares the X-ray geometry of the wild-type enzyme
containing a phosphonate inhibitor[10a] with the CHARMM
structures of the wild-type and of the mutant 1H8 containing
the MDA ester tetrahedral intermediate. It lists the distances
between the first carbon atom of the acid moiety in the active
site (C4 in the phosphonate[10a] or stereocenter *C1 in MDA,
respectively) and the residues involved in the 1H8 mutations (C�


and terminal side-chain atoms). Because of the presence of
different substrates, these distances are not directly comparable,
but it is still important to note that their overall pattern for the
wild-type is the same in the X-ray and in the CHARMM structure,
indicating that the overall fold of the enzyme remains conserved
during the MD simulations. Likewise, the orientations of the side
chains of the six residues considered are the same in both
structures, as can be seen from the differences between the
distances given for the C� and the terminal side-chain atoms: the
side chains of residues 53 and 162 point toward the active site,
while those of the other residues point away from the active site.


Table 1. Distance of the mutated residues to the acid[a] in the X-ray crystal structure of the wild-type or the 1 ns CHARMM model[b] of the (S)-MDA ester-TI in the wild-
type and the mutant 1H8.


P. ae. wild-type (phosphonate) wild-type (MDA) 1H8 (MDA)
lipase X-ray CHARMM CHARMM


distance distance av. distance av. distance av. distance av. distance
mutation C��C4 Xterm�C4 C��*C1 Xterm�*C1 C��*C1 Xterm�*C1


D20N 15.8 17.6 17.3� 0.2 18.2�0.3 16.8� 0.2 19.0� 0.3
S53P 10.9 9.4 10.3� 0.2 9.1�0.3 9.7� 0.2 8.4� 0.6
S155M 11.3 12.6 11.9� 0.3 13.6�0.3 11.2� 0.2 9.8� 0.4
L162G 6.5 4.0 7.6� 0.3 4.6�0.8 6.7� 0.3 no side chain
T180I 21.8 23.8 21.0� 0.2 23.0�0.2 19.9� 0.4 22.4� 0.4
T234S 13.2 15.2 13.9� 0.2 15.8�0.2 12.7� 0.2 14.5� 0.4


[a] Distance in ä between the first carbon atom in the acid moiety of the bound phosphonate (C4) or the substrate stereocenter (*C1) of the chiral acid and the
main-chain C� atom or the terminal side-chain heavy atom (Xterm), respectively, of the residue involved in the given mutation. [b] The last 700 ps of 1 ns CHARMM
MD simulations were evaluated (see Computational Methods). Average values and corresponding standard deviations were determined for each MD run (350
data points). The mean values from two independent MD runs are given in the table.







W. Thiel et al.


218 ¹ 2004 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim www.chembiochem.org ChemBioChem 2004, 5, 214 ±223


On comparing the CHARMM average structures for the wild-
type and for the mutant 1H8 (Table 1) we again find a similar
pattern for the C��*C1 distances (which are generally smaller in
1H8), and the side chains of the surface residues 20, 180, and 234
again point outwards. On the other hand, the side chain of
residue 155 adopts a different orientation in the mutant than in
the wild-type, now pointing toward the active site (like residue
53). This observation calls for a more careful analysis of the
geometric changes in the mutants and their possible effects on
enantioselectivity.


Tables 2 and 3 list average values for selected distances in the
studied Michaelis ± Menten complexes and tetrahedral inter-
mediates, respectively. The chosen distances are defined in
Scheme 4. Data are given for the wild-type enzyme and all nine
mutants, each in combination with both the R and the S
substrates.


Generally speaking, the variations in the computed average
distances for different mutants are smaller for the Michaelis ±
Menten complexes than for the tetrahedral intermediates. The
™nucleophilic∫ distance d1 between SerO82� and the substrate
carbonyl carbon atom is fairly uniform in different mutants and is
usually slightly smaller for the S substrate than for the R form
(Table 2). The distance d3, reflecting the orientation of residue
155 (see above), decreases significantly in relation to the wild-
type whenever there is a mutation (S155M, S155F) that disrupts
the hydrogen bond to the lid. The reorientation of this residue
found in the tetrahedral intermediate of 1H8 (Table 1) is thus a


Scheme 4. Schematic representation of the distance descriptors used in Tables 2
and 3.


general phenomenon that already occurs in the Michaelis ±
Menten complex.


Turning to the tetrahedral intermediates (Table 3), the single
mutants S53P and L162G seem to be fairly similar to the wild-
type with regard to the chosen geometric descriptors, whereas
the single mutants S155M and S155F show the now familiar
reorientation of residue 155 due to the lack of ability of
methionine and phenylalanine to form a hydrogen bond to the
lid helix. In the case of S155F, the average distance d3t between
the terminal atom of this residue and the stereocenter *C1
decreases from 12.6 ä (wild-type) to 10.0 ä (S155F) for the
rapidly reacting (S)-MDA ester tetrahedral intermediate, while
exhibiting a much smaller reduction from 13.4 to 13.0 ä in the


Table 2. Geometric descriptors[a] in the (R)- and (S)- MDA ester complexes for the wild-type enzyme and different mutants.[b]


wild-type 1H8 S53P
S155M
L162G


S53P
S155F
L162G


S53P
L162G


S155F
L162G


S53P S155M S155F L162G


distance d1
Ser82O�-Ccarbonyl S 3.34�0.3 3.29�0.3 3.18�0.2 3.43� 0.2 3.32�0.4 3.14� 0.2 3.56� 0.5 3.18� 0.2 3.24� 0.2 3.21� 0.2
Ser82O�-Ccarbonyl R 3.30�0.3 3.68�0.3 3.38�0.3 4.33� 0.3 3.83�0.4 3.77� 0.3 3.69� 0.5 3.65� 0.3 3.61� 0.4 3.15� 0.2
distance d2
His83 N�1-oxy S 4.90�0.3 3.83�0.3 4.89�0.3 4.61� 0.3 4.72�1.0 5.64� 0.3 5.33� 0.4 4.68� .03 5.37� 0.3 4.82� 0.3
His83 N�1-oxy R 5.84�0.4 5.02�0.3 5.51�0.3 5.61� 0.3 4.48�1.0 4.97� 0.4 5.36� 0.4 5.46� 0.3 5.93� 0.4 5.38� 0.4
distance d3
residue 155 Xterm-C1 S 12.36�0.4 8.41�1.5 8.45�0.5 9.35� 0.5 12.80�0.3 9.17� 0.4 12.54� 0.5 9.80� 0.6 9.46� 0.6 12.67� 0.4
residue 155 Xterm-C1 R 12.74�0.5 8.80�0.5 8.93�0.6 9.69� 0.6 12.32�0.4 10.15� 0.6 12.87� 0.4 9.51� 0.5 9.33� 0.6 13.41� 0.5


[a] Average distances [ä] between the atoms shown in Scheme 4. [b] See footnote [b] of Table 1.


Table 3. Geometric descriptors[a] in the (R)- and (S)-MDA ester TI for the wild-type enzyme and different mutants.[b]


wild-type 1H8 S53P
S155M
L162G


S53P
S155F
L162G


S53P
L162G


S155F
L162G


S53P S155M S155F L162G


distance d1t
His83 C�-C1 S 7.30� 0.3 5.29� 0.2 4.43�0.3 4.88� 0.4 4.03� 0.2 4.43�0.2 6.95� 0.3 6.89� 0.3 6.89� 0.2 6.77� 0.3
His83 C�-C1 R 8.00� 0.2 6.95� 0.3 6.88�0.4 6.64� 0.2 6.95� 0.4 7.00�0.20 7.94� 0.2 7.55� 0.2 7.40� 0.2 6.91� 0.3
distance d2t
His83 N�1-oxy S 5.13� 0.3 2.71� 0.2 2.71�0.2 4.01� 0.5 2.82� 0.2 3.77�0.9 4.88� 0.2 5.02� 0.2 5.01� 0.2 5.41� 0.3
His83 N�1-oxy R 5.14� 0.2 5.15� 0.3 5.39�0.4 5.30� 0.2 5.32� 0.4 5.78�0.2 5.05� 0.2 5.45� 0.2 5.36� 0.2 5.53� 0.3
distance d3t
residue 155 Xterm-C1 S 12.60� 0.3 9.81� 0.6 8.80�0.5 9.12� 0.5 12.70� 0.3 9.92�0.4 13.00� 0.3 9.42� 0.5 9.99� 0.4 13.36� 0.5
residue 155 Xterm-C1 R 13.42� 0.3 9.71� 0.4 9.22�0.5 9.46� 0.5 12.89� 0.4 9.41�0.4 13.60� 0.3 13.25� 0.4 13.04� 0.5 12.64� 0.4


[a] Average distances [ä] between the atoms shown in Scheme 4. [b] See footnote [b] of Table 1.
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case of the R enantiomer. Figure 4 illustrates the
steric situation in the wild-type and in the mutant
S155F in more detail. The slowly reacting R enan-
tiomer points its methyl group directly toward
Leu162 in all binding modes investigated, due to
the need to orient the long acid chain in the narrow
acid pocket, the phenol moiety in the alcohol pocket,
and the carbonyl oxygen in the oxy-anion hole. The
introduction of a bulky side chain in S155F thus
causes considerable steric strain around Leu162 in
the R enantiomer (Figure 4). On the other hand, the S
enantiomer, with the methyl group on the opposite
side, does not encounter such steric hindrance in
S155F and so can relax geometrically (see above).
These steric effects favor the S enantiomer and
should lead to an enhanced enantioselectivity. This
argument assumes implicitly that the loss of the
hydrogen bond to the lid in S155F does not cause
adverse effects due to lid motions that might
become possible on time scales longer than our
1 ns simulation.


In the previous experimental work on directed
evolution,[4] residue 155 had been identified as a ™hot
spot∫. The current MD simulations suggest a mech-
anism as to how mutations such as S155M and S155F
may act in general : the reorientation of the corre-
sponding remote side chain brings it into direct
contact with the active site residue Leu162, which is
in van der Waals contact with the stereocenter. This
steric relay then leads to discrimination between the
S and R enantiomers of the corresponding tetrahe-
dral intermediates (and also of the corresponding
transition states, according to our basic assump-
tions).


The double mutant S53P � L162G resembles the
wild-type enzyme with regard to the position of


Ser155 (no mutation) but the nonmutated His83
located between residues 53 and 162 may exhibit
strong displacements (Table 3). For example, the
average distance d2t between the histidine N� and
the oxy-anion atom drops from 5.1 ä in the wild-type
to 2.8 ä in the double mutant for the S enantiomer,
whereas it remains almost unchanged for the R
enantiomer (5.1 vs. 5.3 ä). Closer inspection shows
that an additional hydrogen bond is formed in the
sterically unencumbered case of the S enantiomer,
but not in the R enantiomer, where the methyl group
at the stereocenter prevents a closer approach
between His83 and the negatively charged oxygen
atom of the oxy-anion. Figure 5 further illustrates
these geometric changes. The replacement L162G
removes an isobutyl side chain close to the active
center and thus opens up a new binding pocket
capable of accommodating �-branched acids directly
adjacent to the stereocenter. The slowly reacting R
enantiomer points its methyl group into this new
binding pocket, unlike the rapidly reacting S enan-
tiomer, which has its methyl group on the opposite
side. In the latter case, the binding pocket can be used


Figure 4. Relative orientations of the side chain of residue 155 in the wild-type (left) and in the
mutant S155F (right): the side chain is oriented toward the lid helix in the wild-type, but toward
Leu162 and the active site in the mutant S155F. The slowly reacting (R)-MDA ester TI
enantiomer points its �-methyl group (indicated by an asterisk) directly toward Leu162 in all
binding modes investigated, suggesting that the moderately selective S155F may act by a steric
relay through Leu162. Hydrogen bonds toward Met16 in the oxy-anion hole are indicated by
dashed green lines.


Figure 5. Comparison between the wild-type (left) and the double mutant S53P� L162G
(right). In the wild-type, His83 is held in place by a H bond network containing Ser161 and Ser53,
and a direct van der Waals contact to Leu162 blocks any movement of His83 toward the active
site. In the double mutant S53P� L162G this H bond network is disrupted and the side chain of
residue 162 is removed, thus liberating His83 and allowing it to become a member of the active
site residues in the binding pocket (see text).
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to provide additional stabilization, such as in the double mutant
S53P � L162G through His83: in the wild-type structures (both
X-ray and CHARMM MD) His83 is held in place by a hydrogen
bond network containing Ser161 and Ser53; after disruption of
this network by the replacement of S53P and the removal of the
steric hindrance by the exchange L162G, His83 can move toward
the active site and, in the case of the S enantiomer, establish a
new hydrogen bond (see above). It is obvious that the two
mutations S53P � L162G play a synergistic role in stabilizing the
S enantiomer of the tetrahedral intermediate relative to the R
enantiomer and thereby enhance enantioselectivity in a coop-
erative manner. For the sake of completeness, we note that these
two mutations do not significantly alter the overall backbone
geometry (monitored in the MD trajectories for both enantiom-
ers through the relevant dihedral angles; data not shown).


The analogous formation of an extra hydrogen bond involving
His83 is also observed in the MD simulations for the S
enantiomers of the triple mutant S53P� S155M� L162G and
the best mutant 1H8 (which incorporates the mutations S53P�
L162G). This is compatible with the experimental finding[4] that
residue 162 is a ™hot spot∫ during directed evolution and that
there are several other successful enantioselective mutants
containing L162G. The current MD simulations explain the
importance of this exchange for enantioselectivity in terms of
the possible generation of a new binding pocket.


Experimentally, even the single mutant L162G is fairly
enantioselective (E�34).[4c] This effect is not captured by the
current MD approach, since His83 remains hydrogen-bonded to
Ser53 during the 1 ns simulations even for the S enantiomer. We
have, however, confirmed that His83 will also stabilize the S


enantiomer of the tetrahedral intermediate in L162G through an
additional hydrogen bond if it is placed manually at a suitable
position. No such position is reached during our limited
simulation time, since movement of His83 is an activated
process in L162G.


Energies


We have evaluated some energetic descriptors of enantioselec-
tivity. Consistently with the qualitative arguments in the
preceding section and with previous modeling studies in the
literature[16] we have focused on the nonbonded interaction
energies from the CHARMM MD simulations. Table 4 and Table 5
summarize the corresponding average values and their standard
deviations for all investigated variants of the Michaelis ± Menten
complex and of the tetrahedral intermediate, respectively.


The total nonbonded interaction energies (van der Waals and
electrostatic terms) are fairly uniform for the Michaelis ± Menten
complexes, and the corresponding differences for the R and S
enantiomers are small and unsystematic, especially when the
underlying fluctuations are considered (Table 4). In the case of
the mutant 1H8, the measured Michaelis ± Menten constants (km)
of the R and S substrate do not differ too much, so small energy
differences are to be expected for this mutant.


The differences between the R and S enantiomers are
somewhat larger for the tetrahedral intermediates (Table 5). A
clear preference for the S enantiomers is seen for the best
mutant 1H8 (in agreement with experiment), for the two triple
mutants, and for the double mutant S53P� L162G, which is at
least partly due to the electrostatic terms. The geometric


Table 4. Energetic descriptors[a] in the (R)- and (S)-MDA ester complex for the wild-type enzyme and different mutants.[b]


wild-type 1H8 S53P
S155M
L162G


S53P
S155F
L162G


S53P
L162G


S155F
L162G


S53P S155M S155F L162G


difference �S-R�E in
total interaction energy �3.9 � 1.7 � 7.8 � 4.0 1.1 � 1.8 2.0 �0.4 �2.9 � 1.8
total interaction energy S � 41.2� 3 � 40.6� 3 �46.5�3 �41.7�3 � 42.5� 3 � 41.8� 2 �40.0�2 �43.9�2 � 43.1� 3 � 45.3� 2
total interaction energy R � 37.3� 4 � 38.9� 3 �38.7�2 �37.7�2 � 43.6� 4 � 40.0� 3 �42.0�3 �43.5�2 40.3� 2 � 43.5� 2


[a] Total nonbonded interaction energies [kcalmol�1] between the atoms of the MDA ester and all other protein atoms (van der Waals plus electrostatic
interactions). [b] See footnote [b] in Table 1.


Table 5. Energetic descriptors[a] in the (R)- and (S)-MDA ester TI for the wild-type enzyme and different mutants.[b]


wild-type 1H8 S53P
S155M
L162G


S53P
S155F
L162G


S53P
L162G


S155F
L162G


S53P S155M S155F L162G


difference �S-R�E in
total interaction energy 8.7 �12.2 � 18.2 �11.4 � 9.9 � 5.6 � 1.6 0.4 0.5 � 2.2
total interaction energy S �75.7�4 �94.4�5 �100.0� 4 � 89.4� 6 � 92.9� 5 � 87.3� 7 � 81.6� 4 � 80.1� 7 � 84.8� 6 � 82.8� 4
total interaction energy R �84.4�4 �82.2�6 � 81.8� 4 � 78.0� 6 � 83.0� 4 � 82.9� 7 � 80.0� 5 � 80.5� 5 � 85.3� 7 � 80.6� 4
difference �S-R�E in
electrostatic interaction 1.1 � 7.0 � 12.7 � 5.5 � 4.6 3.3 � 1.0 � 4.7 3.8 � 1.4
electrostatic interaction S �75.7�4 �84.0�4 � 87.9� 4 � 80.0� 4 � 82.9� 5 � 75.3� 4 � 75.0� 4 � 81.7� 3 � 76.5� 4 � 75.1� 4
electrostatic interaction R �76.6�4 �77.0�4 � 75.2� 4 � 74.5� 4 � 78.3� 4 � 78.6� 4 � 74.0� 4 � 77.0� 3 � 80.3� 4 � 73.7� 4


[a] Total nonbonded interaction energies [kcalmol�1] between the atoms of the MDA ester TI (same atoms as in Table 4) and all other protein atoms, excluding
the covalently bound serine O� atom. The electrostatic contributions [kcalmol�1] are listed separately. [b] See footnote [b] in Table 1.
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evaluations have shown (Table 3) that in most of these cases the
S enantiomer has an additional hydrogen bond involving His83,
which should be associated with extra electrostatic stabilization.
In this sense, the energy partitioning in Table 5 is consistent with
the structural evaluations.


Conclusion


Directed evolution of the lipase from Pseudomonas aeruginosa
has led to the creation of a highly enantioselective mutant with
six mutational changes. In order to explain the direction and
extent of enantioselectivity, we propose a model that focuses
mainly on two mutations (L162G and S53P), one near the active
site and the other remote from the oxy-anion hole. The
synergistic effect of these two mutations has two consequences.
Firstly, a new binding pocket for �-chiral esters is created.
Secondly, stereoselectivity in favor of the S enantiomer is due to
a relay effect in which a histidine moves toward the oxy-anion
and exerts stabilization by H bonding. This is not possible in the
case of the R enantiomer for steric reasons. It is unlikely that the
highly enantioselective mutant 1H8 would have been found by
rational protein engineering based on site-specific mutagenesis.
Moreover, the theoretical analysis presented here shows that
important structural and mechanistic lessons can be learned
from directed evolution.


The other four mutations found in the optimized lipase variant
1H8 are located outside the active site, near to or at the surface
of the lipase (see Figure 2). Their possible role was studied in
more detail only for Ser155. The influence of residue 155 seems
to be counterproductive in this context, since the structural
evaluation indicates that the moderately selective S155F variant
found by directed evolution may act by a steric relay
through L162. After the replacement L162G this is no
longer possible, and therefore the introduction of
S155F should not increase the enantiopreference in an
additive or cooperative manner. In fact, it actually
reduces stereoselectivity by partially occupying the
newly created binding pocket from the top of the
binding site. The experimental results[4e] for a mutant
containing the double mutation 1A11 (S155F � L162G)
indeed reveal a significantly decreased enantioselec-
tivity of E� 22 relative to the experimentally deter-
mined single mutant 1A1 (L162G) with E�34. Our
simulations show no qualitative changes for the triple
mutant S53P� S155M� L162G relative to the best
mutant 1H8, which contains all six mutations, thus
suggesting that the omitted set of distinct mutations
containing D20N, T180I, and T234S (see Table 1) make
no significant contribution to the enantioselectivity.
These mutations are already present in the parental
lipase mutants, which exhibit only minor enantiose-
lectivity experimentally. We therefore conclude from
the results of our simulations that these surface
mutations, accumulated in the directed evolution
process, are not significant for enantioselectivity. These
mutations may contribute to the activity and stability
of the stereoselective lipase variant under assay


conditions, but this is currently uncertain because we did not
simulate such parameters. It should be mentioned that the high-
throughput assay used in screening for enantioselectivity also
responds to activity.


In order to corroborate the conclusions of this study, further
QM/MM investigations with the enzyme mutants are required.
These should focus on the calculation of the full reaction path,
including the transition states of both enantiomers. It should
also be of interest to apply theory for understanding the reversal
of enantioselectivity that we recently accomplished by directed
evolution.[4d] Finally, the theoretical insights into lipase enantio-
selectivity presented here may be used as a guide in designing
further experiments and help to improve rational enzyme
engineering.


Computational Methods


Model building : The wild-type and mutant structures were con-
structed from the X-ray crystal structure of Pseudomonas aeruginosa
lipase complexed with Rc-(Rp,Sp)-1,2-dioctylcarbamoylglycero-3-O-
octylphosphonate[10a] (PDB code 1EX9) obtained from the Protein
Data Bank. The tetrahedral inhibitor covalently bound to Ser82 was
excised and replaced by the (R,S)-1-methyldecanoic acid phenol
ester (MDA ester) or the corresponding tetrahedral intermediate
(MDA ester TI) bound to Ser82. Two binding modes (rotamers) were
used as starting geometries for each enantiomer, as depicted in
Scheme 5.


Preparation : The protonation state of the protein was assigned at
pH 7 by use of Insight2000[19] and the protonation of the His residues
was revised to achieve best donor ± acceptor interactions. The
residues His81 and His109 were changed from HSD to HSE. His238


Scheme 5. Models of (R)-/(S)-�-methyldecanoic acid p-nitrophenyl ester tetrahedral inter-
mediates. Two stable rotamers of the �-MDA moiety in the acyl binding site of P. aeruginosa
lipase are possible. The long acid chain always points into the acyl pocket toward the surface
of the enzyme, whereas the methyl group at the stereocenter in the �-position to the reaction
center can be oriented to the top or bottom of the binding pocket. In the rotamers for the
slowly reacting R enantiomer shown on the right, either the methyl group (top) or the acid
chain (bottom) is in an unfavorable gauche position toward the oxy-anion.
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was assumed to be a protonated HSP residue forming a salt bridge to
Asp245. The catalytic His251 was assumed to be HSD forming a H
bond to the charged Asp229 in the ester complex and to Ser82. In
the TI the proton from Ser82O� was removed and Ser82O� is
covalently bound to the tetrahedral hemiacetal carbon. His251 was
set as charged HSP, donating a H bond to the Ser82O� and the MDA
ester TI. To avoid electrostatic repulsion, Glu254 was protonated. In
the X-ray crystal structure (1ex9)[10a] this residue exhibits a direct
2.65 ä contact from O�2 toward O�2 of the negatively charged
catalytic Asp229 in a typical H bond geometry, and Glu254 is
therefore assumed to be a H-bond donor. The mutants were
constructed with Insight2000 BIOPOLYMER by use of the automatic
rotamer assignment and were energy-minimized by MOLOC or
CHARMM 29b2 through a conjugate gradient algorithm using a
stepwise decreasing harmonic constraint on all atoms.


Force-field parameters : The standard CHARMM potential func-
tion[18e] was used with the CHARMM22/27 parameter set.[18a±c] The
latter contains no appropriate parameters for the negatively charged
tetrahedral hemiacetal, so we derived CHARMM-type parameters for
this group by established procedures.[18, 20] The parameters were
calibrated against target data obtained mainly from ab initio
Hartree ± Fock and density functional calculations (optimized geo-
metries, adiabatic rotational barriers, and intermolecular interaction
energies).[21] By using the resulting parameter set it is possible to
simulate the tetrahedral intermediates of various substrates in the
active site of the lipase mutants under investigation. The MDA-p-
nitrophenyl esters were modeled as phenyl esters.


MOLOC/MAB minimizations and MD simulations : The wild-type
and the mutants were initially minimized. Thereafter, MD simulations
of 1 ns were performed by use of the force-field MAB as imple-
mented in MOLOC[17] (Version 10/02) with implicit solvation. No
additional parameterization for the substrates was needed. We used
a H-bond weight of 1.78 corresponding to the H-bond strength
parameterized for the binding enthalpy rather than for the binding
free energy.


CHARMM MD simulations : The enzyme/substrate complex was
solvated with a preequilibrated 20 ä water droplet around the active
site (substrate atom C9). The droplet boundary of 2.5 ä was
constrained with a quartic force of 0.2 [24 kcalmol�1 ä�2] by use of
MMFP. All hydrogen atoms were held by SHAKE. Protein residues
more than 20 ä away from the substrate stereocenter (substrate
atom C1) in the active site were fixed. At first only the water shell and
subsequently the solvated enzyme/substrate complex were energy-
minimized, with the use of a distance constraint of 2.0 ä (1.8 ä)
between the carbonyl oxygen (oxy-anion) and the backbone NH of
Met 16 in the oxy-anion hole. This RESD constraint used a force
constant of 50 kcalmol�1 ä�2 to preserve the enzyme/substrate
interaction during the preparation phase. The system was heated
from 100 K to 300 K with a 1 fs time step and 5 K temperature
increase every 10 time steps. Thereafter it was allowed to relax at
300 K over 50000 time steps. The constrained force on the enzyme-
substrate C�O :HN interaction was then decreased stepwise over
additional MD cycles (5000 steps each) at 300 K until it vanished.


CHARMM production runs and evaluation : For production runs at
300 K a 2 fs time step was used over 500000 steps (1000 ps). The
coordinates were saved every 1000 steps. All runs were performed
twice with different initial velocities and with different starting
geometries for both enantiomers. The first 300 ps were regarded as
an equilibration phase to let the constructed mutants relax and the
following 700 ps were analyzed. We statistically evaluated several
geometric and energetic descriptors over the production phase
within the CHARMM suite of programs and calculated the average


values and standard deviations. Nonbonded interaction energies
between the substrate ester or the substrate TI and the full protein
environment were calculated from the standard CHARMM potential
function[18] (van der Waals and electrostatic terms only). In the case of
the TI we omitted the covalently bound Ser82O� to obtain
reasonable van der Waals interaction energies. The electrostatic
interaction energies were computed from the usual point-charge
expression.[18]


Acknowledgements


Support by the Fonds der Chemischen Industrie is gratefully
acknowledged.


Keywords: directed evolution ¥ enantioselectivity ¥ enzyme
catalysis ¥ molecular dynamics ¥ molecular modeling


[1] a) Directed Molecular Evolution of Proteins (Eds. : S. Brakmann, K.
Johnsson), Wiley-VCH, Weinheim, 2002 ; b) Directed Evolution Library
Creation: Methods and Protocols (Eds. : F. H. Arnold, G. Georgiou), Humana
Press, Totowa, NJ, 2003 ; c) Directed Enzyme Evolution: Screening and
Selection Methods (Eds. : F. H. Arnold, G. Georgiou), Humana Press, Totowa,
NJ, 2003 ; d) Enzyme Functionality (Ed. : A. Svendsen), Marcel Dekker, New
York, 2003.


[2] K. A. Powell, S. W. Ramer, S. B. del Cardayre¬ , W. P. C. Stemmer, M. B. Tobin,
P. F. Longchamp, G. W. Huisman, Angew. Chem. 2001, 113, 4068 ± 4080;
Angew. Chem. Int. Ed. 2001, 40, 3948 ± 3959.


[3] a) D. W. Leung, E. Chen, D. V. Goeddel, Technique (Philadelphia) 1989, 1,
11 ± 15. See also: b) K. A. Eckert, T. A. Kunkel, PCR Methods Appl. 1991, 1,
17 ± 24; c) R. C. Cadwell, G. F. Joyce, PCR Methods Appl. 1994, 3, S136 ±
S140; d) M. T. Reetz, K.-E. Jaeger, Top. Curr. Chem. 1999, 200, 31 ± 57.


[4] a) M. T. Reetz, A. Zonta, K. Schimossek, K. Liebeton, K.-E. Jaeger, Angew.
Chem. 1997, 109, 2961 ± 2963; Angew. Chem. Int. Ed. Engl. 1997, 36, 2830 ±
2832; b) K. Liebeton, A. Zonta, K. Schimossek, M. Nardini, D. Lang, B. W.
Dijkstra, M. T. Reetz, K.-E. Jaeger, Chem. Biol. 2000, 7, 709 ± 718; c) M. T.
Reetz, S. Wilensek, D. Zha, K.-E. Jaeger, Angew. Chem. 2001, 113, 3701 ±
3703; Angew. Chem. Int. Ed. 2001, 40, 3589 ± 3591; d) D. Zha, S. Wilensek,
M. Hermes, K.-E. Jaeger, M. T. Reetz, Chem. Commun. 2001, 2664 ± 2665;
e) S. Wilensek, Dissertation, Ruhr-Universit‰t Bochum (Germany), 2001.


[5] a) M. T. Reetz, Pure Appl. Chem. 2000, 72, 1615 ± 1622; b) M. T. Reetz, K.-E.
Jaeger, Chem. Eur. J. 2000, 6, 407 ± 412; c) ™Directed Evolution as a Means
to Create Enantioselective Enzymes for Use in Organic Chemistry∫ M. T.
Reetz, K.-E. Jaeger in Directed Molecular Evolution of Proteins (Eds. : S.
Brakmann, K. Johnsson), Wiley-VCH, Weinheim, 2002, pp. 245 ± 279;
d) M. T. Reetz, Tetrahedron 2002, 58, 6595 ± 6602.


[6] a) M. T. Reetz, Angew. Chem. 2001, 113, 292 ± 320; Angew. Chem. Int. Ed.
2001, 40, 284 ± 310; b) M. T. Reetz, Angew. Chem. 2002, 114, 1391 ± 1394;
Angew. Chem. Int. Ed. 2002, 41, 1335 ± 1338; c) M. T. Reetz, A. Eipper, P.
Tielmann, R. Mynott, Adv. Synth. Catal. 2002, 344, 1008 ± 1016.


[7] a) A. R. Fersht, Biochemistry 1987, 26, 8031 ± 8037; b) P. N. Bryan, Biotech-
nol. Adv. 1987, 5, 221 ± 234; c) J. A. Gerlt, Chem. Rev. 1987, 87, 1079 ± 1105;
d) J. R. Knowles, Science 1987, 236, 1252 ± 1258; e) S. J. Benkovic, C. A.
Fierke, A. M. Naylor, Science 1988, 239, 1105 ± 1110; f) J. A. Wells, D. A.
Estell, Trends Biochem. Sci. 1988, 13, 291 ± 297; g) Y. Hirose, K. Kariya, Y.
Nakanishi, Y. Kurono, K. Achiwa, Tetrahedron Lett. 1995, 36, 1063 ± 1066;
h) Z. Shao, F. H. Arnold, Curr. Opin. Struct. Biol. 1996, 6, 513 ± 518; i) D.
Rotticci, J. C. Rotticci-Mulder, S. Denman, T. Norin, K. Hult, ChemBioChem
2001, 2, 766 ± 770; j) J. Pleiss in Enzyme Functionality (Ed. : A. Svendsen),
Marcel Dekker, New York, 2003, pp. 59 ± 77.


[8] H. Zhao, F. H. Arnold, Protein Eng. 1999, 12, 47 ± 53.
[9] See for example: a) A. Iffland, P. Tafelmeyer, C. Saudan, K. Johnsson,


Biochemistry. 2000, 39, 10790 ± 10798; b) M. Kumar, K.K. Kannan, M. V.
Hosur, N. S. Bhavesh, A. Chatterjee, R. Mittal, R. V. Hosur, Biochem. Biophys.
Res. Commun. 2002, 294, 395 ± 401; c) P. K. Agarwal, S. R. Billeter, P. T.
Rajagopalan, S. J. Benkovic, S. Hammes-Schiffer, Proc. Natl. Acad. Sci. USA







Cooperative Mutations in Lipase Enantioselectivity


ChemBioChem 2004, 5, 214 ± 223 www.chembiochem.org ¹ 2004 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim 223


2002, 99, 2794 ± 2799; d) F. H. Arnold, P. L. Wintrode, K. Miyazaki, A.
Gershenson, Trends Biochem. Sci. 2001, 26, 100 ± 106; e) G. P. Horsman,
A. M. F. Liu, E. Henke, U. T. Bornscheuer, R. J. Kazlauskas, Chem. Eur. J. 2003,
9, 1933 ± 1939.


[10] a) M. Nardini, D. A. Lang, K. Liebeton, K. E. Jaeger, B. W. Dijkstra, J. Biol.
Chem. 2000, 275, 31219 ± 31225; b) G. van Pouderoyen, T. Eggert, K.-E.
Jaeger, B. W. Dijkstra, J. Mol. Biol. 2001, 309, 215 ± 226.


[11] a) A. Fersht, Structure and Mechanism in Protein Sciences: A Guide to
Enzyme Catalysis and Protein Folding, Freeman, New York, 1998 ; b) R. B.
Silverman, The Organic Chemistry of Enzyme-Catalyzed Reactions, Aca-
demic Press, London, 2000.


[12] a) E. Henke, U. T. Bornscheuer, Biol. Chem. 1999, 380, 1029 ± 1033; b) O.
May, P. T. Nguyen, F. H. Arnold, Nat. Biotechnol. 2000, 18, 317 ± 320; c) S.
Fong, T. D. Machajewski, C. C. Mak, C. H. Wong, Chem. Biol. 2000, 7, 873 ±
883.


[13] a) K.-E. Jaeger, B. W. Dijkstra, M. T. Reetz, Annu. Rev. Microbiol. 1999, 53,
315 ± 351; b) R. D. Schmid, R. Verger, Angew. Chem. 1998, 110, 1694 ± 1720;
Angew. Chem. Int. Ed. 1998, 37, 1608 ± 1633; c) M. T. Reetz, Curr. Opin.
Chem. Biol. 2002, 6, 145 ± 150.


[14] a) A. D. Becke, Phys. Rev. A 1988, 38, 3098 ± 3100; b) C. Lee, W. Yang, R. G.
Parr, Phys. Rev. B 1988, 37, 785 ± 789; c) Gaussian98, Revision A.7, M. J.
Frisch, G. W. Trucks, H. B. Schlegel, G. E. Scuseria, M. A. Robb, J. R.
Cheeseman, V. G. Zakrzewski, J. A. Montgomery, Jr. , R. E. Stratmann, J. C.
Burant, S. Dapprich, J. M. Millam, A. D. Daniels, K. N. Kudin, M. C. Strain, O.
Farkas, J. Tomasi, V. Barone, M. Cossi, R. Cammi, B. Mennucci, C. Pomelli, C.
Adamo, S. Clifford, J. Ochterski, G. A. Petersson, P. Y. Ayala, Q. Cui, K.
Morokuma, D. K. Malick, A. D. Rabuck, K. Raghavachari, J. B. Foresman, J.
Cioslowski, J. V. Ortiz, A. G. Baboul, B. B. Stefanov, G. Liu, A. Liashenko, P.
Piskorz, I. Komaromi, R. Gomperts, R. L. Martin, D. J. Fox, T. Keith, M. A. Al-
Laham, C. Y. Peng, A. Nanayakkara, C. Gonzalez, M. Challacombe, W. Gill,
P. M. B. Johnson, W. Chen, M. W. Wong, J. L. Andres, C. Gonzalez, M. Head-
Gordon, E. S. Replogle, J. A. Pople, Gaussian, Inc. , Pittsburgh, PA, 1998.


[15] a) T. Ema, J. Kobashi, S. Maeno, T. Sakai, M. Utaka, Bull. Chem. Soc. Jpn.
1998, 71, 443 ± 453; b) C. H. Hu, T. Brinck, K. Hult, Int. J. Quantum Chem.
1998, 69, 89 ± 103.


[16] a) J. Zuegg, H. Hˆnig, J. D. Schrag, M. Cygler, J. Mol. Catal. B: Enzym. 1997,
3, 83 ± 98; b) H. Scheib, J. Pleiss, P. Stadler, A. Kovac, A. P. Potthoff, L.


Haalck, F. Spener, F. Paltauf, R. D. Schmid, Protein Eng. 1998, 11, 675 ± 682;
c) F. HÒffner, T. Norin, K. Hult, Biophys. J. 1998, 74, 1251 ± 1262; d) T.
Schulz, J. Pleiss, R. D. Schmid, Protein Sci. 2000, 9, 1053 ± 1062; e) A. Tafi, A.
van Almsick, F. Corelli, M. Crusco, K. E. Laumen, M. P. Schneider, M. Botta, J.
Org. Chem. 2000, 65, 3659 ± 3665; f) M. Luic¬, S. Tomic¬, I. Lesœcœic¬, E. Ljubovic¬,
D. Sœepac¬, V. Sœunjic¬, L. J. Vitale, W. Saenger, B. Kojic¬-Prodic¬, Eur. J. Biochem.
2001, 268, 3964 ± 3973; f) S. Raza, L. Fransson, K. Hult, Protein Sci. 2001, 1,
329 ± 338; g) S. Tomic¬, V. Dobovicœnik, V. Sœunjic¬, B. Kojic¬-Prodic¬, Croat.
Chem. Acta 2001, 74, 343 ± 357; h) S. Tomic¬, B. Kojic¬-Prodic¬, J. Mol. Graph.
Model. 2002, 21, 241 ± 252; i) M. Bocola, M. T. Stubbs, C. Sotriffer, B. Hauer,
T. Friedrich, K. Dittrich, G. Klebe, Protein Eng. 2003, 16, 319 ± 322; j) E.
Henke, U. T. Bornscheuer, R. D. Schmid, J. Pleiss, ChemBioChem 2003, 4,
485 ± 493. k) R. Kazlauskas, Science 2001, 293, 2277 ± 2279.


[17] a) P. R. Gerber, J. Comput.-Aided Mol. Des. 1998, 12, 37 ± 51; b) P. R. Gerber,
K. M¸ller, J. Comput.-Aided Mol. Des. 1995, 9, 251 ± 268.


[18] a) A. D. MacKerell, D. Bashford, M. Bellott, R. L. Dunbrack, J. D. Evanseck,
M. J. Field, S. Fischer, J. Gao, H. Guo, S. Ha, D. Joseph-McCarthy, L. Kuchnir,
K. Kuczera, F. T. K. Lau, C. Mattos, S. Michnick, T. Ngo, D. T. Nguyen, B.
Prodhom, W. E. Reiher, B. Roux, M. Schlenkrich, J. C. Smith, R. Stote, J.
Straub, M. Watanabe, J. Wiorkiewicz-Kuczera, D. Yin, M. Karplus, J. Phys.
Chem. B 1998, 102, 3586 ± 3616; b) J. J. Pavelites, J. L. Gao, P. A. Bash, A. D.
MacKerell, J. Comput. Chem. 1997, 18, 221 ± 239; c) N. Foloppe, A. D.
MacKerell, J. Comput. Chem. 2000, 21, 86 ± 104; d) A. D. J. MacKerell, D.
Bashford, M. Bellott, Jr. , R. L. Dunbrack, M. J. Field, S. Fischer, J. Gao, H.
Guo, S. Ha, D. Joseph, L. Kuchnir, K. Kuczera, F. T. K. Lau, C. Mattos, S.
Michnick, T. Ngo, D. T. Nguyen, B. Prodhom, B. Roux, M. Schlenkrich, J. C.
Smith, R. Stote, J. Straub, J. Wiorkiewicz-Kuczera, M. Karplus, FASEB J.
1992, 6A, 143; e) B. R. Brooks, R. E. Bruccoleri, B. D. Olafson, D. J. States, S.
Swaminathan, M. Karplus, J. Comput. Chem. 1983, 4, 187 ± 217.


[19] INSIGHTII, Accelrys Inc. , San Diego, USA, 2000.
[20] N. Reuter, H. Lin, W. Thiel, J. Phys. Chem. B 2002, 106, 6310 ± 6321.
[21] N. Otte, M. Bocola, W. Thiel, unpublished results. The parameters are


available from the authors on request.


Received: July 31, 2003 [F731]








224 ¹ 2004 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim DOI: 10.1002/cbic.200300732 ChemBioChem 2004, 5, 224 ±230


Modulating Functional Loop Movements:
The Role of Highly Conserved Residues in the
Correlated Loop Motions
Kannan Gunasekaran[a] and Ruth Nussinov*[a, b]


Loop flexibility in enzymes plays a vital role in correctly positioning
catalytically important residues. This strong relationship between
enzyme flexibility and function provides an opportunity to engineer
new substrates and inhibitors. It further allows the design of site-
directed mutagenesis experiments to explore enzymatic activity
through the control of flexibility of a functional loop. Earlier, we
described a novel mechanism in which a small loop triggers the
motions of a functional loop in three enzymes (�-1,4-galactosyl-
transferase, lipase, and enolase) unrelated in sequence, structure,
or function. Here, we further address the question of how the
interactions between various flexible loops modulate the move-
ments of the functional loop. We examine �-1,4-galactosyltrans-
ferase as a model system in which a Long loop undergoes a large
conformational change (moves in space up to 20 ä) upon substrate
binding in addition to a small loop (Trp loop) that shows a
considerably smaller conformational change. Our molecular-
dynamics simulations carried out in implicit and explicit solvent
show that, in addition to these two loops, two other neighboring


loops are also highly flexible. These loops are in contact with either
the Long loop or the Trp loop. Analysis of the covariance of the
spatial displacement of the residues reveals that coupled motions
occur only in one of these two loops. Sequence analysis indicates
that loops correlated in their motions also have highly conserved
residues involved in the loop ± loop interactions. Further, analysis of
crystal structures and simulations in explicit water open the
possibility that the Trp loop that triggers the movement of the Long
loop in the unbound conformation may also play the same role in
the substrate-bound conformation through its contact with the
conserved and correlated third loop. Our proposition is supported
by the observation that four of the five conserved positions in the
third loop are at the interface with the Trp loop. Evolution appears
to select residues that drive the functional Long loop to a large
conformational change. These observations suggest that altering
selected loop ± loop interactions might modulate the movements
of the functional loop.


Introduction


Protein motions range from simple bending and stretching of
bonds to subunit rotations and translations.[1] Conformational
changes associated with loop(s) are critically important for
enzyme function.[2] Several experimental and theoretical studies
have shown that flexibility is an integral part of protein function
(Scheme 1).[3] Understanding how protein motions control
enzyme catalysis is fundamental to drug discovery.[4] Well-
studied examples include protein kinases, triosephosphate
isomerase, fructose-1,6-bisphosphate aldolase, HIV protease,
lipase, and enolase.[5] Recently, �-1,4-galactosyltransferase
(�4Gal-T1) has been shown to undergo a large conformational
change to create binding sites for oligosaccharides and �-
lactalbumin.[6] �4Gal-T1 is a 402-residue-long enzyme that
catalyzes the transfer of galactose from UDP-galactose (UDP-
Gal) to N-acetylglucosamine. It also forms a 1:1 complex with �-
lactalbumin to synthesize lactose. Comparison of the crystal
structures of the enzyme with the substrate bound and un-
bound reveals a large conformational change (displacement of
up to 20 ä) in a Long loop comprising residues Ile345 to
His365.[6a] Another loop that has a conserved Trp residue
(Trp314) flanked by multiple glycine residues undergoes a
relatively smaller conformational change (Tyr311 to Gly316; Trp
loop). Both molecular-dynamics simulations and limited pro-


teolysis experiments have confirmed the flexibility associated
with the Long loop in solution.[7] Multiple implicit-solvent as well
as explicit-solvent simulations carried out on this enzyme have
also revealed that the conformational change associated with
the Long loop is triggered by the Trp loop. In the absence of
contacts between the Trp and the Long loops, the energy barrier
for the transition of the Long loop from the unbound to the
bound state is higher. The increase in the energy is estimated by
using implicit-solvent simulations to vary from 28 to
61 kcalmol�1, and with explicit-water simulations to be around
45 kcalmol�1. The simulations have also shown that mutation of
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Scheme 1. Conformational flexibility in loops is critical for enzyme function.
Thus, we may expect that there would be an evolutionary pressure to conserve
residues that are critical for loop flexibility. For our case here, we first identified
loops that displayed correlated motions. We were able to derive the sequence of
events from the open to the closed conformation, and have hints for the path
from the closed to the open. We proceeded to pinpoint the critical residues
involved in the loop ± loop interactions. Next, we carry out a conservation study
using the sequence database. We found consistency between the residues
identified as critical in the molecular-dynamics simulation and in the sequence
database conservation analysis. The identified residues may provide an
opportunity to design or modulate function through control of flexibility.


the glycine residues in the Trp loop to alanine, restraining the Trp
loop, or repositioning the Trp loop (such that it does not make
any contact with the Long loop) all had dramatic effects on the
movement of the Long loop. Importantly, as predicted by the
simulations, when the Trp314Ala mutant was crystallized in the
unbound conformation, the Long loop conformation was
significantly affected.[6d] The mutant also showed a significant
loss in its catalytic activity. These findings have indicated that the
Trp loop triggers the movement of the Long loop. In our earlier
study, in addition to �4Gal-T1, we also observed a triggering loop
mechanism in two other enzymes: lipase and enolase. These
three enzymes differ in sequence, folding, and function.
Combined, these findings have led us to conclude that evolution
has modulated and adapted essentially the same mechanism for
different types of functions.[7] We speculated that evolution
might conserve and repeatedly utilize skillful mechanisms: A
particular function modulates and adapts a general ™skillful∫
mechanism to a specific enzymatic reaction.


Here, we use molecular-dynamics simulations to examine all
flexible regions in �4Gal-T1. We address the question of how the
interactions between various flexible loops modulate the move-
ments of the functional loop (Long loop) in the substrate-bound
and -unbound conformations. We carried out covariance analysis
of the spatial displacement of residues in order to identify loops
that show correlated movements with the functional loop. Our
analysis reveals that selective loop ± loop interactions play a role
in modulating the movement of the functional loop. Interest-
ingly, loops coupled in motions also have highly conserved
residues involved in the loop ± loop interactions. The observa-
tions indicate that the movement of the Long loop from the
bound to the unbound state could also be triggered by the Trp
loop, as in the case of the unbound to the bound state. The
correlated motions, conserved by evolution, illustrate an elegant
mechanism. Our results are consistent with recent observations
on dihydrofolate reductase, in which molecular-dynamics sim-
ulations revealed coupled motions between loops,[8a, b] and


sequence analysis indicated that conserved residues could play a
role in the network of coupled motions.[8c] �4Gal-T1 provides a
unique opportunity to examine the mechanism of loop move-
ments since it undergoes a large conformational change and
multiple loops are involved.


Results and Discussion


Comparison of the substrate bound and unbound enzyme
crystal structures reveals that two regions undergo conforma-
tional changes in �4Gal-T1: a) a Long loop comprising residues
Ile345 to His365, and b) a small loop from Tyr311 to Gly316
containing a catalytically important tryptophan residue (Trp
loop; Figure 1a). A series of 10 ns implicit-solvent molecular-
dynamics (MD) simulations at 300 K carried out earlier and in this
work on the unbound structure reveals that, in addition to the
Long loop (functional loop) and the Trp loop, two other loops
also show high backbone root-mean-squared deviations (RMSD)
indicating conformational flexibility : Gln220 to Lys230 (Loop 1)
and Val275 to Val287 (Loop 2; Figure 1b). However, Loops 1 and
2 do not show any structural variation when the substrate-
bound and -unbound crystal structures are compared (Figure 1a).


Figure 1. a) C� superposition of crystal structures of �4Gal-T1 crystallized
without (purple, unbound; 2.4 ä resolution) and with (cyan, bound; 2.0 ä
resolution) the substrate UDP-Gal. A significant structural change is seen in a
Long loop (Ile345 to His365) and in a short loop (Trp loop: Tyr311 to Gly316)
containing a tryptophan residue (Trp314). The Long loop's position moves as far
as 20 ä between the unbound and bound conformations. b) Residue-wise
backbone root-mean-squared deviations (RMSD) calculated from the five 10 ns
implicit-solvent molecular-dynamics simulations at 300 K. Apart from the N
terminus, a total of four loops show high fluctuations.
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In the substrate unbound crystal structure, Loop 1 is positioned
adjacent to the Trp loop and is involved in side chain ± side chain
as well as backbone ± side chain interactions with the Trp loop. In
particular, there is a hydrogen-bonding interaction between
Asn227 and Asn309. In the substrate-bound conformation,
Loop 1 also interacts with the Long loop and possibly plays a
role in stabilization. Loop 2 is placed adjacent to the Long loop,
and some of the Long-loop residues interact with Loop 2. In
particular, Asn353 is involved in side chain ± backbone hydrogen
bonding interaction with Gly281, and there is also a backbone ±
backbone hydrogen bonding interaction between Glu354 and
Lys279.


During the 10 ns implicit-solvent simulations, the Long loop
quickly (within 2 ns) moves to an intermediate position between
the unbound and bound conformations and remains stable at
this position for the remaining 8 ns of the simulation. The Trp
loop moves in the opposite direction, making several hydro-
phobic and hydrogen-bonding interactions with the Long-loop
residues. A set of 4 ns explicit-water simulations on �4Gal-T1
confirms these observations. As can be seen in Figure 2a, Loop 1


Figure 2. a) C� superposition of the starting structure (purple, unbound) and a
snapshot of �4Gal-T1 (cyan) observed during a 4 ns explicit-water simulation at
300 K. The identified flexible loops are shown in ribbon model. Loop 1 (green in
the starting structure) and Loop 2 (brown) show much less structural deviation
than the Trp and Long loops. The glycine positions in the loops are shown in blue
in the starting structure. b) Plot of RMSD versus time, calculated based on C�


positions between equilibrated crystal structure (unbound) and snapshots
observed in the simulations. The dotted line represents the entire structure, while
the solid line is without considering the N terminus (Thr132 ± Pro179) and the
Long loop (Ile345 ±His365). The RMSD value remains stable at around 1.8 ä after
2.0 ns simulations, this indicates sampling of stable conformations. It may be
noted here that in addition to the N terminus and the Long loop, there are also
other loops that undergo significant fluctuations as shown in Figure 1b.


and Loop 2 do not show large positional displacement as
compared to the Trp and Long loops. We further examined the
stability of the protein and convergence of our simulations
through analysis of RMSD versus duration of the simulations
(Figure 2b). Figures 1b and 2b show that, apart from the
identified loops and the N terminus, the core of the protein
remains stable. Further, Figure 2b shows that there is no
significant increase in the RMSD value after 2.0 ns; this indicates
that the simulation samples stable conformations.


In order to address the question of whether the spatial
displacements of the identified flexible loops are correlated
during the 4 ns explicit-water simulations, we carried out a
covariance analysis. The covariance of the spatial displacement
of the residues was calculated based on C� positions by using
X-PLOR (Figure 3). A covariance value of 1 would indicate that


Figure 3. The covariance matrix plot calculated from 4 ns explicit-water
simulations on �4Gal-T1 unbound conformation by using X-PLOR.[13] The
covariance (Si,j) of the spatial displacements of two C� atoms, i and j, was
calculated by using the formula shown in the figure, where x[i] and x[j] are the
coordinate displacements relative to the average positions of atom i and j. As can
be seen from the figure, the Long-loop movement is correlated with the Trp loop
and Loop 1, while it is uncorrelated with the Loop 2 (although, Loop 2 shows high
fluctuations during the implicit- and explicit-water simulations and is in contact
with the Long loop in the unbound crystal structure).


the motions are coupled while a value of 0 would indicate that
there is no correlation. High correlation is seen among the Trp
loop, Long loop, and Loop 1. Although the Long loop and Loop 1
are not in contact in the unbound crystal structure, the coupled
motions between the two may arise through the contacts of
Loop 1 with the Trp loop, which in turn makes contact with the
Long loop (Figure 4). Further, Loop 1 makes contact with the
Long loop in the substrate-bound conformation. Thus, Loop 1 is
likely to further drive and stabilize the Long loop in its substrate-
bound conformation. It is also possible that the Trp loop, which
triggers the movement of the Long loop in the substrate-
unbound conformation, may also play the same role in the
substrate-bound conformation. The Trp loop may trigger the
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Figure 4. �4Gal-T1 with all the identified flexible loops shown in ribbon model.
The Long loop is correlated with the Trp loop and Loop 1. Although the Long loop
and Loop 2 are neighbors, their movements are not correlated. Analysis of the
PFAM database shows that the interactions between the Loop 1, Trp, and the Long
loop involve highly conserved residues. The glycine positions in the loops are in
blue.


movement of the Long loop in the bound conformation through
its contact with Loop 1, which in turns makes contact with the
Long loop. Interestingly, although Loop 2 is involved in back-
bone ± backbone as well as sidechain ± sidechain interactions
with the Long loop, its movements are not coupled with those of
the Long loop.


We also searched the Protein families database of alignment
(PFAM) for highly conserved (�80%) positions in the identified
flexible loops.[9] The consistency between the conserved posi-
tions and the coupled loops is striking. Our earlier analysis
showed that residues involved in the interactions between the
Long loop and the Trp loop are highly conserved (Figure 5).[7] In
the present work, we note that this is also the case for the Trp
loop and Loop 1. The Phe226, Asn227, Arg228, and Ala229
positions in Loop 1 are highly conserved in the �4Gal-T1 family
(Figure 6). Similarly, residues in the Trp loop are also highly
conserved. Again, both loops are also coupled in their motions.
In the unbound crystal structure, Asn227 N�2 is hydrogen
bonded to the Asn309 backbone oxygen atom, and Ala229 C� is
in contact (distance �4.5 ä) with Pro308 C�, and, in the bound
conformation, Phe226 C� is in contact with Asn353 C�. In the
energy-minimized unbound structure, Arg228 is involved in the
side chain ± side chain hydrogen bonding interaction with
Glu317. Figure 7a shows that conserved positions in Loop 1 are
at the interface with the Trp loop. Of the five highly conserved
positions, four are at the interface with the Trp loop. This further
supports the proposition that the conserved residues promote
coupled motions.


Interestingly, in contrast to the Trp loop and the Loop 1 case,
no conserved position is involved in the interaction between the
Long loop and Loop 2. Leu284 and Tyr286 are the only two
positions that show conservation in Loop 2 (Figure 6). Remark-
ably, both positions point away from the Long loop and do not


Figure 5. Interactions between the Long and Trp loops during a 4 ns explicit-
water simulations on the unbound conformation of �4Gal-T1. The residues
involved in the interactions are highly conserved in the �4Gal-T1 family.[7]


a) Snapshot of the interactions observed at 1.2 ns; b) positions in the starting
conformation (t� 0), for comparison.


interact with it even during the molecular dynamics simulations
(Figure 7). We also examined the possibility that the interacting
residues in these two loops could undergo correlated mutations
(and thus a single position may not show conservation) ;[10]


however, we did not find any such examples. These observations
are consistent with the covariance analysis, in which we did not
see any coupling between the motions of the Long loop and
Loop 2. It is also interesting to note that the correlated
movement occurs in the direction of the Long loop movement
toward its substrate-bound conformation.


Conclusion


Understanding how protein motions control enzyme catalysis
has broad implications in the design of new substrates and
inhibitors.[4] Further, such an understanding could be useful in
the design of site-directed-mutagenesis experiments to inves-
tigate enzymatic reactions. The work presented here suggests
that modifying the interactions between the functional loop and
its neighbors, whose motions are coupled, could alter the
functional-loop movements. The study also suggests that only
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some loops play a role in modulating function by controlling the
movement of the functional loop. Since not all of the loops that
are neighbors of the functional loop show coupled motions,
molecular-dynamics simulations appear to be a useful technique
for identifying those loops involved in correlated movements.


Interestingly, in the example studied here (�4Gal-T1), loops
with correlated movements also show significant conservation
of amino acids involved in loop ± loop interactions. The consis-
tency between the correlated loops (as identified by explicit-
water simulations) and the conserved interactions (as identified
from the PFAM database) is striking. A comparison of the
substrate-unbound and -bound �4Gal-T1 crystal structures
reveals that the Long and the Trp loops show conformational
variations. However, during the simulation, two additional loops
(Loops 1 and 2) also exhibit flexibility. Examination of the
covariance of the spatial displacements of these four loops
reveals, that of the four loops that show high flexibility during
the simulations, only three display correlated movements.
Although in the substrate-unbound crystal structure Loop 2
and the Long loop are in contact, their movements are not
coupled. Consistently, residues involved in the interactions
between the Long loop and Loop 2 are not conserved either.
Loop 1 is located away from the Long loop in the substrate-
unbound conformation; however, they are coupled in their
motions. The coupled motions could occur through the
interactions of Loop 1 with the Trp loop. Consistently, residues
involved in the interactions between the Trp loop and Loop 1 are


also highly conserved. Both hydro-
gen-bonding and hydrophobic in-
teractions are observed to play a
role in the loop ± loop interactions.
This could suggest that evolution
preserved these residues in order to
modulate the movements of the
functional loop.


To conclude, the motions of
Loop 1 are coupled with those of
the Trp loop. The motions of the Trp
loop are in turn coupled with those
of the Long loop. The Trp loop
triggers the closure of the func-
tional Long loop from the unbound
to the bound state. It appears that
the movement of the Long loop
from the bound to the unbound
state is also triggered by the Trp
loop. However, it is triggered
through Loop 1. The correlated mo-
tions, conserved by evolution, illus-
trate an elegant mechanism. Earlier
we observed a similar closure
mechanism in three unrelated en-
zymes, �4Gal-T1, lipase, and eno-
lase. It is yet to be investigated if
the opening mechanism seen in
�4Gal-T1 is also observed in the
other two unrelated enzymes.


Computational Methods


We have considered the �4Gal-T1 segment comprised of residues
Thr132 to Ser402, for which coordinates are available in both
conformations (PDB code 1FGXA (apo), 1J8XB (holo)).[11] A set of five
MD simulations in implicit solvent was carried out to explore the
dynamic behavior of the �4Gal-T1. MD simulations in explicit water
were also carried out in order to analyze the covariance of the loops.
For the implicit-solvent simulations, we used the effective energy
function (EEF1) combined with the CHARMM19 polar hydrogen
potential energy function.[12] For the implicit-solvent simulation with
the EEF1 forcefield, the crystal structures were subjected to 300 steps
of minimization by using the adopted basis Newton ± Raphson
routine (ABNR) available in the CHARMM package (version c27b1). In
the initial phase of heating, the simulation temperature was slowly
raised in steps, with the system preserving the crystallographic
structure. At the final required temperature (300 K), the system was
equilibrated for 50 to 100 ps (10�12 s) with a time step of 2 fs (10�15 s).
The equilibration period was followed by a longer duration of
productive MD simulations with a time step of 2 fs. The SHAKE
constraint on bond lengths within CHARMM was turned on. The
conformers were saved at 2 ps intervals. In order to remove the
center-of-mass motions, the saved conformers were superimposed
on the minimized starting structure by using InsightII (Accelrys, Inc. ,
San Diego). The structures were superimposed by considering either
all backbone or all C� atoms as needed. For the explicit-water


Figure 6. Sequence alignment of 37 members of the �4Gal-T1 family (alignment taken from the PFAM database[9] ).
The alignment is shown for the segments corresponding to the four identified flexible loops (Figure 1b). Loop 2 has only
two conserved positions, both point away from the Long loop. On the other hand, many of the Loop 1 residues are
highly conserved and are involved in interactions with the Trp loop. The Trp loop sequence is also highly conserved in
the �4Gal-T1 family. The positions conserved in more than 80% of the sequences are shaded in gray.
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Figure 7. Conserved positions in Loop 1, Loop 2, and the Trp loop depicted on the
substrate-bound (a) and -unbound (b) crystal and simulated structures. The highly
conserved positions (�80%) are shown in ball-and-stick model with the
backbone ribbon representation in green. In (a), of the five conserved positions in
Loop 1, four are at the interface with the Trp loop. b) There are only two conserved
positions in Loop 2, both are far from the Trp loop and do not interact with the
Long loop even during the simulations. For reference, the Long loop is shown in
ribbon representation.


simulations on �4Gal-T1, in addition to the crystal structure, we
also considered the associated crystal water. A total of 81 crystal
water molecules were included for the unbound and 96 for the
bound conformer. The systems were then soaked in a cubic
water box with an edge length of 65 ä. Care was taken to ensure
that the effective water density remained close to 1.0 gcm�3 (a
total of 7608 water molecules were included). The systems were
then subjected to minimization, followed by slow heating and
equilibration before the productive runs. The periodic boundary
condition was imposed so that a constant number of water
molecules would be maintained during the simulations. The
nonbonded interactions were truncated at 12.0 ä. A time step of
1 fs was used for the simulations, and the conformers were
saved at an interval of 1 ps. When multiple simulations were
required, the random seed, and the heating and equilibration
periods were all manipulated in order to generate different
trajectories.
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Adaptation of Class-13 �-Amylases to Diverse
Living Conditions
Anni Linden and Matthias Wilmanns*[a]


There are currently 35 available nonredundant molecular struc-
tures of class-13 �-amylases (EC 3.2.1.1), mostly from microbial
organisms living under a wide range of environmental conditions.
One of the most recent additions has been the first �-amylase
structure of a hyperthermophilic archaeon [Linden et al. , J. Biol.
Chem. 2003, 278, 9875 ± 9884] . The structure has been used for
comparative analyses with a representative set of three �-amylases
from thermophilic, mesophilic and psychrophilic sources to identify
molecular parameters for environmental adaptation. Our analysis


supports generally observed trends such as an increase in structural
compactness as well as an increase in salt bridges in order to cope
with high-temperature conditions. The two representative thermo-
philic structures used in this comparative study have independently
evolved di-metal centres–not present in the mesophilic and
psychrophilic structures–in the vicinity of the active site. These
observations may provide impetus for the design of �-amylases
with improved molecular properties to enhance their utility in
biotechnological processes.


Introduction


The categorisation of archaea as the third domain of life, the first
two being bacteria and eukarya,[1, 2] has dramatically changed
the classification scheme of microorganisms. The extreme
environmental habitats of members of the archaea domain
and their apparent closer relation to eukaryotes than to bacteria
has sparked much interest in the isolation and study of these
organisms. These extreme conditions include high temperatures
and extremes of pH, redox potential and salinity. Several
hyperthermophilic archaea and bacteria that grow at temper-
atures above 80 �C have been isolated and characterised.[3] In
order to contend with, and possibly to take advantage of, such
extremely high growth temperatures, these organisms have
evolved mechanisms for increased intrinsic thermostability of
cellular components such as proteins and nucleic acids. Some of
the enzymes originating from organisms living under extreme
environmental conditions exhibit remarkable stability against
detergents and proteolytic digestion,[4, 5] making them potential
targets for industrial applications such as the polymerase chain
reaction (PCR) or in the food and textile industries.[6±10] As such,
there has ensued intense interest in the identification of factors
influencing the thermostability of proteins, with the potential to
enhance our understanding of the evolutionary adaptations to
specific environmental conditions.


One of the most important tools used to investigate the
molecular basis of protein thermostability is direct comparison
of the molecular structures of corresponding proteins from
different organisms, thereby allowing attributions of measured
differences to environment adaptations rather than to differ-
ences in function. The increasing availability of X-ray structures
of proteins from extremophilic organisms, ranging from psy-
chrophilic to hyperthermophilic living conditions, has allowed
several comparative studies to infer the contributions of differ-


ent factors to thermostability by computational, genetic engi-
neering and a variety of biophysical methods.[11, 12] Numerous
attempts to provide statistical models to uncover the signifi-
cance of observed property changes have been made.[13±16] With
the aid of these criteria, the search is underway to assess
molecular parameters–such as the frequency of salt bridges,
surface polarity and structural compactness–that generally
undergo significant alterations in response to specific environ-
mental conditions.[14] Other quantifiable molecular parameters
such as the presence of disulfide bridges, metal centres and
oligomeric assemblies may differ with respect to their presence
or absence in specific protein families.


Thanks to their widespread occurrence and potential applica-
tion in large-scale biotechnology processes, class-13 �-amylases
represent the most thoroughly studied family of proteins with
respect to their function and structure.[17, 18] In this contribution
we compare environmentally sensitive structural properties of a
limited set of four members of this family. We use the recently
determined crystal structure of the first archaeal �-amylase from
the hyperthermophile Pyrococcus woesei as reference,[19] to
extend previous comparative studies that focused on functional/
structural data of the �-amylases from the psychrophile Alter-
omonas haloplanctis[20] and the hyperthermophilic bacteria
Bacillus licheniformis and its mesophilic homologue Bacillus
amyloliquefaciens.[21±23] A specific aim of this contribution is to
identify �-amylase-specific adaptations to contend with hyper-
thermophilic conditions.


[a] Dr. A. Linden, Dr. M. Wilmanns
EMBL-Hamburg c/o DESY, Notkestrasse 85
22603 Hamburg (Germany)
Fax: (�49) 40-89902-149
E-mail : wilmanns@embl-hamburg.de
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Results and Discussion


Selection of �-amylase structures


According to a recent release of the Protein Data Bank (July 15,
2003; pdb.org) and the CAZY server (July 2003; afmb.cns-
mfrss.fr/CAZY), there are currently 35 available nonredundant
class-13 �-amylase structures, while there are 58 nonredundant
�-amylase structures, including those from other classes. Thus,
most of the known �-amylase structures belong to the class-13
family. These proteins share a common central catalytic (��)8-
barrel domain A, which is flanked by the two noncatalytic
domains B and C. Since a comprehensive comparative structural
analysis of all known �-amylase structures is beyond the scope of
this contribution, we chose to restrict our analysis to a limited,
yet representative set of four crystal structures that have been
determined at resolutions of at least 2.0 ä. These are the �-
amylase structures from the thermophile Bacillus stearothermo-
philus (BSTA, PDB: 1HVX), the mesophile Hordeum vulgare (HVA,
PDB: 1AVA), and the psychrophile Pseudoalteromonas haloplanc-
tis (PHA, PDB: 1G94). The recently solved structure of the �-
amylase from P. woesei (PWA, PDB code: 1MXG) has been used as
reference. These proteins are found in organisms that grow at
temperatures ranging from less than 20 �C to 100 �C (Table 1).
Their structures superimpose with a root mean square deviation
of less than 2.5 ä and Q-scores (a function of the structural
alignment that takes both the rms deviation and the alignment
length into account) above 0.3 (Table 2). The corresponding
structure-based alignment is shown in Figure 1. The structure of
the hyperthermostable �-amylase from B. licheniformis (BLA,
PDB: 1BLI), which is closely related to the BSTA structure,
superimposes with a comparable Q-score. Therefore, most of the
conclusions drawn from BSTA are also applicable to BLA. The
following comparison focuses on surface/volume, salt bridges,
disulfide bridges and metal centres found in these four
structures.


Protein volume and surface


The amino acid sequences that form the visible portion of these
four �-amylase structures range from 400 to 480 residues in
length (Table 1). The overall volumes of their molecular struc-
tures are within the 35000 ±44000 ä3 range and generally
correlate with the sequence lengths (Table 3). However, the


calculated surface/volume ratios of these structures reveal that
the representative thermophilic structures (PWA, BSTA) are
considerably more compact, by approximately 10%, than their
mesophilic counterpart (HVA). Changes in the packing densities
of these structures are amplified by the number of cavities within
each structure (Table 4). For example, the mesophilic HVA
structure contains almost twice as many cavities (52) as the
hyperthermophilic PWA (28 cavities) one, accounting for about
twice the fraction of the relative structural volume (HVA: 6.61%;
PWA: 3.34%). In contrast with these results, the cold-adapted
amylase (PHA) has fewer cavities than the thermophilic one
(BSTA). Furthermore, comparison between PHA and its most
structurally similar mesophilic counterparts does not show any
significant differences in cavity volume,[16] indicating that there is
no apparent correlation between the number and volume of
cavities and thermostability throughout the family-13 glycoside
hydrolases. In terms of surface distribution of polar and apolar
atoms, the representative psychrophilic structure (PHA) appears
to be an outlier, with 50% of surface atoms being polar,
compared with 45 ±46% for those of the other three �-amylases.
Support for these trends from similar results from other protein


Table 1. Properties of �-amylases used for comparison.


Enzyme acronym PWA BSTA HVA PHA
Source P. woesei B. stearothermophilus H. vulgare P. haloplanctis


Thermostability
optimum growth of source [�C]: 97 ± 100 55 24 20 ±25
enzyme stability Stable at 98 �C[34] T1/2 (90 �C): 50 min[37] T1/2 (60 �C): 26 min[48] Tm� 44 �C[49]


classification hyperthermophile thermophile mesophile psychrophile


Structural parameters
PDB code 1MXG 1HVX 1AVA 1G94
no. residues 435 483 403 448
resolution [ä] 1.60 2.00 1.90 1.74


Table 2. Structural similarities.


Nalgn [%seq] PWA BSTA HVA PHA
Q-score rmsd [ä]


PWA ± 376 336 324
± 32 31 20


BSTA 0.46 ± 347 337
2.04 ± 27 20


HVA 0.52 0.40 ± 291
1.43 2.11 ± 20


PHA 0.33 0.32 0.31 ±
2.43 2.38 2.13 ±


Table 3. Accessible surface areas (ASAs) and volumes.


Enzyme Total ASA Polar ASA Total volume Surface/volume
[ä2] [ä2, %] [ä3] [ä�1]


PWA 15947 7331(46) 39941 0.40
BSTA 17519 8050(46) 43615 0.40
HVA 15002 6692(45) 35601 0.45
PHA 16475 8245(50) 38686 0.43
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Figure 1. Structure-based sequence alignment of �-amylase sequences, from the coordinates of the PWA, BSTA, HVA and PHA structures (see Methods). The secondary
structure assignments are taken from the PWA structure.[19] The colouring scheme for domains A, B and C is cyan, magenta and orange, respectively. Helices are shown as
cylinders, and �-strands are displayed as arrows. Residues involved in ion pairs are highlighted in blue, and those that are structurally conserved in at least three
structures are shown in red. Cysteines are highlighted in yellow.
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families gives credence to the notion that they represent general
features of �-amylase structures.[16, 24] These observations are
further validated by a recent engineering experiment in which
the thermostability of BLA was increased considerably by
converting a number of polar surface residues into apolar
ones.[23] The crystal structure of the BLA mutant protein (PDB
code: 1OB0) revealed that changes leading to an increase in the
surface hydrophobicity of the protein might be complemented
by improvements in the hydrophobic packing microenviron-
ments near or at the protein surface. This may explain, in part,
the apparent discrepancy between these data and those from
previous engineering experiments.[25]


Salt bridges and salt bridge clusters


Comparative analysis of the four �-amylase structures reveals
that, in general, an increase in the number of salt bridges is
associated with an increase in the thermostability of the protein.
Use of a subset of salt bridges believed to have a high impact on
thermal stability (maximum distance, 3.5 ä; surface exposed salt
bridges only)[13] indicates that the normalised ratio of salt bridges
is over twice as high in BSTA as in PHA (5.0 and 2.2, respectively;
see Table 5). These differences were most pronounced in the
thermophilic BSTA and the psychrophilic PHA structures (Fig-
ure 2, Table 5), less dramatic differences being noted between
the PWA and HVA structures. Overall, the data support a
statistically significant positive correlation between an increase
in the number of salt bridges and protein thermostability.[13, 14, 16]


However, recent experimental and statistical data have provided
support for the premise that the contributions of salt bridges to
thermostability are critically dependent on their local environ-
ment and may, in fact, be enhanced by the formation of salt
bridge networks.[13, 26] Further examination of certain salt bridges
found in the �-amylases currently under investigation was
undertaken in an effort to substantiate these findings.


The first example consists of the four-membered salt bridge
cluster located in domain A of PWA. This domain is formed by a
(��)8-barrel made up of an inner parallel �-barrel and an outer
parallel �-helical wheel. While the inner barrel is connected by a


continuous parallel �-sheet hydrogen network, the helices of the
outer �-helical ring are not connected by any systematic
interaction pattern. The helix ± helix interfaces originate from
helices that are topologically adjacent and equally separated by
25 ±40 residues in sequence, except for the interface formed by
the N-terminal helix �1 and the C-terminal helix pair �8a and
�8b, separated by about 300 residues. In a related (��)8-barrel
fold from phosphoribosyl anthranilate isomerase, a stabilising
salt bridge connecting helices �1 and �8 has been found in the
protein structure of a hyperthermophilic representative (T. mar-
itima), while being absent in the structure from the mesophile
E. coli.[27, 28] Indeed, the same interface of the (��)8-barrel
domain B of the PWA structure contains a four-membered salt
bridge cluster (Figure 3) involving two residues from �-helix 1
(K33, E36) and two residues from the �-helix 8a/�-helix 8b
segment (E318, K323). These four residues form a ring-like ion
pair network in PWA, and according to the criteria of Xiao and
Honig (1999),[13] this cluster should have a strong stabilising
potential. Our comparison reveals that the complete cluster is
not found in any of the other �-amylase structures. While in the
mesophilic HVA structure there is still one salt bridge connecting
helices �1 and �8b, matching the PWA-pattern (D28, K331), only
one unrelated salt bridge cluster (E19, R338; E19, H337) is found
in the same interface of the psychrophilic PHA structure. In this
latter structure, however, the �-helix 8a/�-helix 8b segment is
preceded by a 30-residue hydrophilic loop (Figure 1), which may
confer a different function on this salt bridge. In the thermophilic
BSTA structure, the �1 ±�8 interface is devoid of any salt bridges.
However, the overall high number of salt bridges found in BSTA
may indicate in general that it may have acquired its observed
thermostability independently (Table 5). Although the precise
molecular basis for the involvement of the PWA salt bridge
cluster in PWA hyperthermostability so far remains elusive, there
is speculation with respect to its role in PWA folding. If this ion
pair cluster is formed in the early stages of the folding process,
leading to a ring-like precursor fold, the entropic cost of
associating structural elements at remote locations in the amino
acid sequence would be reduced, leading to temperature-
dependent relative energetic stabilisation of the folded state


Table 4. Number and volumes of cavities in �-amylases.


Enzyme Total no. cavities Total volume of cavities Total area of cavities Total protein volume Total volume cavities/protein
[ä3] [ä2] [ä3] [%]


PWA 28 936.57 1541.27 46200 3.34
BSTA 44 1466.32 2395.25 50730 4.72
HVA 52 1698.69 2750.44 41550 6.61
PHA 38 1181.87 1902.74 44800 4.25


Table 5. Salt bridges �4.0 (�3.5 ä).


Name Total number
of salt bridges


Salt bridges
per residue [%]


Number of surface
salt bridges


Surface salt bridges
per residue [%]


PWA 33 (26) 7.6 (6.0) 22 (16) 5.1 (3.7)
BSTA 40 (35) 8.3 (7.2) 25 (24) 5.2 (5.0)
HVA 28 (22) 6.9 (5.5) 21 (14) 5.2 (3.5)
PHA 24 (20) 5.3 (4.4) 13 (10) 2.9 (2.2)
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with regard to the suggested precursor state. In fact, a disulfide
bridge-containing analogue of phosphoribosyl anthranilate
isomerase (��)8-barrel from yeast, producing a ring-like structure
of the unfolded state, did lead to a stabilisation of the folded
state.[29]


The second example involves salt bridges found in the vicinity
of the conserved �-amylase calcium site.[30] In the structure of
PWA, helix �3 of the (��)8-barrel domain A is split into two parts
separated by a short loop. This loop is consistently found in the
sequences of the archaeal Thermococcales order, but is not
present in the sequences of the other three �-amylase structures
used for comparison. The first residue of this loop (K178) is
involved in a salt bridge with D210 from helix �4 (Figure 4). In
the thermophilic BSTA structure, there is a salt bridge in a similar
position (K216, D246). In contrast, in the HVA and PHA structures,
there is no salt bridge connecting these two helices. In addition,
in PWA, there is a salt bridge connecting the helix �3a and the
loop connecting domains A and B (E150, K169), while in BSTA a
similar salt bridge (E210, H160) connects helix �3 and the 310-
helix preceding the fourth �-strand of domain B. Again, no
comparable ion pair is present in the other two �-amylase
structures. It is notable that both salt bridges (K178 ±D210;


E150 ±K169) link sequence elements in proximity to the PWA-
specific (Ca, Zn) metal binding site, possibly contributing to its
structural integrity and stability, which appears to be a major
determinant of thermostability in �-amylases (see below).


The third example of a salt bridge involves a specific structure
in the N terminus of PWA, not found in the other three �-amylase
structures compared here (Figure 5). This region includes an ion
pair cluster formed by the N-terminal amino groups of A1, E5, E7
and K102. More specific interactions to other parts of PWA are
provided by K2 and E8. A similar salt bridge is found in
Thermotoga maritima indoleglycerol phosphate synthase
(tIGPS), fixing the N terminus to the protein core and thereby
stabilising the overall structure.[27]


Cysteines


The sequences of the four �-amylases compared in this
contribution contain one to eight cysteines, with no apparent
association between this number and their observed thermo-
stabilities (Table 6, Figure 6). In the PWA structure, four of the five
cysteine residues are involved in disulfide bridges.[19] The C153±
C154 bridge is located in domain B in the vicinity of the PWA-


Figure 2. Salt bridge distribution in the �-amylase structures PWA (A), BSTA (B), HVA (C) and PHA (D) (cf. Table 5). Those residues involved in salt bridges and conserved
in at least three structures are in red, others are in blue. The positions of the metal centres are depicted by green (Ca) and orange spheres (Zn). The domain structure of
PWA (A, B, C) is indicated and is similar to that of the other �-amylase structures used for comparison.
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specific (Ca, Zn) di-metal binding site. It crosslinks two
neighbouring residues, a rare feature in protein
structures. The second disulfide bridge is located in
domain C. The only cysteine (C166) not involved in
disulfide bridge formation serves as one of the
coordinating ligands of the PWA (Ca, Zn) metal binding
site. Primary sequence analysis revealed that, while the
two cysteines contributing to the disulfide bridge in
domain C are conserved among archaeal Thermococ-
cales sequences (but not in other �-amylase sequen-
ces), the disulfide bridge between C153 and C154 and
C166 is found only in some members of the order
Thermococcales (data not shown). In a previous site-
directed mutagenesis study, while the contribution of
the first four cysteines to thermostability was found to
be insignificant, replacement of C166 by serine none-
theless led to loss of thermostability,[31] indirectly
suggesting a role of the (Ca, Zn) di-metal site in
thermostability (see below). On the other hand, the
only cysteine found in the BSTA sequence would be
expected to be deprotonated, and as such appears to
be a major cause for thermal inactivation under high-
pH conditions,[32] While all eight cysteines in PHA are
involved in disulfide bridge formation, no disulfide
bridges are found in the HVA structure.


Overall, comparison of the four �-amylase structures
reported on in this contribution reveals no apparent
association between disulfide bridge formation and
protein thermostability. Although the presence of
disulfide bridges may provide an entropic advantage
in protein folding,[33] cysteine and/or cystine residues
are particularly prone to chemical degradation at high
temperatures.[33] In specific cases such as, for example,
the involvement of C166 in metal binding in PWA, the
presence of cysteines may contribute to thermal
stabilisation.


Specific two-metal centres as markers for
thermostability


The known class-13 �-amylase structures share a
common calcium binding site located in the interface
of domains A and B in close proximity to the active site
(Figures 4 and 7). This site appears to be essential for
structural integrity and catalytic activity of the pro-
tein.[18] The coordination geometry of this calcium site


Figure 3. Ion pairs between helix �1 and helix �8 of the (��)8-barrel domain A. A: PWA.
B: BSTA. C: HVA. D: PHA. In PWA, there is an ion pair cluster formed by two negatively charged
and two positively charged residues; the same residues are shown in the other three
structures. Their carbon backbone appears in yellow if engaged in equivalent salt bridges,
otherwise in grey. Structurally unrelated salt bridges are in green. Ion pairs with distances
�4 ä are shown by dashed lines.


Figure 4. Active site and metal binding site stabilisation by salt bridges in PWA (A), BSTA (B),
HVA (C) and PHA (D). Carbon atoms from side chain residues forming salt bridges are
coloured yellow. Those involved in active site substrate binding and metal coordination are in
orange and grey, respectively. For the sake of clarity, not all active site and metal binding site
residues are depicted. Bound ions are shown in green (calcium), dark grey (sodium) and
orange (zinc). The ribbon colours are as in Figure 1.


Table 6. Number of cysteines and disulfide bridges.


Name Total number
of cysteines


Number of
disulfide bridges


Specific functions


PWA 5 2 C166: binding
to (Ca, Zn) site


BSTA 1 0
HVA 3 0
PHA 8 4
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is highly conserved in �-amylases, irrespective of their origin.
However, while the calcium ion is pentacoordinated by protein
residues in the structures of PWA, BSTA and HVA, in the cold-
adapted PHA structure, only four protein ligands bind calcium.


In addition, representative thermophilic and mesophilic/
psychrophilic structures exhibit important differences with
respect to the presence of a second metal binding site close
to the conserved calcium binding site. In PWA, the second
site is occupied by zinc, as shown by X-ray crystallography
and PIXE analysis (Figure 7a).[19, 31] Replacement of one of its
ligands (C166) leads to loss of PWA hyperthermostability.[31]


Treatment with compounds such as DTT or EDTA at room
temperature does not lead to significant reductions in the
catalytic activity and hyperthermostability of PWA, indicat-
ing tight binding of the two metal ions.[19, 31] These data may
also provide an explanation as to why PWA, unlike many
other �-amylases, does not require the addition of exog-
enous calcium for full catalytic activity.[34, 35]


A different type of di-metal centre has been observed in
the structures of BLA and BSTA, in which second calcium
ions are found at distances of 8.5 and 8.7 ä, respectively,
from the conserved calcium binding site (Figure 7b). In
contrast to the di-metal (Ca, Zn) site in PWA, the (Ca, Ca) site
in BSTA and in BLA is bridged by a sodium ion.[36, 37] This site
was first postulated to play a role in the thermostability of
BLA, and this was later confirmed experimentally.[23, 36, 38]


Comparison of the di-metal
centres in PWA and BSTA (Fig-
ure 7e) reveals that they appear
to have evolved independently.
Both di-metal centres are highly
sequence-specific and are found
only in thermostable close homo-
logues, indicating late emer-
gence. The presence of the highly
conserved calcium binding site
supports the idea of a common
origin for all family-13 amylases.
The second metal binding site
present in some thermostable �-
amylases prompts the assump-
tion that an evolutionary process
for environmental adaptation has
evolved �-amylases containing a
structurally similar di-metal centre
with different metal specificities.
This argument is further support-
ed by the absence of this second
binding site in the mesophilic/
psychrophilic �-amylase struc-
tures used for comparison.


Conclusion


Thanks to the abundance of func-
tional and structural data, class-13
�-amylases serve as good targets


for analysis of both general and specific molecular parameters
that may promote protein thermostability. This comparison,
restricted to four representative structures, supports previously
identified general trends, such as an increase in salt bridges to


Figure 6. Cysteines and disulfide bridges in PWA (A), BSTA (B), HVA (C) and PHA (D) (cf. Table 6). The metal ions are
coloured as in Figure 4. Cysteines and disulfide bridges are in yellow.


Figure 5. Anchoring of the N terminus and stabilisation of the N-terminal region by
salt bridges in PWA. The extended N terminus of domain A residues is in yellow.
Otherwise, the colouring Scheme of Figure 1 has been applied.
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improve thermostability. Our study also shows, through direct
comparison of representative bacterial and archaeal structures
(PWA, BSTA), that molecular parameters possibly contributing to
thermostability are not conserved across proteins from different
organisms living in an elevated-temperature environment.
Therefore, we postulate that thermal adaptation–at least in
these examples–may have emerged during late stages of
evolution, in contrast to protein function. The observation is
particularly true for the di-metal centres in the thermophilic PWA
and BLA/BSTA structures. Although they seem to serve the same
purpose–thermostabilisation of the active site architecture–
they have evolved independently, emerging into distinct (Ca, Zn)
and (Ca, Na, Ca) binding sites.


Computational methods


The Secondary Structure Matching (SSM) server of the
Macromolecular Structure Database (EBI-MSD at http://
www.ebi.ac.uk/msd-srv/ssm) was used for selection of
family-13 �-amylase structures. Structures were superim-
posed on the basis of the rotation and translation matrices
obtained by the SSM server and visualised with the program
PyMOL Molecular Graphic System, version 0.86.[39] The
resulting structural alignment was used for direct sequence
comparisons. Primary sequence alignment was performed
with WU-BLAST[40] (http://www.ebi.ac.uk/blast2).


The total volumes of the enzymes were calculated with the
aid of VOIDOO.[41] Structural cavities were identified and the
volumes were calculated with a probe radius of 1.4 ä by
using the CASTp server[42] (http://cast.engr.uic.edu/cast).
The solvent-accessible surface area/volume ratios were
calculated with the program GRASP,[43] with use of a probe
radius of 1.4 ä. HETATOM records and hydrogen atoms,
when present, were not used in these calculations. The
program GETAREA 1.1 was used[44] (http://www.scsb.utm-
b.edu/cgi-bin/get a form.tcl) to define and calculate the
solvent accessibility per residue used in the assignment of
solvent exposure of salt bridges. The distribution of apolar
and polar accessible surface areas (ASA) was calculated with
aid of the program Sracer,[45] with use of a probe radius of
1.4 ä.


The overall number of salt bridges was calculated by using
the protein verification tools of the WHAT IF suite 5.0,
WHAT CHECK.[46] Salt bridges were categorised as solvent-
exposed through application of a previously published
scheme.[47] Each salt bridge formed by two side chain
residues with more than one charged atom involved was
counted only once.


Keywords: �-amylase ¥ glycoside hydrolase family-13 ¥
metal binding ¥ salt bridge ¥ thermostability
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Many in England are convinced that
strange things go on in Wales (the use
of a language different from English being
one of them). The theme of the latest
Gregynog research conference–the evo-
lution of catalysis–may seem strange,
too, in the eyes of the synthetic and
mechanistic chemists who normally flock
every spring to the idyllic conference
centre of Prifysgol Cymru, the University
of Wales, in the Montgomeryshire coun-
tryside. However, the theme of the con-
ference, Directed Evolution–that is, iter-
ative cycles of selection from (or screen-
ing of) libraries of diverse molecules–has
come of age, and its potential is recog-
nised beyond the circle of pioneers of the
area. Two such pioneers, Andreas Pl¸ck-
thun (Z¸rich University) and Don Hilvert
(ETH Z¸rich), masterminded the confer-
ence and set out the challenge of research
in directed evolution at the beginning of
the meeting–to ultimately emulate en-
zyme function.


The first session defined why this is
difficult : Richard Wolfenden (North Caro-
lina) in collaboration with Nick Williams
(Sheffield) has measured the exceedingly
slow intrinsic rates of key biological
reactions.[1] The half lives involved are in
the order of 1012 years at 25 �C for
phosphate monoester transfer. Too long
to wait! So these exceedingly slow proc-
esses were studied at elevated temper-
atures, to allow extrapolation back to
room temperature. The comparison with
enzymes shows awe-inspiring rate accel-
erations of over 1020. Next to efficiency,
precision of biological machines is a
fundamental challenge. Bob Stroud (UC
San Francisco) described how, in a combi-
nation of site-directed mutagenesis, ki-
netics and crystallography, not only static
active site interactions can be mapped
out, but complex conformational changes
can be tracked down for thymidylate
synthase, a methyl transfer catalyst.[2, 3]


Nenad Ban (ETH Z¸rich) described the
ribosome structure:[4±7] a protein of this


complexity is definitely no realistic target
for directed evolution. Nonetheless we
had a taste of a successful designed
alteration of protein structure. Kevan
Shokat (UC San Francisco) has demon-
strated how tyrosine kinases with an
engineered binding pocket in a conserved
region of the ATP-binding site can be
specifically inhibited in vivo, with synthet-
ically prepared inhibitors found by screen-
ing. It greatly facilitated the study of the
cell biology of these enzymes, which play
a vital role in signal transduction and is
being applied to to a growing list of key
signal transduction kinases (e.g. , src kin-
ases).[8±12]


But what is realistic? It is definitely
impossible to scan the entirety of se-
quence space–even a fairly small enzyme
with about 50 amino acids would, if
completely randomised, create a library
of more molecules that there are in the
whole universe. A good rationale could
enable more targeted sampling of se-
quence space. Dagmar Ringe (Brandeis)
introduced enzyme superfamilies based
on active site chemistry as evolutionary
neighbours–possible shortcuts for di-
rected evolution.[13] For example, eukary-
otic muconate lactonising enzyme has the
same signature motif and chemical func-
tionality as its bacterial analogue (and
superfamily member), but a very different
fold (� propeller instead of TIM barrel).
Thus chemistry rather than structure
becomes the guide for exploring new
activities and understanding an enzyme's
™catalytic phylogeny∫, an idea that differs
from previous concepts of evolution by
maintaining and re-evolving a given fold
such as the TIM barrel.


Ultimately it is crucial that the desired
solution sequence actually is in one's
library, but often good library members
are diluted by sequences that do not even
give rise to a folded protein. Frances
Arnold (Caltech) has developed an ap-
proach that would generate libraries that
are relatively small, yet high in quality,


thus increasing the chance of a hit. By
using synthetic shuffling, fragments are
chosen for being quasiautonomous, that
is, amino acid stretches that share max-
imal contact, though do not (optimally)
contact any other residue. These frag-
ments are calculated from available struc-
tural data by the SCHEMA shareware.[14]


Occasionally it might even be possible
to get by without experiment. Steve
Benner (University of Florida) introduced
the Master Catalog,[29] a genetic sequence
database organized by evolutionary fam-
ilies. Every documented protein was
grouped into a family of related sequen-
ces, postulating in essence their evolu-
tionary history and reconstructing their
ancestral common sequence.[30] In addi-
tion, this strategy can be useful for tracing
the origins and function of new sequen-
ces with great speed, for example, of the
SARS virus, thus identifying its primary
source and suggest possible therapeutic
strategies.


But the field is still driven by technol-
ogies that are in themselves an area of
active research. The crucial technological
requirement in all library approaches is
how one's selected molecule can be
decoded: selection screens for pheno-
type, but the genotype holds the key, and
has to be linked phenotype. This is more
straightforward in selections for nucleic
acids as genotype and phenotype are
identical. Ron Breaker (Yale) showcased a
variety of allosteric ribozymes that were
evolved and used as molecular switches,
governed by light, by the presence of
metal ions or small organic molecules.
Strikingly, such ™riboswitches∫ (Figure 1)
were identified as part of natural mRNAs,
regulating their translation by recognising
their cognate metabolite. Rather than the
scientist mimicking nature, a novel dis-
covery by directed evolution has shed
light on a natural regulation mecha-
nism.[15±17]


But where selection of protein catalysts
is attempted, different genotype ±pheno-
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type unions are in use, as was exemplified
in several key presentations. Alan Berry
and Adam Nelson (Leeds) have solved a
real-world problem in synthetic chemistry.
From a library of randomly mutagenised
class II aldolases they selected (by colony


screening of cell lysates in 96-well format)
enzymes that catalyse C�C bond forma-
tion in an aldol reaction, a key step in
many natural-product syntheses. After
rounds of DNA shuffling, the resulting
enzyme reversed the stereochemistry of


tagatose 100-fold, now accepting the
unnatural substrate preferentially.[18] Pre-
senting another approach to the synthesis
and cleavage of C�C bonds, Veronique
Gouverneur (Oxford) has explored the
substrate versatility of catalytic aldolase
antibodies for a variety of substrates.[19]


Tuning the classic phage-display selec-
tion for binding into selection for catal-
ysis, Jacques Fastrez (UCL, Louvain-la-
Neuve) presented two strategies of en-
riching enzyme-displayed phages for cat-
alytic activity, either indirectly by panning
on suicide inhibitors, or directly by ™cata-
lytic elution∫, selecting for allosteric
sites.[20] Sandro Cesaro-Tadic (ETH Z¸rich)
elaborated on a turnover-based selection
of phage-displayed antibodies whose
strength was exemplified by the selection
of an efficient phosphatase antibody (kcat/
kuncat� 2�105) starting from a naive li-
brary and a tenfold further improvement
after randomisation.[21] Phage display was
also the tool used by Kai Johnsson (ETH
Lausanne), who reported how directed
evolution can provide reagents that can
perform tasks that open the door to


Figure 1. The consensus sequence and secondary structure of the aptamer domain from S-adenosylme-
thionine (SAM) riboswitches. The grey and black notations depict nucleotides that are conserved in at least
90% and 80%, respectively, of the SAM riboswitches known to date.


Figure 2. A new on-bead display system that allows selection of a diffusion-controlled phosphotriesterase in water-in-oil microcompartments.[27]
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solving a biological problem, namely
specific protein labelling to trace the
cellular fate of individual proteins.[22]


Johnsson evolved the methyl transferase
hAGT that normally repairs alkylated gua-
nine in DNA to react with the cell-
permeable nucleobase O6-benzylguanine
(substituted at the 4-position with fluo-
rescein).[23] This leaves hAGT covalently
labelled with a fluorescent marker. In-
deed, N or C terminus protein fusions of
the evolved hAGT were shown to be
specifically labelled in vivo; this enables
the localisation of specific proteins to be
studied.[24]


Andrew Griffiths (MRC, Cambridge, UK)
presented cutting-edge technology of in
vitro selection by compartmentalisation,
using �1 �m droplets of water-in-oil
emulsions. This universal in vitro system,
developed jointly with Dan Tawfik (Weiz-
mann Institute, Rehovot),[25, 26] may now
be practically applied to a wide range of
reactions under various conditions (e.g. at
95 �C). It is based on decoupling the
transcription/translation step within the
emulsion (by using gene-coupled beads
(Figure 2), from the enzymatic reaction (in
a second emulsion), followed by FACS
selection of positive beads that carry the
reaction product. As proof of principle, a
phosphotriesterase with a very fast kcat of
�105 s�1 (60 times higher than the wild-
type enzyme) was selected.[27] Pim
Stemmer of MAXYGEN has written about
this technology: ™This is how enzymes will
be made a decade from now∫.[28]


Whatever technique will be used in the
future, this meeting poignantly made the


point that directed evolution is here to
stay and becoming more and more im-
portant as well as more and more popular.
The conference ended with the angelic
tones of Welsh folk tunes, accompanied
by harp music. At last something familiar !
The same singer appears every year with
much success, albeit no less exciting than
the novel insights into one aspect of the
future of chemistry and biology.
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